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Abstract 

The contribution of the gut microbiome to human health has long been established, with 

normal gut microbiota conferring protection against invasive pathogens. Antibiotics can 

disrupt the microbial balance of the gut, resulting in disease and the development of 

antimicrobial resistance. The effect of antibiotic administration route on gut dysbiosis 

remains under-studied to date, with conflicting evidence on the differential effects of oral 

and parenteral delivery. We have profiled the rat gut microbiome following treatment with 

commonly-prescribed antibiotics (amoxicillin and levofloxacin), via either oral or intravenous 

administration. Fecal pellets were collected over a 13-day period and bacterial populations 

analysed by 16S rRNA gene sequencing. Significant dysbiosis was observed in all treatment 

groups, regardless of administration route. More profound dysbiotic effects were observed 

following amoxicillin treatment than with levofloxacin, with population richness and 



diversity significantly reduced, regardless of delivery route. The effect on specific taxonomic 

groups was assessed, revealing significant disruption following treatment with both 

antibiotics. Enrichment of a number of groups containing known gut pathogens was 

observed, in particular with amoxicillin, such as the family Enterobacteriaceae. Depletion of 

other commensal groups was also observed. The degree of dysbiosis was significantly 

reduced towards the end of the sampling period, as bacterial populations began to return to 

pre-treatment composition. Richness and diversity levels appeared to return to pre-

treatment levels more quickly in intravenous groups, suggesting convenient parenteral 

delivery systems may have a role to play in reducing longer term gut dysbiosis in the 

treatment of infection. 
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The importance of the gut microbiome in contributing to human health has long been 

established, with perturbations linked to a number of disease states, including 

cardiovascular disease1,2, liver disease3,4, obesity and diabetes5–7, as well as altered brain 

function8,9 and mental illness10,11. The normal gut microbiota confers protection to the host 

against invasive pathogenic species, in a phenomenon referred to as ‘colonization 

resistance’12. This occurs through a number of mechanisms, including direct killing, 

competition for limited nutrients, and enhancement of immune responses13. 

A healthy gut microbiome represents a highly diverse community, estimated to 

exceed 1014 microorganisms, with functions ranging from carbohydrate fermentation and 

vitamin synthesis, to immune system development and perhaps even nervous system 

functionality14–16. It is largely accepted that a healthy gut microbiome is both balanced and 

diverse, with major constituents including species from the phyla Firmicutes (such as 

Lactobacillus spp.) and Bacteroidetes (such as Bacteroides spp.), as well as Actinobacteria 

(e.g. Bifidobacterium bifidum) and representatives of the phyla Proteobacteria, 

Fusobacteria, and Verrucomicrobia15,17,18. The resilience of a microbiota, that is, its capacity 

to return to equilibrium following perturbations, also appears to be associated with higher 

diversity16. 

Changes to the gut microbiota may result in both harmful and beneficial effects, and 

what constitutes a healthy gut microbiome is still under investigation. The effect of 

antibiotic therapy on the gut microbiome is a well studied phenomenon19. The gut has been 

identified as a major reservoir for antimicrobial resistance genes, which can subsequently be 

passed on in the feces20. A number of studies have highlighted the rapid enrichment of 

antibiotic resistance genes (ARGs) as a direct result of antibiotic use, contributing to the 

increasingly serious global health crisis of antimicrobial resistance (AMR) development21–23. 

In addition to AMR development, antibiotic administration can alter the microbial 

composition of the gut, resulting in the loss of colonization resistance and rendering the host 

susceptible to colonization by opportunistic pathogens24. 

This can have specific deleterious effects on commensal microbes, as well as leading 

to significant proliferation of disease-causing bacteria and fungi. A longitudinal study 

involving human participants showed treatment with ciprofloxacin resulted in significant 

reductions in taxonomic richness and diversity within days of antibiotic administration25. 

Treatment with fluoroquinolones and β-lactams has also been shown to reduce microbial 

diversity by 25%, as well as significantly altering the Bacteroidetes:Firmicutes ratio26. The 

overall microbial load was in fact increased with antibiotic therapy, doubling in the case of β-



lactam treatment, removing sensitive microorganisms and creating conditions in which 

resistant microbes proliferate and dominate26. 

 Similar depletion of protective commensals was observed by Palleja and co-workers, 

who observed that antibiotic therapy resulted in reductions of Bifidobacterium species and 

blooms of enterobacteria and other pathobionts, such as Enterococcus faecalis and 

Fusobacterium species27. This study once again highlighted the importance of a healthy gut 

microbiome, with the gut microbiota of healthy young adults showing greater resilience to 

short-term antibiotic intervention27. Similar pathogenic blooms were observed with 

vancomycin exposure in a simulated human intestinal microbial ecosystem, resulting in 

proliferation of opportunistic pathogens such as Achromobacter, Klebsiella and 

Pseudomonas species28. 

 Prior antibiotic therapy is one of the most important risk factors for colonization 

with Clostridium difficile, a spore-forming bacterium that colonizes the large intestine, 

causing colitis29,30. Clindamycin therapy has been shown to have a considerable negative 

impact on the intestinal microbiota, reducing resistance to colonization by pathogens and 

resulting in C. difficile-induce colitis31,32. 

The administration route of antibiotics may also have an effect on the extent of 

microbial imbalance and impaired microbiota in the gut, known as dysbiosis. Work by Zhang 

and co-workers showed IV delivery of antibiotic significantly reduced or delayed the 

development of AMR, in the feces of mice inoculated with microorganisms harboring known 

ARGs, compared to oral therapy33. The differential effects of antibiotic delivery route on the 

gut microbiome has been similarly highlighted in other studies, with significantly different 

bacterial colonization and AMR profiles in orally treated animals compared with parenteral 

delivery34–36. 

Whilst there are relatively few studies examining the effect of antibiotic 

administration route on gut dysbiosis to date, there is conflicting evidence within this limited 

literature20. A number of recent studies have shown the dysbiotic effects of parenteral 

antibiotic delivery on the gut microbiota37,38. These findings do however challenge the 

theory that parenterally-delivered antibiotic does not reach the gut, thereby sparing the gut 

microbiome, with one study in particular finding no significant differences in gastrointestinal 

(GI) concentration of florfenicol following either oral or intramuscular delivery39. 

In this study, we examined the dysbiotic effect of a single dose of antibiotic on the 

overall gut microbiome of Sprague-Dawley rats. Commonly-prescribed antibiotics from two 

different classes were chosen as examples, one β-lactam (amoxicillin) and one 



fluoroquinolone (levofloxacin), to investigate the effect of delivery route on the gut 

microbiome. Each antibiotic was delivered orally and by intravenous (IV) injection, to 

directly compare the effect of delivery route on gut microbial populations. As well as 

considering the effect of antibiotic administration on gut microbial community structures 

and diversity, statistical analysis is used to assess the effects of antibiotic on specific 

taxonomic groups, including those with high numbers of gut pathogens. These changes are 

explored to compare the effects of enteral and parenteral antibiotic therapy, and determine 

the importance of delivery route in avoiding dysbiosis in the gut microbiome.  



Results and Discussion 

 

Sampling and sequencing summary 

Individually caged Sprague-Dawley rats were either treated with a single dose of amoxicillin 

sodium (orally or IV), levofloxacin hydrochloride (orally or IV), or left untreated. Fecal pellets 

were collected at various timepoints over a 13-day period, including several days before 

treatment and for eight days post-treatment. Samples were collected on Days 1 and 2, 

before treatment on Day 5 (5a), 8 h post-treatment on Day 5 (5b), as well as on Days 6, 7, 8, 

9, 12 and 13. Each of the six treatment group consisted of six rats, resulting in the collection 

of 360 individual samples in total. DNA was extracted and prepared from each sample as 

described, and amplicons of the V4 region of the 16S rRNA gene was sequenced to allow for 

downstream taxonomic analysis. DNA was extracted from all 360 collected samples, with 

356 resulting in successful sequencing, (n=6 for all groups except Oral treatment on Day 7 

and IV treatment on Day 9 for both antibiotics, where n=5). The sequencing was done in two 

batches, the amoxicillin and the levofloxacin groups. Samples were pooled per group to 

allow multiplexing in a single sequencing run. Total reads prior to quality checking were 

9,616, 786 in the amoxicillin group, and 9, 672, 861 in levofloxacin. These were reduced to 3, 

281, 118, and 2, 841,709 high quality sequences, respectively; made up of 200, 721 and 202, 

947 unique sequences, respectively. The sequences were subsequently binned into OTUs at 

> 97% identity level. 

 

Gut microbiome in untreated samples 

Prior to antibiotic treatment, similar taxonomic profiles were observed for the gut 

microbiomes of all animals at the phylum level. As expected, members of the phylum 

Firmicutes predominated, constituting mean proportions of 77.7 to 82.3% for each group. 

This was followed by Bacteroidetes (12.0 to 15.3%), Actinobacteria (1.5 to 2.0%) and 

Proteobacteria (1.1 to 1.9%), with the remainder made up of Cyanobacteria, 

Verrucomicrobia, and Deferribacterota. Unclassified sequences constituted a low proportion 

of overall reads at this taxonomic level, ranging from 0.3 to 3.6% across all groups. This 

proportion increased following antibiotic therapy in some samples, increasing to a maximum 

of 4.6% in levofloxacin samples, and 14.6% with amoxicillin, where greater dysbiosis was 

observed. The observed dominance of the Firmicutes and Bacteroidetes phyla in untreated 

samples, is in keeping with previous studies which have reported approximately 90% relative 

abundance of both phyla in the gut microbiota of the wild-type murine gut40,41. 



 

Overall population shifts - Phylum level analysis 

As can be seen from Figure 1, shifts in bacterial population were observed following 

antibiotic administration in all treatment groups, regardless of antibiotic or administration 

route. Initial dysbiosis is observed 24 hours post treatment in all treatment groups, with 

populations remaining relatively consistent throughout in untreated samples. Population 

shifts observed following IV administration of both antibiotics suggests antibiotic reaches 

the gut, even following parenteral delivery, and does so in sufficient quantities to bring 

about substantial dysbiosis in this niche. 

Maximal dysbiosis is observed at around 48-72 h post treatment. As such, statistical 

differences before and after treatment were determined using groups from Day 5a and Day 

7. Following treatment with amoxicillin, reductions were observed in the most dominant 

Phylum, Firmicutes, following both oral and IV administration (Figure 1A). Interestingly, in 

the second most dominant Phylum, Bacteroidetes, changes were quite different between 

the oral and IV groups. Following oral treatment, there was no significant difference 

between Day 5a and Day 7, whereas the proportion of Bacteroidetes was significantly 

increased following IV administration (p < 0.0001), increasing from 15.7 to 29.8%. All other 

population shifts following treatment with amoxicillin were consistent between oral and IV 

administration groups, with increases in Actinobacteria and Proteobacteria, and decreases in 

Cyanobacteria and Verrucomicrobia. The proportion of Proteobacteria increased markedly 

following amoxicillin administration, experiencing almost a 6-fold increase following oral 

administration (1.6 to 9.0%), and a 7.5-fold increase after IV antibiotic (1.6 to 12.0%). This 

may be of particular relevance to bacterial infections of the gut, with members of this 

phylum in particular known to be causative organisms in a number of gastrointestinal 

infections, however this is difficult to confirm, and more robust classification at lower 

taxonomic levels would be required. Proteobacteria are known to increase in abundance 

after antibiotic treatment as they often exhibit more antimicrobial resistance than other 

groups, possibly explaining the increased abundance observed following amoxicillin 

administration. 

Bacterial shifts are also observed following treatment with levofloxacin, albeit to a 

lesser degree (Figure 1B). It is worth noting that the profile of population shift, as well as 

being lower in severity, is also quite different at phylum level in comparison to amoxicillin. 

Unlike with amoxicillin, the proportion of Firmicutes increased following levofloxacin 

therapy.  



 
 

 
 
Figure 1. Taxonomic analysis showing population shifts in bacterial phyla over a 13-
day time period before and after A. Amoxicillin, and B. Levofloxacin administration. 
Treatment times (Day 5), are denoted by an arrow for each treated group. 
 
  

A 

B 



While members of Phylum Firmicutes increasingly dominated the gut microbiome, 

accounting for around 90% of all bacteria present, members of Bacteroidetes, 

Proteobacteria, Cyanobacteria, and Deferribacterota all decreased following levofloxacin 

treatment. These data correlate closely with a recent study which compared the differential 

effects of levofloxacin and a number of β-lactam antibiotics (meropenem, 

cefoperazone/sulbactam, and aztreonam) on the gut microbiota42, which found an increase 

in Firmicutes and a decrease in Bacteroidetes following levofloxacin treatment. Similarly, 

work by Ziegler and co-workers43 investigated the impact of levofloxacin on the gut 

microbiome in comparison to the β-lactams cefepime, piperacillin-tazobactam, and 

meropenem. In both studies, despite the antibiotics chosen being different, disruptive 

effects of β-lactams were much greater than levofloxacin, a finding shared by this study.  

 

Effect of antibiotic on OTU richness and diversity 

Population richness and diversity was investigated for all treatment groups at Day 5a and 

following treatment at Day 7, with untreated samples at the same timepoints included as 

additional controls. Alpha diversity measurements included good coverage scores, the 

observed species richness (SOBS) and the Shannon Index for diversity, as well as rarefaction 

analysis as a further measure of population richness. 

 Good coverage score was ≥92.00%. Richness, the number of species in a community, 

was significantly decreased following both oral and IV amoxicillin (p<0.0001), with SOBS 

values decreasing from 361.46 ± 43.96 (Day 5a) to 78.44 ± 27.24 (Day 7) for oral dosing, and 

from 351.10 ± 42.02 to 73.41 ± 18.26 at the same timepoints for IV. There was no significant 

difference between untreated groups at these timepoints (Figure 2A). Rarefaction analysis, 

another measure of population richness, revealed similar trends (Figure 3A). Following the 

sequencing of 2500 reads, the mean number of unique Operational Taxonomic Units (OTUs) 

for untreated and pre-treatment samples ranged from 257.05 to 356.64. However, in oral 

and IV treatment groups at Day 7, the mean number of unique OTUs at 2500 sequences was 

just 77.04 and 72.40 respectively. In other words, as sequencing progressed, the rate of 

unique OTUs uncovered was significantly reduced following treatment with amoxicillin 

compared to untreated samples, indicating significantly lower population richness. 

 Shannon diversity, which also takes into account abundance and community 

distribution, was also significantly reduced following amoxicillin administration (p<0.0001) 

(Figure 2C). Shannon Index values decreased from 4.47 ± 0.49 on Day 5a to 1.80 ± 0.72 on 

Day 7 for oral administration (a decrease in the mean value of 2.67), and from 4.53 ± 0.57 to 



1.66 ± 0.43 at the same timepoints for IV, (a decrease in the mean of 2.87). As with SOBS 

analysis for richness, an identical level of significance was observed in the reduction of 

diversity between oral and IV treatment groups, with no significant differences between 

untreated samples at Day 5a and Day 7. Differences in community composition between 

samples (Beta diversity) taken at Day 5a and Day 7 were evaluated using NMDS ordination 

of Bray-Curtis dissimilarity values (Figure 4). Untreated controls at Day 5a and Day 7 

clustered together on the NMDS plots and were not significantly different. Samples from the 

antibiotic treatment groups before (Day 5a) and after (Day 7) oral and IV administration of 

amoxicillin (Figure 4A) and levofloxacin (Figure 4B), clustered separately on the NMDS plots 

and were significantly different, indicating changes in the microbiome following antibiotic 

administration (Supplementary Tables 1 and 2).  

Two important conclusions can be drawn from these data. Firstly, antibiotic therapy, 

even after a single dose, significantly reduces the richness and diversity of the rat gut 

microbiota. Secondly, the degree of significance was the same following either oral or IV 

administration, suggesting that regardless of route of administration, amoxicillin has the 

potential to find its way into the gut, resulting in perturbations to the microbiome. 

 Whilst marked effects on population richness and diversity were observed following 

amoxicillin treatment, similar population disruption was not seen with levofloxacin. Within 

the levofloxacin treatment groups, similar profiles were again observed between oral and IV 

administration, with no significant differences in either richness or diversity as measured by 

SOBS and Shannon Index respectively for either group (Figure 2B and D). Rarefaction 

analysis also shows that richness is largely unaffected relative to amoxicillin, with all treated 

and untreated groups following similar trends (Figure 3B). 

 

Effect antibiotic treatment on specific bacterial families 

The effect individual bacterial families was also investigated, in order to determine which 

groups were significantly enriched or depleted by antibiotic therapy (Figure 5). As with 

previous measures of dysbiosis, much greater disruption was observed with amoxicillin 

compared to levofloxacin. Following both oral and IV administration, amoxicillin treatment 

resulted in significant decreases in the proportion of Lachnospiraceae, Ruminococcaceae 

and Oscillospiraceae from Phylum Firmicutes, as well as Muribaculaceae from Phylum 

Bacteroidetes (Figure 5A). The degree of significance was the same for all of these groups 

for both oral and IV delivery (p<0.0001), with the exception of Muribaculaceae, in which the  

  



 

 
 

 
 

 

 
 

 
 

 
 
 
 
 

 
 

 
 

 

 
 

 
 
 
 
Figure 2. Richness and diversity analysis before (Day 5a) and after (Day 7) antibiotic 
administration measured by SOBS and Shannon Index A. Amoxicillin SOBS. B. 
Levofloxacin SOBS. C. Amoxicillin Shannon Index. D. Levofloxacin Shannon Index. 
**** = p<0.0001, *** = p<0.0002, ** = p<0.0021, * = p<0.0332. Good coverage score 
was ≥92.00% at the rarefaction, average 93.77 ± 0.99%. Significant differences in 
diversity indices between samples were determined by ANOVA using GraphPad 
Prism 8. 
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Figure 3. Rarefaction analysis showing the cumulative number of unique OTUs 
uncovered as sequencing progressed before (Day 5a) and after (Day 7) A. 
Amoxicillin, and B. Levofloxacin administration. 
 
 
  

effect was more pronounced following oral therapy (p<0.0021 for oral versus no significant 

change for IV) (Table 1). Investigated dysbiotic changes down to family level allows us to 

predict the potential deleterious effects of antibiotic administration on the gut microbiome, 

even following a single dose. Members of the Lachnospiraceae family, such as 

Roseburia intestinalis, have been shown to engender protective effects via inhibition of 

entero-pathogens, as well as other beneficial effects in metabolic disease and inflammatory 

bowel disease (IBD)44. Other groups, depleted as a result of amoxicillin administration in this 

study, are known to provide protective commensal effects, guarding against the 

proliferation of opportunistic pathogens. Members of the Oscillospriraceae family may 

contribute to the formation of secondary bile acids, protecting the host against C. difficile 

infection45. Families of Phylum Firmicutes, whose proportion was significantly depleted by 

amoxicillin, have also been shown to garner beneficial effects on gut health. Members of 
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Family Ruminococcaceae carry out important gut functions, such as resistant starch 

degradation46, while members of Oscillospiraceae have also been found to be correlated 

with leanness and health in humans45. As shown in Table 1, a number of groups were 

significantly enriched as a result of a single dose of amoxicillin. Perhaps the most alarming 

microbial shift is the enrichment of Enterobacteriaceae. The detrimental effects of Phylum 

Proteobacteria in the gut, of which the Enterobacteriaceae are members, has been 

highlighted above.  A high number of Enterobacteriaceae are known gut pathogens, 

including E. coli47, Klebsiella pneumoniae48, Salmonella spp.49, and Shigella spp.50, resulting in 

considerable infection, morbidity, and indeed mortality, globally. Enterobacteriaceae are 

known to proliferate in the context of intestinal inflammation, overgrowing in celiac disease 

and colon cancer13. Enterobacteriaceae are enriched in IBD, such as Crohn’s Disease and 

Ulcerative Colitis, and may even contribute to the rise of colitis in the first instance51,52. 

  A number of groups whose proportions increased following amoxicillin 

administration are known to have beneficial effects. Lactobacillaceae, which was 

significantly enriched following treatment, improves intestinal inflammation by increasing 

gastrointestinal barrier, reducing the proliferation of gut pathogens in liver diseases and 

IBD53. Interestingly, this group was only enriched following oral delivery of amoxicillin, with 

the same effect not observed following IV administration. 

A number of differences were observed between amoxicillin and levofloxacin 

treatment groups. As highlighted, the degree of disruption was much lower following 

levofloxacin administration versus amoxicillin, with Lactobacillaceae, 

Clostridales_vadinBB60_group_fa, and Enterobacteriaceae exhibiting no significant changes, 

as had been the case with amoxicillin (Figure 5B and Table 1). A number of families within 

Phylum Firmicutes, namely Lachnospiraceae and Oscillospiraceae, were enriched following 

levofloxacin treatment, an opposite effect to that seen with amoxicillin. A number of recent 

studies have examined gut modulation following levofloxacin therapy, with differing 

correlations observed, with Lachnospiraceae found to be both enriched42,43 and depleted54, 

following levofloxacin administration. 

 

 

 

 

 

 



 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 4. NMDS ordination of Bray-Curtis dissimilarity values for samples before 
(Day 5a) and after (Day 7) amoxicillin (A) and levofloxacin (B) administration. 
Untreated samples are also included as controls. Sample s are grouped by treatment 
and colour coded as shown in the key: Untreated group Day 5a (Un_5a) and Day 7 
(Un_7); Oral administration group Day 5a (Or_5a) and Day 7 (Or_7); IV 
administration group Day 5a (IV_5a) and Day 7 (IV_7). Points represent individual 
samples and ellipses are standard deviations of point scores for each grouping. 
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Table 1. Changes in proportions of bacterial families following antibiotic administration, showing either increase or decrease, along with significance values, 
for each change. Each timepoint is shown in comparison to the corresponding samples before treatment (Day 5a). Statistical differences between groups 
were determined by using ANOVA tests to compare differences from a number of groups, followed by Tukey’s post tests to compare the mean of each 
group to all other groups for normally distributed data sets, and Kruskal-Wallis, followed by Dunn’s post tests (**** = p<0.0001, *** = p<0.0002, ** = 
p<0.0021, * = p<0.0332). 
 

 
 
Phylum 

 
 
Family 

Amoxicillin Levofloxacin 
Day 7 Day 13 Day 7 Day 13 

Oral IV Oral IV Oral IV Oral IV 
Firmicutes Lachnospiraceae **** **** **** - **** **** - - 
 Ruminococcaceae **** **** **** **** **** - - - 
 Oscillospiraceae **** **** - - ** - - - 
 Lactobacillaceae **** - - - - - - - 
 Clostridiales_vadinBB60_group_fa ‡- **** - - - - - - 

Bacteroidetes Muribaculaceae ‡** ‡- - - ‡- ** - - 

Proteobacteria Enterobacteriaceae **** **** - ‡- n.a. n.a. n.a. n.a. 

 Unclassified **** **** *** ** - - - - 
 

- = no significant difference, n.a. = taxon did not appear in sequencing results for this group, ‡ = data for this group were not normally distributed, therefore 
non-parametric tests were used. 



 

 
 
Figure 5. Taxonomic analysis showing initial population shifts at Family level before 
(Day 5a) and after (Day 7) A. Amoxicillin, and B. Levofloxacin administration.  

A 

B 



The increase in Lachnospiraceae abundance in this study is commensurate with 

findings at phylum level, in which an overall increase in the proportion of Phylum Firmicutes 

was observed following both oral and IV levofloxacin administration.  

Overall, these examples serve to highlight the damaging effects of antibiotic 

administration on the gut microbiome, even following a single dose. As well as reducing the 

proportions of normal commensals known to exert protective and beneficial effects in the 

gut, antibiotic administration creates an environment in which potentially harmful groups, 

including known gut pathogens, can thrive. With a few minor exceptions, this appears to be 

the case in many instances regardless of route of administration, suggesting once again the 

theory that parenterally administered antibiotic avoids the gut may not be true. 

The proportion of unclassified reads also increased following treatment, regardless 

of antibiotic or administration route. This change was more pronounced with amoxicillin 

than levofloxacin, with the mean percentage of unclassified reads increasing from 16.8 and 

15.8% on Day 5a, to 47.0 and 46.2% on Day 7, for oral and IV administration respectively. 

Whilst an increase in the percentage of unclassified reads was also observed following 

levofloxacin administration, this change was smaller, with 14.9 and 15.5% unclassified at the 

Family level on Day 5a for oral and IV groups respectively, with unclassified reads 

constituting 20.2 and 21.1% of all OTUs on Day 8 for the same groups. 

 

Duration of post-treatment dysbiosis 

Measurement of initial dysbiosis is of high importance as it shows the acute effect of 

antibiotic administration, as well as highlighting potentially damaging population shifts in 

the gut microbiota. It is also important however to measure longer term effects of antibiotic 

therapy on the gut microbiome, and assess whether taxonomic breakdown returns to similar 

compositions observed before treatments. Fecal samples were collecting up until eight days 

after treatment (Day 13), and subjected to the same analysis as initial dysbiosis samples at 

Day 7. SOBS analysis revealed significant differences remained in animals treated with oral 

amoxicillin, between Day 5a and Day 13, (p<0.0001), with richness still significantly reduced 

(178.52 ± 64.71 at Day 13 versus 361.46 ± 43.96 at Day 5a). Richness was also significantly 

lower in the IV amoxicillin group at Day 13 (244.27 ± 46.75 versus 351.10 ± 42.02 at Day 5a), 

albeit to a lesser degree (p<0.0332) (Figure 6A). Similar trends in richness were observed 

with rarefaction analysis (Figure 7A). Rarefaction analysis revealed a greater number of 

unique OTUs uncovered as sequencing progressed at Day 13, in comparison to Day 7, for 

animals in both the amoxicillin oral and IV treatment groups. As with SOBS analysis, greater  

 



 
 
 

 
 

 

 
 

 
 

 
 
 

 
 

 

 
 

 
 

 

 
 
 
Figure 6. Richness and diversity analysis before (Day 5a) and 8 days after (Day 13) 
antibiotic administration measured by SOBS and Shannon Index A. Amoxicillin 
SOBS. B. Levofloxacin SOBS. C. Amoxicillin Shannon Index. D. Levofloxacin 
Shannon Index. **** = p<0.0001, *** = p<0.0002, ** = p<0.0021, * = p<0.0332. Good 
coverage score was ≥92.00% at the rarefaction, average 94.22 ± 0.72%. Significant 
differences in diversity indices between samples were determined by ANOVA using 
GraphPad Prism 8. 
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richness was observed in IV-treated animals, as evidenced by the greater number of unique 

OTUs uncovered as sequencing progressed. 

OTU diversity, as measured by the Shannon Index, appears to have recovered more 

quickly than richness measures following the same amoxicillin treatments. However, 

diversity was still significantly reduced at Day 13 (3.51 ± 0.66 versus 4.47 ± 0.49 at Day 5a), 

albeit to a lesser degree (p<0.0032). There was no significant difference in diversity following 

IV delivery of amoxicillin between Day 5a and Day 13 (Figure 6C). 

A number of interesting conclusions can be derived from these data. Firstly, the gut 

microbiome is still significantly disrupted eight days after treatment with a single dose. 

Secondly, dysbiosis persists following both oral and IV administration, although the gut 

microbiome of animals in the IV treatment group appears to be approaching levels of 

richness and diversity seen in pre-treated and untreated groups more quickly than in oral 

treatment groups. The apparent faster return to pre-treatment levels of richness and 

diversity may highlight a potential advantage for parenterally delivered antibiotics, in that 

their dysbiotic effects may not be as long-lived as with oral treatment. IV antibiotic 

administration is not as convenient as oral therapy however, necessitating specially-trained 

personnel, and giving rise to issues such as needle-phobia and introduction of infection. 

More user friendly parenteral delivery systems may have a role to play in this area, such as 

microneedle arrays, which have already demonstrated potential for this purpose55,56. 

There were no significant differences in OTU richness following levofloxacin 

treatment between Days 5a and 13, for either oral or IV administration (Figure 6B). These 

results were corroborated by rarefaction analysis, with similar profiles observed for all 

groups (Figure 7B). Similarly, there were no significant differences in OTU diversity in any 

levofloxacin treatment groups between Days 5a and 13, as measured by the Shannon Index 

(Figure 6D). These results again highlight the lower overall dysbiotic effects observed with 

levofloxacin in this study, compared to amoxicillin. 

 Richness and diversity results are mirrored somewhat by analysis of changes in 

proportions of bacterial families after antibiotic administration (Table 1). Following oral 

amoxicillin treatment, Lachnospiraceae and Ruminococcaceae were significantly depleted at 

Day 13, while only Ruminococcaceae were still significantly affected at Day 13 following IV 

amoxicillin administration (p<0.0001). It is worth noting that Lachnospiraceae was 

significantly increased in the untreated group of the amoxicillin study at Day 13 compared to 

Day 5a, the only such example of a significant change in a specific family in untreated 

animals. No significant differences were observed at Day 13 in the other families which were  



 
 
 
 
 
Figure 7. Rarefaction analysis showing the cumulative number of unique OTUs 
uncovered as sequencing progressed before (Day 5a) and 8 days after (Day 13) A. 
Amoxicillin, and B. Levofloxacin administration. 
 
 
 
 
 
significantly affected at Day 7, namely Oscillospiraceae, Lactobacillaceae, 

Clostridales_vadinnBB60_group_fa, Muribaculaceae, and Enterobacteriaceae. These data 

highlight that whilst gut dysbiosis is still observed eight days after a single dose of 

amoxicillin, the level of disruption is greatly reduced in comparison to the peak dysbiosis 

observed after treatment. 

 There were no significant differences in the proportions of bacterial families in 

either levofloxacin treatment group at Day 13, with any groups significantly changed at Day 

7 appearing to return to pre-treatment levels. 

Beta diversity analysis of sample groups at Day 5a and Day 13 revealed that for the 

amoxicillin treatment group, oral and IV treatment samples were still significantly different 

Day 5a Untreated

Day 5a Oral

Day 5a IV

1
50

0
10

00
15

00
20

00
25

00
0

100

200

300

400

Number of sequences

U
n

iq
u

e 
O

T
U

s

Day 13 Untreated

Day 13 Oral

Day 13 IV

1
50

0
10

00
15

00
20

00
25

00
0

100

200

300

400

Number of sequences
U

n
iq

u
e 

O
T

U
s

A B 



from Day 5a samples and clustered separately on an NMDS plot (Figure 8A; Supplementary 

Table 3), although there were reduced distances between the clusters when compared to 

Day 7 (Figure 4A). It should also be noted that although untreated controls clustered 

together, Day 5a and Day 13 groupings were deemed significantly different, revealing 

natural variation in the microbiome over this time period (Figure 8A; Supplementary Table 

3). For the levofloxacin treatment group, there were no significant differences between Day 

5a and Day 13 for untreated, oral or IV treatment groups, suggesting that microbiome 

composition was returning to baseline after antibiotic administration (Figure 8B; 

Supplementary Table 4). 

This study highlights the significant dysbiotic effects that occur following a single 

dose of antibiotic alone. Notably, this dysbiosis appears to persist to some extent with 

amoxicillin, up to at least eight days after treatment, when fecal sampling ceased. Work by 

Jakobsson and co-workers have shown that microbiota can remain perturbed for an 

extended period of time following multiple antibiotic doses, with gut dysbiosis and 

antimicrobial resistance determinants present in high levels up to four years after a one-

week treatment course57. It appears there is scope to expand this study in a number of ways, 

in order to further assess the differences in dysbiosis caused between oral and IV delivery. 

The number of doses could be increased to determine if dysbiosis becomes even more 

pronounced initially, as well as extending sample collection for a longer period post-

treatment, in order to more fully appreciate the longer term effects of antibiotic 

administration by different delivery routes. 

  



 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 8. NMDS ordination of Bray-Curtis dissimilarity values for samples before 
(Day 5a) and after (Day 13) amoxicillin (A) and levofloxacin (B) administration. 
Untreated samples are also included as controls. Samples are grouped by treatment 
and colour coded as shown in the key: Untreated group Day 5a (Un_5a) and Day 13 
(Un_13); Oral administration group Day 5a (Or_5a) and Day 13 (Or_13); IV 
administration group Day 5a (IV_5a) and Day 13 (IV_13). Points represent individual 
samples and ellipses are standard deviations of point scores for each grouping. 
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Conclusion 

In this study we examined the effect of antibiotic administration route on the level of 

dysbiosis in the murine gut, focussing on two commonly prescribed antibiotics, amoxicillin 

and levofloxacin.  Significant microbial perturbations were observed following a single dose 

of either antibiotic, although effects were more pronounced with amoxicillin. Interestingly, 

there was little difference in initial dysbiosis between oral and IV delivery, disproving the 

hypothesis that parenterally delivered antibiotic does not reach the gut to the same extent 

as with oral delivery, thereby causing lower levels of disruption. In particular with 

amoxicillin, both oral and IV delivery resulted in significantly decreased OTU richness and 

diversity. Amoxicillin delivery by both routes of administration also resulted in the depletion 

of perennially protective groups of bacteria, as well as the enrichment of 

Enterobacteriaceae, a family containing a multitude of species known for their propensity to 

act as gut pathogens and causative agents in a number of gastrointestinal infections. 

Richness and diversity levels appear to return to pre-treatment levels more quickly following 

IV administration, suggesting convenient parenteral delivery systems may have a role to play 

in reducing gut dysbiosis in the treatment of infection. Overall, this study represents an 

important addition to otherwise scant literature knowledge of the effects of different 

antibiotic administration routes on the gut microbiome, highlighting the potential role 

delivery route may have on reduction of long term dysbiosis and resulting AMR 

development.  



Methods 

 

Antibiotic administration and sample collection 

All in vivo experiments undertaken involved 10-week-old female Sprague-Dawley rats, caged 

individually. Treatment groups were as follows: untreated (an untreated group was included 

for each antibiotic experiment), 50 mg/kg amoxicillin via oral gavage, 50 mg/kg amoxicillin 

via IV injection, 46 mg/kg levofloxacin hydrochloride via oral gavage, and 46 mg/kg 

levofloxacin hydrochloride via IV injection (n=6 for each group). Each treatment involved a 

single dose of antibiotic on day 5. Fecal pellets were collected from the cages of each animal 

on days 1, 2, 5a (before treatment), 5b (8 h post-treatment), 6, 7, 8, 9, 12, and 13, 

transferred to sterile vials and frozen immediately at −80 °C. All stool samples were removed 

from the cage at each timepoint to ensure subsequent stools were collected on the day they 

were produced. 

 

Metagenomic DNA extraction 

Frozen fecal pellets were thawed on ice and ~200 mg of each sample was processed for 

extraction of total metagenomic DNA using the DNeasy PowerSoil Kit (QIAGEN, Germany) 

according to the manufacturers instructions. For each batch of DNA extraction, a negative 

control or ‘kitome’, was included in order to check any potential contamination introduced 

by the DNA extraction kit and laboratory reagents and environment. A cocktail of well 

defined Gut Microbiome Whole cell Mix (ATCC® MSA-2006™) was also processed and used 

as positive control.   

 

16S rRNA gene sequencing 

DNA extracts were quantified using Qubit® dsDNA assays (Thermo Fisher Scientific), and 

DNA purity established on the basis of A260 measurements from a Nanodrop ND-2000 

spectrophotometer. The DNA was used as template for PCR using the 515F–806R (Golay- 

barcoded) primer pairs targeting  the V4 region of the 16S SSU rRNA according to protocols 

presented by Caporaso and co-workers58,59. The forward primer was common to all samples 

whereas barcoded reverse primer 806R differed for each individual sample. The PCR was 

performed using the KAPA HiFi HotStart DNA Polymerase (KAPABIOSYSTEMS, London, UK). 

After amplification, the PCR products were detected, purified, quantified and pooled 

together in equimolar amounts to facilitate multiplexing. No background amplification of 

DNA was observed in kitome controls. The pooled library was adjusted to 10 nM final 



concentration, then submitted for sequencing alongside 100uM stocks of sequencing 

primers according to Caporaso and co-workers58. The sequencing was performed on the 

Illumina Miseq sequencing platform using paired end reads and the MiSeq 2 × 300 cycles v3 

kit. All sequencing was performed at the Teagasc sequencing facility (Teagasc Food Research 

Centre, Moorepark, Co. Cork, Ireland) in accordance with standard Illumina protocols.  

 

Bioinformatics analysis 

The sequencing data were analysed using the open source software Mothur v.1.44.360, 

according to the Mothur MiSeq SOP61. Briefly, the paired sequence reads were assembled, 

demultiplexed into sample groups, then filtered to the expected V4 region length by 

trimming primer and low-quality sequences. The sequences were aligned to the 16S rRNA V4 

database, which was extracted from the SILVA 16S rRNA reference file release 13862,63. 

Possible chimeric sequences were removed by the UCHIME algorithm64, and their taxonomic 

classification was established using the SILVA SSU NR v138 database. The sequences were 

further clustered into OTUs with a cutoff of 97% 16S rRNA gene similarity (0.03 distance). To 

control for the differences in sequencing depth, each sample was rarefied to the minimum 

sequence number of the smallest library size across the samples (n=2562). 

 

Subsequently, Alpha diversity metrics including Good's coverage, Shannon diversity 

estimator, SOBS richness estimator, and rarefaction curves, were calculated using Mothur. 

To control for the sampling effort, each sample was rarefied to the minimum sequence 

number of the smallest library size across the samples. Significant differences in diversity 

indices between samples were determined by ANOVA using GraphPad Prism 8. 

Beta diversity analysis was performed using R statistical software65. To visualise differences 

in bacterial community composition between treatment groups, non-metric 

multidimensional scaling (NMDS) based on Bray-Curtis dissimilarity values was used (vegan 

package). Permutational ANOVA (PERMANOVA, adonis function in vegan package) and post-

hoc pairwise PERMANOVAs with corrections for multiple testing (RVAideMemoire package, 

“BY” adjustment) were performed to determine statistical differences between groups. The 

betadisper function (vegan package) was used to test homogeneity of group dispersions 

(variances) as a condition of PERMANOVA. Statistical significance was determined at p<0.05. 

To visualise microbiota profiles, stacked bar charts of OTU relative abundances within each 

sample were generated using MS Excel. Command scripts and oligo files showing individual 

samples barcodes used in this study are provided as Supplementary information 1, in 



addition to R scripts used for Beta-diversity analysis. Metagenome sequence data from this 

study were submitted to the NCBI Sequence Read Archive (SRA) under the accession 

number: PRJNA702193.  

 

Statistical analysis 

Statistical analysis was carried out using GraphPad Prism 8 software. Statistical differences 

between groups were determined by using ANOVA tests to compare differences from a 

number of groups, followed by Tukey’s post tests to compare the mean of each group to all 

other groups. For comparison of bacterial families, Shapiro-Wilk and Kolmogorv-Smirnov 

normality tests were used to determine normal distribution of datasets. Statistical 

differences for groups whose data were not normally distributed were determined using the 

non-parametric Kruskall-Wallis test, with Dunn’s post tests to compare the mean of each 

group to all other groups.  



Supporting Information available 

Supporting Information, containing MOTHUR scripts used in this study, is available. 
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