
DOCTOR OF PHILOSOPHY

Analogue enrichment of aromatic degradation through application of lignin-derived phenols

Awache, Ibrahim

Award date:
2021

Awarding institution:
Queen's University Belfast

Link to publication

Terms of use
All those accessing thesis content in Queen’s University Belfast Research Portal are subject to the following terms and conditions of use

            • Copyright is subject to the Copyright, Designs and Patent Act 1988, or as modified by any successor legislation
            • Copyright and moral rights for thesis content are retained by the author and/or other copyright owners
            • A copy of a thesis may be downloaded for personal non-commercial research/study without the need for permission or charge
            • Distribution or reproduction of thesis content in any format is not permitted without the permission of the copyright holder
            • When citing this work, full bibliographic details should be supplied, including the author, title, awarding institution and date of thesis

Take down policy
A thesis can be removed from the Research Portal if there has been a breach of copyright, or a similarly robust reason.
If you believe this document breaches copyright, or there is sufficient cause to take down, please contact us, citing details. Email:
openaccess@qub.ac.uk

Supplementary materials
Where possible, we endeavour to provide supplementary materials to theses. This may include video, audio and other types of files. We
endeavour to capture all content and upload as part of the Pure record for each thesis.
Note, it may not be possible in all instances to convert analogue formats to usable digital formats for some supplementary materials. We
exercise best efforts on our behalf and, in such instances, encourage the individual to consult the physical thesis for further information.

Download date: 23. May. 2023

https://pure.qub.ac.uk/en/studentTheses/c258ac74-27f0-4081-9cce-2eadb966f698


 

 

ANALOGUE ENRICHMENT OF AROMATIC  

DEGRADATION THROUGH APPLICATION OF  

LIGNIN-DERIVED PHENOLS  

   

   

Ibrahim Awache   
B.Sc. (Hons) Microbiology     

M.Sc. Science of Occupational Health, Safety and the Environment   

   

A thesis submitted for the degree of    

Doctor of Philosophy (Ph.D)   

  

To the School of Biological Sciences,   

  

Queen’s University Belfast   

United Kingdom    

  

  
  

  

  

  

  

  

  

 July, 2021    



 

1  

  

DEDICATION  

   

   

To El’ Shaddai, the lifter of man  

&  

In remembrance of Shekinah Silanzhaine Ibrahim (my son), who left this 

world 1-month into my PhD research. Continue to rest in the bosom 

of our Lord, Jesus Christ, amen.  

   

   

   

   
   
   
   
     
   
   
   
   

   

  

  

  

  
  
  
 

 

 

 

 

 

 



 

2  

  

 

ACKNOWLEDGEMENT  
To everything under the heaven, there is a season and a time to every purpose: a 

time to start and a time to come to an end. I am a product of God's Grace and 

Mercies. But for His Grace, it is unimaginable for someone whose parents have 

not seen the four walls of a classroom to acquire the highest academic degree in 

a world-class institution. Thank you, my LORD, ~ JESUS for your unending 

GRACE, which always abounds.  

However, this would not have been possible without my principal supervisor ~ 

Prof. Chris C. R. Allen. He took me as a son and treated me like a father ~; 

travelling back to Nigeria in November 2017 to mourn my son would not have 

been possible without your kind efforts. Chris, please accept my unreserved 

gratitude! I also want to thank my co-supervisor, Dr Deepak Kumaresan, for his 

support, engagements, and contributions to this work.   

I am most sincerely grateful to the prestigious Petroleum Technology 

Development Fund (PTDF) ~ Abuja for the privilege of PhD studentship 

opportunity given to me. The scholarship has given me a lifetime opportunity to 

excel.    

Special thanks go to Matthew Boyd for doing the bioinformatics analysis of my 

work. Matt, I cannot forget this in a hurry ~ Thank you!   

How would I have completed this acknowledgement without thanking the school 

office’ staff ~ Peter Miller, Pauline Walsh, Eve Wilson, Mary Devlin, and 

Courtney Rush. The positive attitudes shown to me, and the willingness to always 

help meant so much to me. Thank you!  

I must thank the family of Dr S.U Dandare for their support. You welcomed me 

into your home when I newly came to Belfast, and gave me food. You really have 

impacted much to my research.   

I must create a space for Dr A. I Dabai ~Brother; you are one of the most positive persons 

I have ever met in life. Blessed are the pure in heart! From the first place, I decided to 

come to Belfast because of you. Keep being the good person that you are ~ there is so 



 

3  

  

much reward both now and hereafter. Thank you for your efforts and concern throughout 

my studies.  

I have met good people in Queen’s and this vote of thanks cannot be completed 

without mentioning them. The entire family Dr Bashir and His wife Sumayya 

Bashir, Hadiza Aliyu, Bello Abdu Isah and Abdullahi Abukakar. Thumbs up to 

you all.   

My brother from another mother, Dr U. Aneto ~ a man with a good heart. I 

appreciate the love shown to me and my family while I was still studying.  

My parents, Mr./Mrs. Awache Gomo, your love is immeasurable, and your 

influence in my life has shaped me. Again, my mom ~ Mrs Mary Noma Rikoto, 

I appreciate your unrefined concern shown to me throughout this period.  

I also must thank the family of Alh. Hassan Abdulrasheed Sarumi ~ your support 

is overwhelming. My friends have been supportive, Dr D.I Agwaranze, Namsifon 

Akpan, Philemon Tanko, Ms Dada Ayorinde and Paul Linus~ thank you.   

I have saved the best for the last, my Wife! Wawanta, you know that this project 

would not have seen the light of the day without your love, care, and concern. 

You have provided the nest to dream! I also appreciate the love shown to me by 

my children, Shanice Sila-elaskame, Salem Emunasilah, and Tehillah Silah-Ikasi 

~ God bless you!  

Conclusively, all of you mentioned above, and those that I did not mention, I say 

this to you all ~ Ubuntu!  

  

 ‘‘Tears rolled down the cheek,  

Blood washed away from heart,  

Catarrh gushed out of nose,  

All of a sudden, there was a sigh of relief,  

It seems like a dream come true, Nightmare 

is also a dream.''  

  

AWACHE, Ibrahim  



 

4  

  

DECLARATION    

 I declare that:    

 The thesis is not one for which a degree has been or will be conferred by any 

other university or institution.   

1. The thesis is not one for which a degree has already been conferred by this 

University.   

2. The work for the thesis is my own work and that, where material submitted by 

me for another degree or work undertaken by me as part of a research group 

has been incorporated into the thesis, the extent of the work thus incorporated 

has been clearly indicated.   

3. The composition of the thesis is my work.   

  

  

  

  

  

  

  

  

  

  

  

  

  

  

  

 

  



 

5  

  

Table of Contents  

LIST OF FIGURES ............................................................................................................................ 9 

LIST OF TABLES .............................................................................................................................12 

ABSTRACT.......................................................................................................................................13 

CHAPTER ONE ................................................................................................................................16 

INTRODUCTION, LITERATURE REVIEW, AIMS/OBJECTIVES AND 

SUMMARY OF THESIS FRAMEWORK.....................................................................................16 

1.1 INTRODUCTION AND LITERATURE REVIEW......................................................................16 

1.1.1  Key Hypotheses addressed in this study ................................................................................46 

1.1.2 Related Research Questions addressed in this study ..............................................................47 

1.2 AIMS OF THIS STUDY...........................................................................................................47 

1.2.1 Specific Objectives of this study ........................................................................................ 48 

1.3 FRAMEWORK OFTHIS THESIS...............................................................................................49 

CHAPTER TWO ...............................................................................................................................51 

METHODS AND OPTIMSATION OF EXPERIMENTS ..................................................................51 

2.0 INTRODUCTION ....................................................................................................................51 

2.1  AIMS AND OBJECTIVES OF THIS CURRENT CHAPTER ................................................51 

2.1.1 Aims .................................................................................................................................. 51 

2.1.2 Specific Objectives ............................................................................................................ 52 

2.2  BRIEF ABOUT TELLUS PROJECTS/SURVEY....................................................................52 

2.3 SCOPE OF THIS CURRENT STUDY .....................................................................................55 

2.1.1 Sample/Tellus site '3.' (TS3) .............................................................................................. 55 

2.4 SOIL SAMPLES COLLECTION ................................................................................................57 

2.5 CHEMICALS AND MOLECULAR REAGENTS USED IN THIS STUDY .............................58 

2.5.1 Preparation of Caesium Chloride, CsCl (7.163M ) ............................................................. 59 

2.5.2 Preparing Polyethylene Glycol 6000 (PEG 6000) - 30% PEG, 1.6 M NaCl ........................ 60 

2.5.3 Preparing Gradient Buffer (GB) ....................................................................................... 61 

2.5.4 Preparing Linear Polyacrylamide (LPA)........................................................................... 61 

2.5.5 Preparing Ethylenediaminetetraacetic Acid (EDTA, 0.5M, pH=8.0) ................................. 62 

2.5.6 Preparing 1M-Tris-HCl Buffer (1M, pH 8.0)......................................................................... 62 

2.5.7 Preparing 10%-Ammonium Persulphate (10% APS) ........................................................ 62 

2.5.8 Preparing Tris-acetate-EDTA Buffer (×50TAE-buffer) .................................................... 63 

2.5.9 Primers design and preparation ........................................................................................ 63 

2.5.10 Preparation of lignin phenols used as substrates ............................................................. 64 

2.6 DETEMINING PH OF COLLECTED SOIL(S) FROM STUDY SITES......................................64 



 

6  

  

2.7 MEASURING SOIL MOISTURE CONTENTS (DRY-WEIGTH) IN THIS 

STUDY ..........................................................................................................................................64 

2.8 PROCEDURES AND OPTIMISATION OF METHODS FOR DNA-SIP 

EXPERIMENTS USING 12C VANILLIN SUBSTRATES WITH SOILS  ....................................65 

COLLECTED FROM TS3 ............................................................................................................65 

2.8.1 Beer-Lambert Calibration Curve using 12C-vanillin substrates only using ...................... 65 

spectroscopy ...............................................................................................................................65 

2.8.2 Monitoring natural degradation vanillin in PAH-polluted soil from Tellus site 

 .................................................................................................................................................. 67 

‘3’ using spectroscopy.................................................................................................................67 

2.8.3 Determining the rate of degradation of 1.2mM vanillin substrate in PAH-

polluted soil using spectroscopy................................................................................................. 71 

2.8.4 Designing DNA-SIP experiment for vanillin ONLY; using PAH-polluted soil  .................. 75 

from Tellus site ‘3’ using spectroscopy .......................................................................................75 

2.8.5 Determining the rate of degradation of 1.2mM vanillin substrate in the ........................... 77 

presence of PAH-mixtures using PAH-polluted soil using spectroscopy .....................................77 

2.8.6 Generating of Beer-Lambert’s Calibration curve to optimise microcosms in  ................... 80 

the presence of PAHs for DNA-SIP ............................................................................................80 

2.8.7 Designing DNA-SIP experiment point for vanillin in the presence of 

PAHsmixtures in soil collected from PAH-polluted urban soil using spectroscopy .................... 82 

2.9 COMPUTING THE TARGET MICROMOLE CARBON OF 13C VANILLIN 

SUBSTRATES ...............................................................................................................................84 

2.10 COMPUTING THE AN EQUIMOLAR OF 12C-PAH-COCTAILS ......................................88 

2.11 PROCEDURES AND LIFE CYCLE OF DNA-SIP EXPERIMENT.......................................89 

2.11.1 Preparing the gradient solutions used for ultracentrifugation ......................................... 90 

2.11.2 Ultracentrifugation.......................................................................................................... 91 

2.11.3 Fractionation ................................................................................................................... 93 

2.11.3 DNA-precipitation ........................................................................................................... 95 

2.12 ALGORITHM IN PROCESSING GENOMIC DNA FOR THE DNA-SIP  ............................96 

EXPERIEMENTS..........................................................................................................................96 

2.12.1 DNA-extraction from soil sediments ................................................................................ 96 

2.12.2 Quantitative DNA check using Fluorometer .................................................................... 97 

2.12.3 Qualitative DNA check using Nanodrop Technology:...................................................... 97 

2.12.4 DNA purification ............................................................................................................. 99 

2.12.5 Qualitative PCR (16S rRNA)........................................................................................... 99 

2.12.6 Quantitative or Real-Time PCR (qPCR or rt-PCR) ...................................................... 101 

2.13 PRELIMINARY CHECKS BEFORE DNA ILLUMINA SEQUENCING ............................ 102 



 

7  

  

2.14 PROCESSING HTS-DATA USING BIONINFORMATICS TOOLS ................................... 102 

2.14.1 Nova seg 6000 Sequence Reads ...................................................................................... 104 

CHAPTER THREE INVESTIGATING THE INFLUENCE OF VANILLIN ON THE 

DEGRADATION OF NAPHTHALENE AND OTHER PAH-MIXTURES IN PAH-

POLLUTED URBAN  ..................................................................................................................... 107 

SOILS .............................................................................................................................................. 107 

3.0 INTRODUCTION .................................................................................................................. 107 

3.1 Key hypothesis addressed in this current chapter................................................................... 114 

3.2 Aim addressed in this current chapter .................................................................................... 114 

3.2.1 Specific objectives in this current chapter ....................................................................... 115 

3.3 Methods.................................................................................................................................. 116 

3.3.1 Preparation of Microcosms ............................................................................................. 116 

3.4 Results presentation of this current chapter ........................................................................... 122 

3.4.1 Fluorometery: Quantitative appraisals  of genomic DNA ................................................. 122 

3.4.2 Real-time PCR: Quantitative appraisals of 16S rRNA genes distribution ....................... 124 

3.4.3: Analysing the phylogenetic assignment of data using Kaiju and Krona Chart 

 ................................................................................................................................................. 126 

3.4.4: Analysing the level of abundance of bacterial assembled metagenome 

fragments’ s known to be associated with aromatic degradation in the sequenced 

DNA Hmmer ............................................................................................................................ 132 

3.4.5 Analysing the functional genes (naphthalene dioxygenases or NDOs) of the 

bacteria that are known to be associated with for aromatic degradation in the  ...................... 135 

sequenced DNA using Hmmer .................................................................................................. 135 

3.5 Discussion ............................................................................................................................... 137 

3.6 Conclusion .............................................................................................................................. 143 

CHAPTER FOUR ........................................................................................................................... 144 

INVESTIGATING THE INFLUENCE OF LIGNIN-DERIVED PHENOLS 

MIXTURES ON VANILLIN DEGRADING BACTERIA IN PAH POLLUTED URBAN 

SOILS.............................................................................................................................................. 144 

4.0 INTRODUCTION .................................................................................................................. 144 

4.1 Key Hypothesis addressed in this chapter............................................................................... 145 

4.2 Aim addressed in this current chapter .................................................................................... 146 

4.2.1 Specific objectives ........................................................................................................... 146 

4.3 Methods.................................................................................................................................. 146 

4.3.1 Preparation of DNA-SIP Microcosms.............................................................................. 146 

4.4 Results presentation of this chapter ........................................................................................ 151 

4.4.1 Fluorometery: Quantitative appraisals of genomic DNA ................................................. 151 

4.4.2 Real-time PCR: Quantitative appraisals of 16S rRNA genes distribution ....................... 155 



 

8  

  

4.4.3: Phylogenetic assignment of data using Kaiju and Krona Chart ...................................... 158 

4.4.4: Analysing the abundance of assembled metagenome fragments’ of the 

bacteria that are known to be associated with aromatic degradation in the 

sequenced DNA using Krona analysis ...................................................................................... 164 

4.4.5 Analysing the functional genes (naphthalene dioxygenases or NDOs) of the 

bacteria that are known to be associated with aromatic degradation in the  ............................ 168 

assembled metagenome fragments’ using Hmmer .................................................................... 168 

4.5 Discussion ............................................................................................................................... 170 

4.6 Conclusion .............................................................................................................................. 176 

CHAPTER FIVE ............................................................................................................................. 179 

GENERAL DISCUSSION, CONCLUSION AND RECOMMENDATION FOR 

FUTURE RESEARCH ................................................................................................................ 179 

5.1 GENERAL DISCUSSION ...................................................................................................... 179 

5.2 CONCLUSION/SUMMARY OF FINDINGS ......................................................................... 188 

5.3 RECOMMENDATION FOR FUTURE RESEARCH ............................................................ 190 

REFERENCES ................................................................................................................................ 192 

APPENDICES ................................................................................................................................. 248 

 

  

  
  

  

  

  

  

  

  

  

  

  

  

  

  

  



 

9  

  

  

LIST OF FIGURES  

Figure 1.1: Showing pathways and gene products identified in Sphingobium spp.  

SYK-6 for degradation of lignin components………………………………………25  

Figure 1.2: Showing the aerobic degradation pathway of aromatic hydrocarbons (a) 

leading to immediate catechol or protocatechuate production and (b) leading to  

aromatic ring cleavage………………………………………………………………29  

Figure 1.3: Showing schematic description of the metagenomics techniques 

(Function-driven and sequence-driven) in construction and screening metagenomic  

libraries……………………………………………………………………………...36  

Figure1.4: Showing the entire cycle of SIP ranging from incubation, an 

ultracentrifuged beckam tube with separation of heavy DNA (13C-labelled) and the 

light DNA (unlabelled) from the labelled tube. The control tube only showed the native  

12C-DNA as viewed under UV – Image and other downstream analysis………….42  

Figure 2.1Showing the aerial map GPS of Tellus site 3 with the middle ‘green pin’ 
indicating the point where the samples were collected at the X (Easting) and Y  

(Northing)……………………………………………………..……………………54  

  

Figure 2.2: Showing vanillin calibration curve using spectroscopy. Using the relation: 

y = mx + c, the concentration for each absorbance is computed. (Y: absorbance, m: 

slope, x: concentration, c: intercept on the y-axis)………………………………….67  

Figure 2.3: Showing the natural degradation of vanillin substrates in test microcosms 

containing PAH-polluted soil collected from Tellus site 3 using spectroscopy…….70  

Figure 2.4: Showing abiotic control microcosms of figure 2.3 above using 

spectroscopy…………………………………………………………………………71  

Figure 2.5: Showing the rate of degradation of 1.2mM vanillin substrates using 

spectroscopy…………………………………………………………………………73  

Figure 2.6: Showing the degradation of 1.2mM vanillin substrates in four (04) spikes  

using spectroscopy…………………………………………………………………..79  

Figure 2.7: Showing the rate of degradation of 1.2mM vanillin substrates in the 

presence of PAH-mixtures using spectroscopy……………………………………..78  

Figure 2.1: Showing vanillin calibration curve in the presence of PAHs using 

spectroscopy…………………………………………………………………………80  

Figure 2.9: Showing the degradation of 1.2mM vanillin substrates in four (04) spikes  

in the presence of PAHs using spectroscopy………………………………………..83  

Figure 3.1: Experiment 13C-A, 13C-B, 12C-AB control showing DNA density profile 

(concentration Vs fraction density plot) for 35-days incubations at 30 oC…………119  

  



 

10  

  

Figure 3.2: Quantitative appraisal of 16S rRNA genes distribution within essential 

gradient fractions (fraction5 to 11) fractionated after the isopycnic centrifugation to 

separate heavy and light DNA @T5 (35-days incubation)…………………………123 

Figure 3.3: Krona chart showing the taxa relative abundance of the inoculum at 

phylalevel identified from the raw unassembled sequence data, a total of 4496782 

reads with  

71520 unidentified reads…………………………………………………………..125  

Figure 3.4: Krona chart showing the taxa relative abundance of test microcosm ‘A’ 

at generic-level as identified from the raw unassembled sequence data. A total of  

202560 reads with 1241 unidentified reads………………………………………...126  

Figure 3.5: Krona chart showing the taxa relative abundance of test microcosm ‘B’ 

at generic-level identified from the raw unassembled sequence data, a total of 31676 

reads with 185 unidentified reads…………………………………………………..127  

Figure 3.6: Krona chart showing the taxa relative abundance of control microcosm  

‘AB’ at generic-level as identified from the raw unassembled sequence data, a total of  

334 reads with 5 unidentified reads………………………………………………..128  

Figure 3.7: Showing the level of abundance of assembled gene fragments of the 
bacteria that are known to be associated with for aromatic degradation in the sequenced 

DNA using Krona in the natural soil sample used in this study ~ inoculum………130  

Figure 3.8: Showing the level of abundance of assembled gene fragments of the 

bacteria that are known to be associated with for aromatic degradation in the sequenced  

DNA using Krona in the test microcosm A………………………………………..130  

Figure 3.9: Showing the abundance of assembled gene fragments of the bacteria that 

are known to be associated with for aromatic degradation in the sequenced DNA using  

Krona in the test microcosm B……………………………………………………………131  

Figure 3.10: Showing the level of abundance of assembled gene fragments of the 

bacteria that are known to be associated with for aromatic degradation in the sequenced 

DNA using Krona in the control microcosms of A and B………………………….131  

Figure 3.11: Showing the α-naphthalene dioxygenases in each sample (average 

sequence lengths vs the total number of sequences identified) using Hmmer……..133  

Figure 3.12: Showing the calculated score for the α-naphthalene dioxygenases in each  

sample using Hmmer………………………………………………………………133  

Figure 4.1: Experiment E DNA density profile (concentration Vs fraction density plot) 

for 35-days incubations at 30 oC……………………………………………………147  

Figure 4.2: Experiment F DNA density profile (concentration Vs fraction density plot) 

for 35-days incubations at 30 oC……………………………………………………148  

Figure 4.3: Quantitative appraisal of 16S rRNA genes distribution within essential 

gradient fractions (fraction5 to 11) fractionated after the isopycnic centrifugation to 

separate heavy and light DNA @T5 (35-days incubation)………………………..153  



 

11  

  

Figure 4.4: Quantitative appraisal of 16S rRNA genes distribution within essential 

gradient fractions (4 to 11) fractionated after the isopycnic centrifugation to separate  
heavy and light DNA @T5 (35-days incubation)…………………………………153 

Figure 4 5: Krona chart showing the taxa relative abundance of the inoculum at 
phylalevel identified from the raw unassembled sequence data, a total of 4496782 

reads with  

71520 unidentified reads………………………………………………………….153  

Figure 4.6: Krona chart showing the taxa relative abundance of the test microcosms  

E at genera-level as identified from the raw unassembled sequence data, a total of  

98985 reads with 694 unidentified reads…………………………………………..155  

Figure 4.7: Krona chart showing the taxa relative abundance of the control 

microcosms E at genera-level identified from the raw unassembled sequence data, a 

total of 118852 reads with 885 unidentified reads…………………………………156  

Figure 4.8: Krona chart showing the taxa relative abundance of the test microcosms  

F at genera-level as identified from the raw unassembled sequence data, a total of  

48841 reads with 359 unidentified reads…………………………………………..157  

Figure 4.9: Krona chart showing the taxa relative abundance of the control 

microcosms F at genera-level identified from the raw unassembled sequence data, a 

total of 118852 reads with 885 unidentified reads…………………………………158  

Figure 4.10: Showing the abundance of assembled metagenome fragments’ of the 
bacteria that are known to be associated with for aromatic degradation in the sequenced 

DNA using Krona in the natural soil sample used in this study ~ inoculum……….159  

Figure 4.11: Showing the level of abundance of assembled metagenome fragments’ 

of the bacteria that are known to be associated with for aromatic degradation in the 

sequenced DNA using Krona in the test microcosm E…………………………….161  

Figure 4.12: Showing the abundance of assembled metagenome fragments’ of the 

bacteria that are known to be associated with for aromatic degradation in the sequenced  

DNA using Krona in the microcosm E -control……………………………………162  

Figure 4.13: Showing the abundance of assembled metagenome fragments’ of the 
bacteria that are known to be associated with for aromatic degradation in the sequenced  

DNA using Krona in the microcosm F……………………………………………..162  

Figure 4.14: Showing the abundance of assembled metagenome fragments’ of the 
bacteria that are known to be associated with for aromatic degradation in the sequenced  

DNA using Krona in the microcosm F -control……………………………………163  

Figure 4. 15: Showing the α-naphthalene dioxygenases in each sample (average 

sequence lengths vs the total number of sequences identified) using Hmmer……..165  

Figure 4. 16: Showing the calculated score for the α-naphthalene dioxygenases in each 

sample using Hmmer……………………………………………………………….165  

  

  



 

12  

  

  

  

  

LIST OF TABLES  

Table 2. 1 Showing level of PAHs contamination in Tellus sites 1 -3 and A……….53  

Table 2. 2 Showing the number of Nova seg 6000 sequence reads (in millions) for 

each microcosm…………………………………………………………………….103  

Table 2. 3 Showing the number of Nova seg 6000 sequence reads (in millions) for 

each microcosm…………………………………………………………………….104   



 

13  

  

ABSTRACT  

Soil harbours the most diverse populations of microorganisms of any environment on 

Earth. The bacterial interactions in soil; play roles in biogeochemical cycling. 

However, only a few of these microbes are culture-dependent. Interestingly, the 

culture-independent microorganisms in the soil have vast information in their 

genomes. Advances have been made to cultivate such microorganisms in situ. 

Metagenomics procedures - primarily based on DNA stable isotope probing, coupled 

with Illumina sequencing of labelled DNA, and bioinformatics analysis (using 

software such as Kaiju, Hmmer and Krona) were employed to study such microbes.  

Over time, natural and anthropogenic processes have incorporated several aromatic 

compounds such as hydrocarbons and lignin phenols into the environments. Though 

recalcitrant, lignin does not pose public health hazards. However, the primary concern 

about hydrocarbons (especially polycyclic aromatic hydrocarbons ~ PAHs) in the 

environment is their toxicity/carcinogenicity and bioaccumulation potentials ~ thus, 

posing public health hazards. For instance, global recorded deaths associated with 

environmental pollution was about 9million as of 2015. Related to fossil- fue l 

components, an estimated premature annual 10.2 million (globally) was recorded in a 

recent (2021) study.  

More than ever, there is a need to discountenance the processes of introducing the 

aromatic compounds with undesirable side effects into the environment or employ 

cutting edge methods to decontaminate these polluted environments. This is because 

PAHs' presence in the environment is alarming and may continue to pose public hea lth 

hazards if not discountenanced or treated appropriately. Remarkably, the molecular 

machinery employed by microorganisms to solubilise lignin can degrade various 

PAHs.   

Consequently, various organisations have shown interest in either reducing the causes 

of PAHs' introduction or remove them from our environments. Policymakers, interest 

bodies, stakeholders, and Government agencies have suggested various methods of 

decontaminating polluted lands or reduce the activities causing pollution. Specifica lly, 

bacterial degradation (bioremediation/biodegradation) is currently the central, 

ecologically friendly and cost-effective degradation process applied to heterogeneous 

environments such as soil sediments. Therefore, bacterial degradation of pollutants is 
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a widely accepted remedial alternative for PAHs removal, compared to other 

techniques.  

Various urban soils are shown to be contaminated with PAHs from natural and 

anthropogenic processes. Interestingly, the Geological Survey of Northern Ireland 

(GSNI) has revealed that the Tellus soils selected in this study are contaminated with 

PAHs following various anthropogenic sources. Unfortunately, there are no pieces of 

evidence to show the biodegradation potentials in these sites. Investigating the types 

of microorganisms present in an environment are central in the choice of 

decontamination process to be employed.   

In an attempt to test the hypothesis that the bacterial populations growing on lignin-

derived phenols can also grow on naphthalene and other PAH-admixtures, this study 

employed analogue enrichment techniques and metagenomics procedures (such as 

DNA-stable isotope probing, HTS, and bioinformatics tools) in PAHs-polluted urban 

soils collected from the selected Tellus sites.   

  

In this study, 13C-vanillin was used as an enrichment substrate to stimulate the 

dominance of naphthalene degrading bacteria and facilitate the removal of 

naphthalene and other PAH-admixtures (12C’s: acenaphthene, biphenyl, fluorene, and 

phenanthrene) in the soil samples.  This experiment was validated using 13C- 

naphthalene, 12C-vanillin and PAH-admixtures.   

This study implicated microorganisms majorly from phyla Proteobacteria, 

Actinobacteria and Terrabactecria in both of the microcosms enriched with 

13Cvanillin and 13C-naphthalene. Moreover, bacteria from this phyla are known for 

their aromatic degradation potentials.  Specifically, the bacterial genera revealed to 

grow in microcosms enriched with 13C-vanillin are closely related to the bacterial 

genera revealed to grow in microcosms enriched with 13C-naphthalene. These bacteria 

include Pseudomonas spp, Rhodococcus spp, Sphingomonas spp, Sphingobium spp, 

Bradyrhizobium spp, and Brevundimonas spp.  Pseudomonas spp (averagely 25%) are 

the most abundant. Others are the Brevundimonas spp (4%) and Sphingobium spp 

(3%). Though Sphingomonas spp, Rhodococcus spp, and Bradyrhizobium spp were 

established. Their relative abundance were less compared to the sforementioned.  
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Also, this study revealed a higher relative distribution (%) of these microorganisms in 

microcosms enriched with 13C-vanillin (Pseudomonas spp~18%, Rhodococcus 

spp~4%, Brevundinomanas, and Sphingobium spp ~3%, while Bradyrhizobium and 

Rhodococcus spp ~2%). In contrast, microcosms enriched with 13C- naphthalene did 

not reflect an even distribution of these bacterial genera (Pseudomonas spp ~31%, 

Brevundinomanas spp ~ 5%,   Sphingobium spp ~3%, Sphingomonas spp ~0.5%, 

Bradyrhizobium spp ~0.06%, and Rhodococcus spp ~ 0.01%).  

The functional genes employed by these microbes to attenuate ligninderived phenols, 

naphthalene and PAH-admixtures were explored. Reports have it that bacterial spp 

with gene-producing ring hydroxylation oxygenases can degrade aromatic compounds. 

The naphthalene catabolic genes have been isolated and characterised in Pseudomonas 

spp in the gene plasmid NAH7.  Essentially, these genes were first isolated from 

Pseudomonas pituda WC358, P. fluorens AN103 and Rhodococcus spp. For 

naphthalene catabolic genes, the NahAa alpha subunits of the NDO are known to be 

associated with aromatic degradation. They have well studied multiple protein 

subunits.  

Moreover, naphthalene dioxygenase~NDO (nahAa gene α- subunits) was implica ted 

as the functional gene employed by these microbes in attenuating naphthalene, vanill in 

and other PAHs-admixtures in the PAH-polluted Tellus soil. In this study, microcosms 

enriched with 13C-vanillin yielded more nahAa genes than microcosms enriched with 

13C- naphthalene.  

Conclusively, aside from complimenting the geophysical and geochemical data 

generated by the Tellus survey, this study can contribute effectively to the process of 

decontamination of polluted land; planning and execution of effective bio-stimula t ion 

regime for major ecological restoration enterprise and bioprospecting of useful genes  

useful for other applications. It is also safe to say that the bacterial populations growing 

on lignin-derived phenols can also grow on naphthalene. Therefore, incorporating 

lignocellulose into PAH-polluted soils can solve the big problem of PAHs' continuous 

introduction into the environment through natural and anthropogenic sources.  

Keywords: Culture-independent microorganisms, Biodegradation, PAHs, 

Vanillin, Stable isotope probing, metagenomics, High-throughput DNA 

sequencing  
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CHAPTER ONE  

INTRODUCTION, LITERATURE REVIEW, AIMS/OBJECTIVES AND 

SUMMARY OF THESIS FRAMEWORK  

1.1 INTRODUCTION AND LITERATURE REVIEW  

Soil is a natural component composed of organic matter, gases, minerals and liquids, 

collectively support life on Earth (Birkeland, 1984). Soil is the most biodiverse 

environment and harbours the most diverse microorganisms of any environment 

(Tiedje et al., 1999; Bull et al., 2000). Studies (Torsvik et al., 1990; Christopher and 

Philip, 2002; Kirk et al., 2004; Gans et al., 2005; Schloss and Handelsman, 2005) have 

estimated between 104 – 107 diverse species and a total microbial population between 

108 and 1011 per gram of soil.   

Soil microorganisms play essential roles in organic and biogeochemical cycling 

(Trevors, 1998; Wall and Virginia, 1999; Meliani et al., 2012). The actions of soil 

microorganisms in these cycles contribute effectively to plant health (Filion et al., 

1999, Smith and Goodman, 1999), plant nutrition (George et al., 1995, Timonen et al., 

1996), soil structure (Wright and Upadhyaya, 1998; Dodd et al., 2000), and soil 

fertility (Yao et al., 2000, O’Donnell et al., 2001). Studies (Van der Heijden et al., 

1998; Ovreas, 2000; Klironomos et al., 2000, Cairney, 2000) have shown how 

essential soil microorganisms are in nutrient cycling. The roles of soil microorganisms 

in nutrient cycling have implicated microorganisms in the degradation of various 

environmental pollutants of public health concern (Wilson, 1983, Brooijmans et al., 

2009) and made life in the biosphere dependent on microbia l activities (Pace, 1997).   

Furthermore, microbial growth and diversity in the soil is affected by natural or 

anthropogenic factors. The natural factors affecting microbial diversity include 

bioavailability of nutrients (nitrogen, carbon, phosphorus), state of the nutrients of 
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nutrients (as in phosphorus in calcium or potassium-phosphate, cerium in cerium 

phosphate), depth of soil, types of vegetations present (Grayston et al., 2001, Koranda 

et al., 2011, Kaiser et al., 2011, Rasche et al., 2011,  Boltenstern et al., 2011, Fierer et 

al., 2003), soil organic matter from plant and animal degradation (Jenkinson, 1977), 

temperature, pH, soil moisture, and presence of minerals in soil (Rousk et al., 2010, 

Zhou et al., 2014, Panigrahi et al., 2019). In contrast, anthropogenic activities include 

land use activities such as agriculture, mining and fire (Mäder et al., 2002).   

In suitable conditions, natural (such as photo-oxidation, UV radiations, adsorption, 

volatilization, photolysis, demethylation etc), and biological processes (microbia l 

proliferation) have the potentials of removing xenobiotics in the soil (Moreau &  

Augier, 1962, Wilson, 1983, Martinez, et al., 2005, Barbera, et al., 2013Tamimi et al.,  

2016, Zhang et al., 2016, Peikert et al., 2017, Steinmetz et al., 2019). Effectively, the  

'Biodegradation potential’ is present in soil (Cerniglia, 1984). Clearly, the reason 

unwanted substances in soils are not removed likely due to nutrient limitation. For 

instance, the limiting nutrient for aerobic bacteria is often oxygen and vice versa.   

Studies (Harwood and Parales 1996, Gulensoy and Alvarez 1999, Nicholson and 

Fathepure 2005, Fahy et al. 2008, Carmona et al., 2009) have shown that PAHs are 

degraded in conditons that are aerobic and, anaerobic (Coates et al., 1996, 1997, 

Genthner et al., 1997, Ohkouchi et al., 1999) and even aquifers (Meckenstock et al., 

2000, Bewley and Webb 2001, Bakermans et al., 2002). Naturally, some typical 

aerobic environments become anaerobic at some points in time, thus influencing the 

anaerobic microbes' activities at that moment. For instance, an aerobic environment 

becomes anaerobic upon the introduction of organic pollutants. This is because the 

organic pollutants change the soil environment's aeration nature, making it difficult to 

replenish oxygen lost due to respiration (Anderson and Lovley, 1997; Eberlein et al., 
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2013). Similarly, Ambrosoli et al. (2005) reported that filling up air pores with rainfa ll 

water after a heavy downpour and snowmelts clogs the air space of an aerobic 

environment – hence the soil environments become temporarily anaerobic, thereby 

influencing the dominance of only anaerobic microbes in that present condition. 

Therefore, an aerobic study (as in this study) may have to adjust such environments 

making them conducive for microbial proliferation. The question is, how do we then 

stimulate aerobic removal of xenobiotics in anaerobic or carbon limited (Aldén et al., 

2001) polluted soils? One possible solution is the use of the analogue enrichment 

technique.  

Analogue enrichment involves enriching the microorganisms capable of co‐metabolic 

degradation of organic pollutants by application of biodegradable analogues of the 

pollutant present in soil (Alexander, 1999, Suthersan, 2001). The concept uses 

structurally related substrates (known to be degraded by microbes), to the target 

compounds present in a particular soil to stimulates the dominance of 

dormant/marginally existing enzymatic activities in the soil. It is expected that the 

microbial activities will remove the poorly biodegradable compounds such as lignin 

and highly toxic and recalcitrant chemicals in soil sediments. Various studies (Fietz et 

al., 1986; Strubel et a., 1989; Bengtsson and Zerhouni, 2003), have employed this 

technique to facilitate bacterial removal of the unwanted materials such as 

polychlorinated biphenyls (PCBs) and polycyclic aromatic hydrocarbons in soils. For 

instance, study by Strubel et al. (1989) revealed the dibenzofuran-degrading bacteria 

from various environmental sources and shown that bacteria (DPO 220) can co-

metabolized a wide range of related aromatic compounds. Additionally, Boonchan et 

al., (2000) were able to show that benzo (a)pyrene-degrading bacteria 

(Stenotrophomonas  maltophiliaVUN 10, 10) and  fungus (Penicillium 
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janthinellumVUO 10,20) can metabolize both pyrene and other PAH-mixtures 

(Fluorene, phenanthrene, fluoranthene, pyrene, chrysene, benz[a]anthracene, 

benzo[a]pyrene, dibenz[a,h]anthracene),  in PAH-polluted soil. And Bengtsson and 

Zerhouni (2003) also' incorporated anthracene in a PAH-polluted soil to enhance the 

bacterial removal of PAHs in the polluted soils.   

Aromatic compounds make up about 25% of the entire Earth's biomass (Fuchs et al. 

2011, Gibson and Harwood, 2002). Aromatic compounds commonly, lignin and PAHs 

are a structurally related group of compounds occurring in nature (Fuchs et al., 2011). 

The basic benzene ring backbone structure forming these compounds confers the 

distinct aromatic nature on them. Also, these aromatic feature makes them chemica lly 

inert. Additionally, the more the presence of an entirely different functional group on 

the aromatic compound, the more its' molecular mass. The higher the number of 

benzene rings fused, the more chemically inert, and the more environmental concern 

it becomes (Harwood et al. 1999, Johnsen et al., 2005). Aromatic compounds with 

greater than five or 6-rings are slowly degradable or not degradable by bacteria in soils 

(Sims and Overcash, 1983; Sims et al., 1986b, Bossert et al., 1984). According to Sims 

and Overcash (1983), rates of degradation are inversely correlated to the number of 

fused rings in the pollutant compound.   

 The aromatic compounds that contain only one benzene structure ring are known as 

the monocyclic aromatic compounds. These include but not limited to benzene, 

styrene, toluene, aniline, and lignin-derived phenols (vanillin, salicylaldehyde, 3- 

hydroxybenzaldehyde, 4-hydroxybenzaldehyde, Protocatechuic aldehyde) (Nanzai et 

al., 2008, Bugg et al., 2011). In contrast, aromatic compounds with two or more 

benzene-ring fused are known as the polycyclic aromatic hydrocarbons-PAHs 

(Bamforth and Singleton, 2005, Committee on pyrene and selected analogues, 1983, 
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Fuchs et al. 2011). Common examples include benzo(a)pyrene, naphthalene, 

acenaphthene, fluorene, phenanthrene, and biphenyl. Moreover, some aromatic 

compounds are found fused with entirely different functional groups, such as 

nitrobenzene, bromobenzene, and bromobenzene (Harwood et al. 1999). Amino acids 

found in all living organisms are also aromatic in nature. These group of amino acids 

make-up about one-fourth of plants biomass. This is possible because of lignin 

polymer's aromatic nature and because plants produce varieties of secondary 

metabolites (Fuchs et al., 2011). Common examples include the essential 

(phenylalanine, tryptophan) and non-essential (tyrosine) amino acids.   

According to Bamforth and Singleton (2005), aromatic compounds get into the 

environment either from natural/biogenic or human-made/anthropogenic sources. On 

one hand, the biogenic sources include degradation of plants biomass and fossilisa t ion 

of biomass in the environment such as the deep sea (with favourable conditions for 

fossilisation), volcanic eruption, and pyrolysis (Blumer, 1976, Mueller et al., 1996, 

Gibson, et al. 2002). Degradation of plants biomass is the biogenic source responsible 

for introducing the highest aromatic compounds into the environment because plants 

polymers such as lignin are aromatically rich (Gibson et al. 2002). On the other hand, 

anthropogenic sources occur as a result of human activities, especially  

industrialisation.   

In Nigeria, for instance, the presence of PAHs in the environment are primarily by 

hydrocarbon exploration, gas flaring, pipeline-vandalisation and oil bunkering 

activities by the Niger-Delta militants (Sojinu et al., 2010; Kadafa, 2012; Ite et al., 

2013). This is evident in the famous land pollution following the Shell petroleum 

company's oil exploration activities (UNEP, 2011, Amnesty International, 13 

November 2014, Aljazeera, 14 November 2014). In contrast, these compounds are 
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found in Northern Ireland following incomplete combustion from industrial activit ies 

such as the burning of aviation fuels by aerospace/missile industries, gasworks 

stations, burning of coal (in the 20th Century), and power plants (Doherty et al., 2015). 

Other major human-made causes are leakages from oil-storage facilities due to wares 

and tares, transportation by oil-trucks, incomplete combustion of organic matter, home 

heating, tobacco smoke, bush burning, incineration of wastes, and automobile  

(Armstrong et al., 2004, Tolosa et al., 1996; Masih and Taneja 2006). Typically, 

Benzene, Toluene, Ethylbenzene and Xylene (BTEX) are aromatic hydrocarbon 

pollutants generated from gasoline (a petroleum derivative) which has gained global 

attention (Fuchs et al., 2011).   

Lignin, a natural composite material in all vascular plants which provide the plants 

with strength and rigidity (Argyropoulos and Menachem 1997), is one of the 

significant components of lignocellulose (cellulose and hemicellulose), found in soil 

and rivers. Its occurrences in soil and rivers are a result of the death and microbia l 

degradation of plants and plant materials (Whitehead, 1964, Whitehead et al., 1981,  

Whitehead et al., 1982, Whitehead et al., 1983, Opsahl and Benner, 1998, Matějíček, 

et al., 2002, Martinez, et al., 2005, Barbera, et al., 2013).  It accounts for about 1530% 

dry weight of lignocellulose. Additionally, lignin is an amorphous, aromatic, water-

insoluble, heterogeneous, three-dimensional and cross-linked polymer with low 

viscosity (Fengel and Wegener 1989, Sjöström 1993, Ralph et al., 2001). It is made up 

of phenylpropanoid aryl-C3 units, connected through the different ether and C–C 

bonds (Bugg et al., 2011).  

 Furthermore, lignin is formed from several precursors (p-coumaryl alcohol → sinapyl 

alcohol + p-hydroxyphenyl (H) units → coniferyl alcohol, syringyl (S) units → 

guaiacyl (G) units → Lignin). The ratio of these precursors' units (G: S: H) varies from 
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one plant species to another. The G-units (G-type lignin) are from softwoods, G- and 

S-units ((GS-type lignin) from hardwoods and H-units (also, G type lignin or grass 

lignin) contains a higher proportion of H units (Faix, 1991). The significant linkages 

of lignin as shown by 13C solid-state NMR spectroscopy indicated that the β-aryl ether 

is linked with another aryl unit at C-2 of the C3 chain majorly found in hardwoods 

(60%) and softwoods (45-50%). Another linkage is the biphenyl linkage (20-25% in 

softwoods, 3-9% hardwoods), which contains an aryl–aryl C–C bond. Also, the diaryl 

propane has a second aryl ring, a C–C bond at C-2 of the C3 chain, while the diaryl 

ether has an ether linkage between two aryl rings. Other heterocyclic linkages found 

are the pinoresinol containing linkages made by two bonded tetrahydrofuran rings. The 

phenylcoumarane linkage contains a dihydrofuran ring bonded to an aryl unit and the 

spirodienone linkage containing a more complex tetrahydrofuran-aryl linkage (Mao et 

al., 2006). The pathway for β-aryl ether oxidation and the genes identified in 

Sphingomonas paucimobilis, as described by Bugg et al. (2011), is shown in figure  

1.1. The molecular mass of lignin is high (600–1000 kDa), although not unifo rm, 

varies significantly within isolated samples, making it difficult to be determined using 

conventional formula (Kirk and Farrell 1987).  Lignin is highly reduced, and its carbon 

content is 50% higher than that of polysaccharides. The carbon content of lignin makes 

it energy-rich (Brown and Chang, 2014).   

Although recalcitrant to microbial degradation, white-rot fungi such as Phanerochaete 

chrysosporium, Pleurotus, and brown-rot fungi use their high redox potential 

extracellular ligninolytic peroxidases (Lignin peroxidases LiP, Manganese 

peroxidases MnP, versatile peroxidases, laccases) to metabolise lignin (Bumpus, and 

Aust, 1987, Dey, et al., 1994, Martinez, et al., 2005, Wong, 2009, Bugg, et al., 2011). 

Bacteria associated with the degradation of lignin are majorly from three phyla, 
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namely, proteobacteria, actinomycetes, and g-proteobacteria. Common examples 

include Streptomyces spp., Nocardia spp., Rhodococcus spp., Sphingomonas spp., and 

Pseudomonas spp. The bacteria play this functional role using extracellular lignin 

peroxidase enzymes. A dyp-type peroxidase activated by Mn2+ ions has also recently 

been identified in the genome of Rhodococcus jostii RHA1 using bioinformatics 

analysis. Upon degradation, lignin breaks into 28 low molecular weight products; 10 

of which are aromatic carboxylic acids, while the other 13 are acyclic 2,4-hexadiene-

1,6-dioic acids (Chen et al., 1982 & Chen et al., 1983).   
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Figure.1.1: Showing pathways and gene products identified in Sphingobium spp. 

SYK-6 for degradation of lignin components. (Adapted from Bugg et al., 2011)  
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Overall, it is worrisome to know that some of these PAHs are of public health concern  

(following their toxicity, carcinogenetic, recalcitrant, mutagenicity and 

bioaccumulative potentials), and even more worrisome to know that these PAHs are 

detected in our environment using various analytical techniques (Armstrong et al.,  

2004, Berset et al., 1999; Poster et al., 2006; Pena et al., 2009; King et al., 1990;  

Kleemann & Meckenstock 2011; Doherty et al., 2015 Cerniglia, 1993, USEPA, 1993, 

Tolosa, et al., 1996; Masih & Taneja 2006), immunoassays (e.g., Knopp et al., 2000), 

and microbial biosensor technology (King et al., 1990; Paton et al., 1997; Applegate 

et al., 1998; Close et al., 2009).   

Obviously, the aromatic compounds with public health concern are unwanted. Thus, 

their presence in the environments beyond permissible levels found in air, water, and 

soil sediments is not desirable (Landrigan et al., 2015). According to Panigrahi et al. 

(2019), anthropogenic activities have introduced about a 1.3billion tonnes of various 

kinds of unwanted substances into the environment in recent years. As of 2015, deaths 

related to pollutants, was about 9million deaths per year globally (Panigrahi et al.,  

2019). A recent study by Vohra et al., (2021), estimated a global total of 10.2 million  

(95% CI: −47.1 to 17.0) premature deaths annually attributable to fossil- fue l 

component. More than ever, there is a need for an effective bio-stimulation regime for 

major ecological restoration enterprise, and reclamation of these polluted 

environments for quality life, agricultural or recreational purposes.  

Over time, studies (Harwood and Parales 1996, Gulensoy and Alvarez 1999, 

Nicholson and Fathepure 2005, Fahy et al. 2008, Carmona et al., 2009) have shown 

that PAHs are degraded under aerobic conditions. Microorganisms can degrade 

aromatic conditions in the presence of oxygen. This is achieved by first oxidising the 
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aromatic ring by bacterial enzymes. The enzymes involved in the aromatic ring's 

oxygenation are either monooxygenases (involving a single oxygen) or dioxygenases  

~ in the presence of di-oxygen (Harayama and Rekik, 1989). In the process involving 

molecular oxygen (as the hydroxyl group), the dioxygenase enzyme hydroxylates the 

aromatic compound converting it to protocatechuate or catechol (Fuchs et al., 2011). 

The ring cleavage dioxygenases occur either as intradiol dioxygenases or estradiol 

dioxygenases. When the reaction involves singlet oxygen, the monooxygenase 

enzymes act by influencing the insertion of single oxygen from the molecular oxygen 

and then converts the aromatic compound to phenols or epoxides (Martins et al., 2005, 

2011). Primarily, the oxygen can either initialise the oxidation process or as an electron 

acceptor in a process called Terminal Electron Accepting Processes (TEAPs) 

(Anderson and Lovley, 1997, Gibson and Pavales, 2000, Seo et al., 2009, Carmona et 

al., 2009). Naturally, the breaking down of aromatic compounds is readily achieved 

by the oxygenase enzyme in the presence of oxygen (Hayaishi, 2008).   

Specifically, this study is interested in the ring hydroxylation/cleavage dioxygenases  

(RHD). This is because the RHD have been shown to metabolise xenobiotics (Wackett, 

2002, Urlacher and Schmid, 2006).  The RHDs are also called Rieske non-heme iron 

oxygenases because of the presence of the Rieske (2Fe-2S) cluster in the enzyme active 

site (α-38subunit) where one of the iron atom (2Fe-2S) is coordinated by the two 

histidines nitrogen atom, and the other iron atom of the 2Fe's is coordinated by the two 

cysteines sulphur atom. These enzymes (Rieske non-heme iron oxygenases) are critical 

in the degradation of aromatic compounds because of the role they play in electron 

transport, which initiates molecular oxygen at the enzyme active site (Ferraro et al. 

2005). Following sequence-analysis or protein purification, over 30 RHDs with 

various mononuclear Rieske oxygenase systems are identified (Jiang et al., 1996).   
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However, RHD's contain multiple components (two to three) of the enzyme system. 

According to Romine et al. (1999), a catalysed reaction by a single ferredoxin and 

reductase have the potentials of reacting with multiple Rieske dioxygenase 

components and producing active multicomponent enzymes. Therefore, it is possible 

to study different microbes by analysing sequences of the Rieske oxygenase enzyme. 

It has been reported that microbes with a similar sequence of the Rieske oxygenase 

enzyme have a similar size of amino acid and amino acid sequence. This implies that 

the microbes appear to share a common ancestry. Furthermore, the genes are conserved 

from generation to generation by different horizontal, transposons and other genetic 

phenomena such as gene duplication, transfer, deletion, recombination and multip le 

point mutations (Furukawa, 2000). Moreover, microbes that are implicated in this 

process are mostly from phyla Actinobacteria, Firmicutes, and Proteobacteria  

(Dominy et al. 2006, Liou et al. 2008, Valderrama et al. 2012), such as 

Pseudomonaspp., Nitrosomonas spp., and Rhodococcus spp. (Jeffrey et al., 1975, Kok 

t al., 1989, Heider and Fuchs 1997, Van et al., 2001, Larkin et al., 1999). (See figure  

1.2).  
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Figure1. 2: Showing the aerobic degradation pathway of aromatic hydrocarbons (a) 
leading to immediate catechol or protocatechuate production and (b) leading to 

aromatic ring cleavage. (Adapted from Fuchs et al. 2011)   
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It is important to state here that most of these microbes are culture-independent. 

Despite several microbiological efforts to grow microorganisms, researchers could 

only study 1% of these microbes using traditional culture-dependent techniques. These 

majorly unculturable group of microorganisms (˃98%) lab-wise but viable in a natural 

environment are called viable but nonculturable microorganisms (VBNC) (Oliver, 

2005). Interestingly, they (VBNC) represent a novel group or likely an active/dominant 

microbial groups in polluted land (Rastogi and Sani, 2011). They are also said to 

harbour more information in their genomes than the culturable ones (Rondon et al., 

2000) because their primary source of information lies in proteins, lipids and nucleic 

acids. Therefore, analysing such organisms involves exploring the whole or selected 

genes such as 16S and 18SrRNA (ribosomal RNA).   

Furthermore, the continuous exploration of the culture- independent microorganisms 

using various molecular techniques has enabled microbial ecologists to analyse various 

microbial community structures and their functional diversity in the polluted sites 

(Nocker et al., 2007).  It has been established that they can effectively contribute to 

proffering solutions to contemporary global environmental challenges, especially 

pollution (Handelsman 2004; Cavaletti et al. 2006, Torsvik and Ovreas, 2002).  

Molecular techniques such as stable-isotope probing (SIP), metagenomics, 

bioinformatics, and High Throughput Soil DNA sequencing (HTS) allows the 

cultivation of such microorganisms in situ. These molecular techniques have identified 

several functional genes as molecular biomarkers to reveal specific microbia l 

subpopulations which have certain desirable physiological traits within a community 

that boost biodegradation potentials (Torsvik and Øvrea˚s, 2002). And, have also 

played  
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pivotal roles in revealing the identity, function, activity, evolution, and diversity of soil 

microorganisms in an environment (Nannipieri et al., 2014; Thies 2015; Rivera and  

Izard 2015).   

Though, traditional culture-based techniques have been used to isolate, characterise, 

and identify microbes; until microbiology advanced to metagenomics three decades 

ago (Pace et al., 1986). The advent of molecular techniques, bioinformatics, and HTS 

revealed the limitations of the traditional culture-based approach (Delmont et al., 2011, 

Nannipieri et al., 2014; Thies, 2015; Rivera and Izard 2015). The culture-based 

technique is unable to comprehensively capture the complete profiles of various 

microbial communities (Baya et al., 1986; Colwell et al., 1996; Colwell and Grimes  

2000; Whang and Hattori, 1988), and studies have shown that only ≤1% of 

microorganism are culture-dependent (Torsvik et al., 1990; Torsvik and Ovreas, 2002; 

Kirk et al., 2004). Applying these techniques (culture-dependent) implies that most 

unculturable microorganisms are left-out. The lack of essential nutrients, temperature, 

optimum pressure, inappropriate atmospheric gas combination, accumulation of 

metabolic/toxic wastes by microorganisms are major limiting factors to the traditiona l 

culture-based technique (Simu and Hagstrom, 2004).   

Additionally, the inconsistencies of culture-based technique as highlighted in 

microbial population sizes, including estimation in dilution, microscopy (Handelsman, 

2004), and plate count anomaly (Staley and Konopka, 1985), are limitations that are 

not negligible. These limitations prompted the acceptance and explorations of 

metagenomics techniques in the study of microorganisms. However, it is 

acknowledged that a culture-based study (Torsvik et al., 1990) was the first to provide 

a preamble on the study of soil microbial diversity. For instance, a study by Torsvik et 

al. (1990) used DNA-DNA re-association techniques to show that the complexity of 
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bacterial DNA in the soil was at least 100% more than which could be accounted for 

by culture-based techniques. This is, therefore, a further confirmation that the 

cultureindependent microbes are more diverse than estimated.  

Moreover, the accumulation of metagenomic data relevant to marine and terrestrial 

ecosystems (Tyson et al., 2004, Garcı́ a Martı́ n et al., 2006, Kurokawa et al., 2007,  

Nealson and Venter, 2007, Vogel et al., 2009) has enabled microbial ecologists to mine 

various functional genes. Large amounts of data through various databases 

(https://img.jgi.doe.gov/; gov/cgibin/m/main.cgi; https://www.ncbi.nlm.nih.gov/; 

http://metagenomics.anl.gov/; http://camera.calit2.net/), are now increasingly accessible 

to the public. These data allow microbial ecologists to investigate various functiona l 

genes and their link to various microbial community members.  They also help 

generate various putative hypotheses (such as the correlations between microbia l 

community structures and microbial functions) that can be experimentally validated, 

as would later be seen in this study (Delmont et al., 2011). Therefore, the ability of 

metagenomics methods to study microbial diversity, ecology and link phylogeny with 

functionality from an environment give it an edge over culture-based techniques 

(Delmont et al., 2011; Eisen, 2007; Handelsman et al., 1998).   

Furthermore, soil metagenomes are complex and requires more robust techniques to 

study them (Delmont et al., 2011). Metagenomics has shed more light on microbia l 

diversity and has proven to have the capacity to study complex microbial communit ies 

in a complex environment (Handelsman, 2004; Rondon et al., 2000). The ability of 

metagenomics to link specific microbial communities to geochemical function is a 

breakthrough in the area of reclamation of polluted land (Delmont et al., 2011; Eisen, 

2007; Handelsman et al., 1998). For instance, gene mining of environmental samples 

is now possible using molecular approaches, and the biodegradation potential of the 

http://camera.calit2.net/
http://camera.calit2.net/
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microorganisms in environmental samples can be evaluated (Delmont, 2011, Zhou, 

2012, Chakraborty et al., 2012; Lovley, 2003), and the degradation pathways may also 

be predicted (Dojka et al., 1998). Overall, the microbial population structures and their 

functional diversity in the reclamation of polluted land can be studied using various 

molecular techniques such as clone libraries, hybridisation, isotope array, quantitat ive 

polymerase chain reaction (qPCR), DNA microarray and, genetic fingerprinting.   

Addtionally, metagenomics can capture the total genomes (also known as community 

genomics, environmental genomics or microbial ecogenomics) of an environment. 

This involves directly analysing the total genomes of environmental samples without 

having prior information of the microbial communities - thereby circumventing the 

limitations associated with laboratory-based cultivation methods (Eyers et al., 2004b, 

Riesenfeld et al., 2004). Specifically, the metagenomics study involves constructing 

metagenomic libraries that comprise of clones with specific DNA-sequence and 

functional potentials in an environment. It introduces recombinant vectors into 

appropriate bacterial cloning host; and generates and reconciles appropriate-sized 

DNA fragments into suitable cloning vector such as bacterial artificial chromosome 

vectors, fosmid and cosmid (Daniel, 2005).  During this process, it is possible to 

retrieve novel sequences or functional potentials from the environment. According to 

Riesenfeld et al. (2004), metagenomic libraries with small DNA fragments ranging 

from 2–3 kb produces better metagenome coverage of an environment than those with 

larger ones. However, investigating multigene biochemical pathways requires 

metagenomic libraries with larger-fragments (100–200 kb).   

This technique also relies on the concept that the entire genetic compositions of 

environmental microbial communities are sequenced using high throughput Illumina 
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sequencing (HTS). The technique has overcome the limitations by other molecular 

techniques.  It does not require target methods that investigate only PCR-amplified 

selected genes (e.g., genetic fingerprinting techniques). For instance, the PCR 

amplified selected genes methods are limited because they do not provide information 

on the genetic diversity beyond the genes being amplified and, also depend on the 

universality of the PCR primers chosen for the analysis which captures only the 

diversity of a single gene of interest (Prosser, 2012; Klindworth et al., 2013; Shakya 

et al., 2013; Parada et al., 2015).  

Additionally, biases in sequencing technologies and DNA extraction techniques affect 

the sequence distributions. The genomic material generated from direct metagenomic 

DNA extraction is usually not enough for subsequent library construction. The 

frequency of gene clones’ active in expressing a phenotype and cell densities 

harboured in environments heavily contaminated are often shallow. Besides, genomic 

DNA isolated from complex environmental matrices such as soil, sludge, and 

wastewater; contains some inhibitory substances (such as cellulose, phenols, humics, 

and proteins) co-extracted with the DNA. These matrices often affect the molecular 

size (e.g., DNA is often sheared to low-size fragments), quality, and the adequate 

representation of total microbial genomes (such as experimental normalisation and size 

fractionation which are often necessary) (Cowan et al., 2005).   

Generally, metagenomics is suitable and highly applicable to investigate the functiona l 

diversity of microorganisms found in PAHs-polluted sites (Abbai et al., 2012, Abbai 

and Pillay, 2013), environmental samples (Tringe et al., 2005), groundwater polluted 

with heavy metals (Hemme et al., 2010), and all contaminated sites (Stenuit et al., 

2008; Desai et al., 2010). The screening of metagenomic libraries is carried out either 

by sequence-driven analysis or functional screening of expressed phenotypes 
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(Handelsman, 2004, Rondon et al., 2000). However, this current study employed total 

metagenomics methods because of its edge over each of the screening methods 

mentioned above.  

Sequence-based metagenomics involves sequencing clones of microbial DNA 

extracted from environmental samples to provide the genetic information of 

microorganisms in the samples (Venter et al., 2004; Tyson et al., 2004). The DNA 

isolates are cloned into a suitable vector (stable plasmid in an organism that can be 

easily maintained) and converted into a host bacterium before random sequencing. 

DeLong first employed this approach to link a cultured- independent archaeon's 16S 

rRNA gene (Stein et al., 1996). Sequencing the 16S rRNA gene has proven helpful in 

next-generation sequencing (HTS and 454 Pyrosequencing). The microbia l 

populations characterised by this method are a true reflection of the environment 

(Lovley, 2003; Chakraborty et al., 2012).  

Function-based metagenomics involves cloning (into a suitable vector) and 

transforming it into a host bacterium of DNA isolated from environmental samples. 

However, what is looked after in the clone's phylogenetic markers (16S rRNA or other 

conserved genes by hybridisation or multiplex PCR), are functions or specific trait 

expressions of genes such as those responsible for antibiotics production (Courtois et 

al., 2003; Gillespie et al., 2002; MacNeil et al., 2001; Schloss and Handelsman, 2003, 

Stein et al., 1996, Wang et al., 2000; Courtois et al., 2003; Gillespie et al., 2002; 

MacNeil et al., 2001), antimicrobial or antibiotic resistance (Davies, 1994) antibiot ic 

resistance genes (Riesenfeld et al., 2004 and Diaz-Torres et al., 2003) or heavy metals  

(such as mercury) or arsenic resistance (Osborn, et al., 1997, Liebert, et al., 1999, 

Cervantes, et al., 1994), enzyme activity (Healy et al., 1995; Henne et al., 1999; Henne 
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et al., 2000), pathogenicity (Hacker, et al. 1997, Groisman and Ochman, 1997, Hacker 

and Kaper, 2000), genes responsible for antimicrobial or antibiotic resistance  

(Davies,J., 1994) antibiotic resistance genes (Riesenfeld et al., 2004 and Diaz-Torres 

et al., 2003) or heavy metals (such as mercury) or arsenic resistance (Osborn, et al., 

1997, Liebert, et al., 1999, Cervantes, et al., 1994). (See figure 1.3).  

  

Figure1. 3: Showing schematic description of the metagenomics techniques (Functiondriven 
and sequence-driven) in construction and screening metagenomic libraries (adapted from 
Handelsman, 2004).  

In further attempt to circumvent the limitations of culture-dependent techniques and 

some culture-independent techniques, especially function-based metagenomics, 
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microbiologists have made advances to seek suitable methods in identifying specific 

functional roles of diverse microorganism in their microenvironment. Studies  

(Boschker et al., 1998 and Radajewski et al., 2000) first employed the SIP technique  

to link bacterial function in an environment to their identity. In the SIP technique, the 

microcosm is carefully designed to reflect the natural environment. Then, heavy stable 

isotopes (labelled substrates) such as 2H, 18O (Aanderud and Lennon, 2011; Woods et 

al., 2011), 15N (Bell et al., 2011; Buckley et al., 2007a, b; Roh et al., 2009), and mostly  

13C (as seen in Hall et al., 1999; Chen et al., 2008; Morris et al., 2002; Lueders et al., 

2004); are spiked into the soil microcosm, and allowed for the isotopically labelled 

substrates be assimilated by the active indigenous microorganisms. SIP methods are 

described as innovative techniques which, has enabled microbial ecologists to answer 

the ‘big questions' of who is there? What are they doing? What is their identity and 

linked their roles to various biogeochemical cycles and biodegradation processes 

(Manefield et al., 2004; Uhlik et al., 2009; Chen et al., 2012).  

The utilisation of the labelled substrates by the microcosm's active microorganisms 

allows it to incorporate into the microbial biomass. Densities of biomarkers of the 

active microbial community members involved in the isotopically labelled substrate's 

metabolism become higher, while that of the microbial group cannot be lower. These 

microbial biomarkers are then separated and retrieved using an ultracentrifuge (See 

figure 2.2) (Meselson and Stahl, 1958; Dunford and Neufeld, 2010; Neufeld et al., 

2007b). Confirming incorporation of the labelled substrates into the DNA of the 

microorganism implies assimilation of the substrates by the metabolically active  

microbes (Radajewski et al., 2003, Dumont and Murrell, 2005, Chen and Murrell, 

2010, Madsen, 2010, Neufeld et al., 2007b; Uhlík et al., 2009a).   

Overall, SIP depends on identifying the active and functional microbial populations in 

an ecosystem.  Biomarkers of the functional microbial populations are further 
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screened. This is done in order to validate the incorporation of substrates into 

biomarkers. These biomarkers include nucleic acids (Radajewski et al., 2000, 

Manefield et al., 2002), proteins (Jehmlich et al., 2010), and phospholipid fatty 

acidsPLFAs (Boschker et al., 1998). The next screening step includes refractometer, 

fluorimeter, PCR, QPCR, bio-analyser and nanodrop technologies). The SIP technique 

is an excellent tool for identifying uncultured microorganisms and their functiona l 

roles in an ecosystem (Friedrich, 2006). However, it is worthy of note that 

demonstrating the SIP technique with any of the biomarkers mentioned earlier depends 

on the research's sensitivity and substrates used.  Some methods are more sensitive 

than others, while others are more suitable for some applications.   

PLFA-SIP is the most sensitive (Nannipieri et al., 2003). Nucleic acids-SIP (DNA and 

rRNA) though less sensitive, but are proven to be more suitable in identifying active 

microorganisms that degrade pollutants and allows classification of an extensive 

taxonomic group (Wakket, 2004; Manefield et al., 2004). Studies (Jeon et al., 2003, 

Friedrich et al., 2006; Neufeld et al., 2007; Dunford and Neufield, 2010) that used 

labelled PAHs substrates further confirm the suitability of nucleic acids-SIP 

techniques in the degradation of pollutants.   

According to Radajewski et al. (2003), identifying the phylogeny of active 

microorganisms in an environment that relies only on the RNA sequences is not a true 

reflection of the microbes in the environment. To overcome this, several other 

molecular techniques have been developed to complement the SIP techniques. 

Metagenomics (Radajewski et al., 2003, Jeon et al., 2003, Rondon et al., 2000;  

Scmeisser et al., 2007, Uhlík et al., 2011), radioactive labelling (Nikolausz et al., 2007; 

Jehmlich et al., 2010), fluorescence in situ hybridisation (FISH) together with 

nanometer-scale secondary ion MS (Lechene et al., 2007; Musat and Widdel, 2008), 
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and Raman microscopy (Huang et al., 2004) have been used in several molecular and 

cellular biology studies to identify single cells activity in vitro. For instance, only the 

metagenomics technique predicts the culture-independent bacteria from the 

environmental gene libraries (Scmeisser et al., 2007), but coupling it with SIP reveals 

the functional genes and taxonomic diversities (Uhlik, 2009). This method also unveils 

the microbial community in a complex environment characterised with low microbia l 

genomes, making it possible to discover novel enzymes (Wellington et al., 2003; 

Frazer, 2012).  

Nucleic acids-SIP has played pivotal roles in identifying diverse, active 

cultureindependent microbial communities in a natural environment (Buckley et al., 

2007). Studies (Manefield et al., 2002, 2004; Whiteley et al., 2007) have shown that 

nucleic acids-SIP provides more phylogenetic information of diverse microbia l 

populations than the other available SIP techniques. Here, the isotopically labelled 

substrates used in the microcosm are incorporated into the microorganisms' nucleic 

acids and labelling the same, irrespective of cell division (Manefield et al., 2002, 2004; 

Whiteley et al., 2007). Nucleic acids-SIP could be either be DNA-SIP, RNA-SIP or 

both (Bernard et al., 2007, Lueders et al., 2004).   

The DNA-SIP technique enabled microbial ecologists to identify diverse microbia l 

community degrading specific compounds. This technique has provided enormous 

information on a diverse microbial community's role in biogeochemical cycling and 

various microbial degradation processes. Diverse microbial community involved in 

metabolising substrates of interest as their carbon source, incorporating the same into 

their biomass, and those involved in metabolising the intermediate compounds 

(tropical cross-feeders) during the degradation process, have been identified (Uhlik et 

al., 2009).  Here, the substrate(s) of interest is carefully spiked into a carefully designed 
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microcosm with conditions (such as the concentration of the substrate, temperature, 

and headspace) to reflect the natural environment. These conditions will stimula te 

dominance of the substrate-degrading microorganisms, thereby allowing them to 

synthesise labelled DNA responsible for degrading the isotopically labelled substrate 

incorporated. Critical to this study, Neufield et al. (2007) reported that the acceptable 

concentration ranges to be incorporated into a microcosm depends on the nature of the 

sample used. For instance, the acceptable carbon concentration range for soil/sediment 

samples is between 5 to 500µmol of the 13C-labelled substrate per gram of soil, and 

aquatic samples range between 1 to 100µmmol 13C per litre.  

Moreover, it is crucial to allow the incubation for an extended period to enable the 

active degraders to metabolise even intermediate products of the substrates and 

synthesise labelled DNA sufficient for other downstream analysis. Microorganisms in 

the microcosm that cannot utilise the substrate of interest may rely on the intermed ia te 

products produced in the degradation process -this known as cross-feeding. Therefore, 

these microorganisms will be found with light or unlabeled DNA. Therefore, 

confirmation of cross-feeding indicates that DNA-SIP has likely completed in the 

microcosm and allows an exact resolution of linking function with phylogenetic 

identity (Radajewski et al., 2002). Clearly, DNA-SIP allows the 16S rRNA genes and 

other biomarkers of the indigenous microorganisms active in the microcosm to be 

analysed (Neufeld, 2006). Upon completion of incubation, the microcosms are 

sacrificed, and DNA is extracted using suitable techniques, ultracentrifuged (CsCl 

gradients), separate the nucleic acid having different densities by fractionation, purify, 

precipitated and then elude in a buffer to retrieve the DNA before other downstream 

processing (Dunford and Nuefeld, 2010).   
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The same principle employed by DNA-SIP in linking microorganisms' functions in an 

ecosystem to their taxonomic identity is applied in RNA-SIP using Caesium 

trifluoroacetate (CsTFA) in the density-gradient centrifugation. In this technique, the 

biomarker is RNA. Though providing the same sequence-based resolution as the  

DNA-SIP technique (Manefield et al., 2004), several studies (Manefield et al., 2002,  

Radajewski et al., 2003, Gallagher et al., 2005, Dumont et al., 2006) have shown that  

RNA-SIP is more efficient, sensitive, responses better, and with high turnover than  

DNA-SIP-experiment. This is because RNA labelling is achieved quickly, its 

syntheses are at a high rate of dormant cells, and the process does not depend on the 

microbial DNA synthesis. This has overcome long-time incubation as in DNA-SIP and 

potentially reduced cost as the number of substrates used on a timely basis is reduced.   

The biomarkers of interest (RNAs) are naturally amplified, thereby enabling the 

circumventing of having to amplify the biomarkers such as the 16S rRNA-PCR in 

DNA-SIP (Radajewski et al., 2003). This also implies that this technique is more 

suitable where the microcosm's growth rate is slow, especially when the degradation 

of the substrate of interest is slow (Kasai et al., 2006).   

The fundamental reason that all enzymatic activity of a cell in various biochemica l 

reactions involves proteins qualifies proteins as an ideal biomarker that can be 

recovered and used in linking the functional roles of diverse microbial structures to 

their taxonomic identity in an ecosystem (Benndorf et al., 2007, 2009, Jehmlich et al. 

2009, 2008a). This technique explores the labelled proteins' amino acids sequence 

using an isotopically- labelled substrate in a microcosm (Jehmlich et al., 2010) to 

identifying the active microbial community's phylogenetic information and metabolic  

activity.    
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Figure1. 4: Showing the entire cycle of SIP ranging from incubation, an 
ultracentrifuged beckam tube with separation of heavy DNA (13C-labelled) and the 
light DNA (unlabelled) from the labelled tube. The control tube only showed the 

native 12C-DNA as viewed under UV – Image and other downstream analysis 

(adapted from Gutierrez (2010).  

  

Having known the effects of these PAHs, it is alarming to know that a vast landmass 

such as the Niger-Delta area (Tamuno, 1999, Vidal, 2011, Nwilo and Badejo, 2001, 

Sojinu et al., 2010, Kadafa, 2012, Ite et al., 2013), and the Northern Ireland (Anders 

et al., 2004, http://www.bgs.ac.uk/gsni/tellus/overview/, Doherty et al., 2015, 

https://www.bgs.ac.uk/gsni/tellus/data_licensing/index.html, 

http://resources.bgs.ac.uk/gsni/geochemistry/TellusMethodologyAndDetectionLimits 

.pdf), are found with these compounds following long term exploration of petroleum 

components and industrial activities accordingly. This is a critical problem whose 

effects includes but not limited to public health, ecological, agricultural, aquatic, 

economical, thus ~ not negligible (Bostrom et al., 2002). More than ever, there is a 
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need to de-contaminate and reclaim these areas using an effective, environmenta l ly 

friendly, cost-effective and faster microbiological technique (also known as ~ 

Sustainable Remediation) using natural components such as lignin phenolic other than 

the ones currently obtainable.  

It is established that biological processes (including microbial degradation) dominate 

polluted environments (Wilson, 1983). Studies (Keck et al., 1989, Ulrici, 2000, 

Bamforth and Singleton, 2005, Brooijmans et al., 2009) have shown that 

microorganisms can degrade aromatic hydrocarbon pollutants are present in the 

contaminated sediments. The indigenous microbes utilise a diverse array of these 

aromatic substrates for growth (i.e. as primary substrate), in consortium or singly (as 

in the case of co-oxidation or co-metabolism) to give rise to non-toxic smaller subunits 

compounds such as carbon dioxide, water and methane among other  

intermediates (Keck et al., 1989, Bamforth and Singleton, 2005, Singleton et al., 2005, 

Rezek et al., 2008).  

Bioremediation involves using natural components and living organisms to remove 

wastes in situ or ex-situ (Mueller et al., (1997).  According to a US Environmenta l 

Protection Agency report, USEPA (2001), interest in bioremediation increases. This is 

evident in how several studies (Hutchins et al., 1991; Battermann et al., 1993; 

Alexander, 1999; Bewley and Webb, 2001; Lovley, 2003; Atlas and Philp, 2005; 

Bombach et al., 2010, Vilchez-Vargas et al., 2010), have used diverse techniques (such 

as metagenomics and meta-transcriptomics), to improve the application of this 

technique in an attempt to solve the current challenge of pollution. A study by Lovley 

(2003) reported that bioremediation method is yet to be fully explored - hence 

knowledge on bioremediation exploration, applicability, and implementation is still 

limited.    



 

43  

  

The same procedures microbes employ in degrading lignocellulose can also 

breakdown PAHs. Enzymatic systems such as oxygenases, dehydrogenase and 

ligninolytic enzymes (lignin peroxidase, laccase, and manganese peroxidase) 

degrading lignin degrade PAHs (Hammel, 1992, Johnsen et al., 2005). According to 

Boon et al. (2000), the degradation of PAHs with five or more benzene rings in nature 

largely depends on the collective metabolic activities of mixed bacterial populations. 

Some degradation processes are co-metabolic – thus, the microbes rely on other energy 

sources but do not benefit from such reactions, carbon or energy-wise. In co-metabolic 

reactions, organic compounds are transformed from one state to another (mainly toxic 

to non-toxic or less toxic) by various microorganisms acting singly or in a consortium. 

The ability of bacteria and fungi in soils to degrade PAHs and lignin or lignin phenols 

makes them attractive to bioremediation of soil contaminated by organic pollutants 

(Haritash and Kaushik 2009, Timothy et al., 2011).   

The characteristics of the bacterial enzymes (specificity) are likely what confers the 

degradation potentials on bacteria. The extracellular enzymes (ligninolytic enzymes, 

peroxidases and laccases) employed by these microbes during the degradation 

processes are naturally less specific to substrates. This implies that microbes can act 

on various closely related compounds. Studies (Shields et al., 1991; Delgado et al., 

1992; Alexander, 1999) have revealed the possibility of this reaction for various 

substrates and test compounds by multiple co-metabolic bacterial enzymes' activit ies 

in different environmental conditions. Naphthalene dioxygenases (NDO), for instance, 

acts on xylene, ethylbenzene and isomers of nitrotoluene (Sinha et al., 2009, Becker 

and Seagren 2010); toluene monooxygenases transform toluene into o-cresol and also 

breaks down trichloroethylene (TCE). Again, toluene dioxygenases are involved in all 

critical stages of degrading, both toluene and TCE (Nelson et al., 1988; Shuying and 
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Wackett, 1992; Roberstson et al., 1992). Biphenyl dioxygenases are also active in 

breaking down several Polychlorinated biphenyls congeners (Abraham et al., 2002). 

Co-metabolism is a biotransformation or bioconversion process occurring in nature in 

the presence of suitable amount of sustrates, and its importance to various naturally 

occurring processes in our environment is numerous.  Again, the most naturally 

occurring bioremediation processes are cometabolic reactions. The process has gained 

acceptance by bioremediation experts because co-metabolism process of oxidizing an 

organic compound occurs mainly in a heterogeneous environment such as the soil 

(Alexander, 1999).   

Moreover, the occurrence of PAHs-degradation genes on genetic and mobile elements 

indicates that bacteria in an environment such as PAHs-polluted soils can transfer gene 

with PAH-degrading potential among themselves through conjugate or horizontal gene 

transfer. This argument is evident in Herrick et al. (1997) and StuartKeil et al., (1998) 

studies; using tar-polluted soils. These studies showed pieces of evidence that the 

plasmid encoding for naphthalene catabolic genes (NAH-genes) in Sphingomonas spp 

are successive between various phylogenetic bacterial community members. This 

peculiar ability of microorganisms has conferred on them features such as 

pathogenicity (Hacker et al. 1997; Groisman and Ochman, 1997; Hacker and Kaper, 

2000), antibacterial resistance (Davies, 1994), resistance to heavy metals (such as 

mercury) or arsenic resistance (Osborn et al., 1997; Liebert et al., 1999; Cervantes et 

al., 1994).  

Clearly, studies have isolated and characterised naphthalene catabolic genes in 

Pseudomonas spp by the plasmid NAH7 (Ensley, et al., 1982; Simon et al., 1993). The 

degradative pathway of naphthalene in Pseudomonas spp. is structured into two unique 

independently regulated operons. One operon has the genes for the upper pathway 
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enzymes. This operon converts naphthalene to salicylate. In contrast, the other (sal 

operon) has the genes for the lower pathway enzymes and therefore involve in 

transforming the salicylate to pyruvate and acetaldehyde (Simon et al., 1993). The 

operons are regulated by a transcriptional regulator (nahAa, a LysR type), commonly 

found in bacteria. It is the presence of the salicylate that triggers the function of the 

regulator~nahAa in this regard. Finally, a high- level expression of the NahAa genes in 

bacteria are generated (Yen and Gunsalus, 1985; Menn et al., 1993; Simon et al., 1993; 

Yang et al., 1994; Bosch et al., 2000; Peng et al., 2008).  

The nahAa alpha subunits of the NDO were analysed in the metagenome. This genes 

are discovered to be associated with PAH-degradation. Specifically, the genes are 

widely found in Gram negative bacteria (especially, Pseudomonas spp.) and their 

proteins are well studied. Pseudomonas putida was used as a representative in this 

study because studies have shown that the first nahAa genes were isolated from  

Pseudomonas (Ensley, et al., 1982; Ensley and Gibson, 1983; Simon et al., 1993;  

Allen, et al., 1997; Priefert et al., 1997; Venturi et al., 1998; Narbad & Gasson, 1998; 

Larkin, et al., 1999). A key study by Allen, et al., (1997), also first isolated these genes 

in Rhodococcus spp., where they have c40% amino acid homology. Metagenomics 

techniques such as HTS technologies, bioinformatics tools (Fast QC, BBDu, Kaiju, 

Megahit, Prodigal, Quast, BBMap, Hmmer) and statistical model such as Statistica l 

Analysis of Taxonomic and Functional Profiles, STAMP (Parks et al., 2014) and 

Hidden Markov models, (Shihab et al., 2013) are used to assess this trait.   

This thesis focused on a selected site from the Tellus urban soils. The geophysical and 

geochemical data from this site revealed by the Geological Survey of Northern Ireland 

(GSNI) showed PAH-contamination (please, see Table 2.1). No study has investiga ted 
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the bacterial community structure and functional genes in these PAH-polluted Tellus 

urban soils.  

Microcosms were carefully enriched with isotopically stable substrates, incubated and 

processed using the DNA-stable isotope technique. DNA signatures from the SIP 

experiments were processed using metagenomic procedures ~ Illumina sequencing of 

labelled DNA, and bioinformatics analysis (using software such as Kaiju, Hmmer and 

Krona) to observe the incorporation and metabolism of analogue substrates, and their 

impacts on the structure of the bacterial communities.  

1.1.1 Key Hypotheses addressed in this study  

Specifically, the hypotheses of this study are below:  

i. Naturally occurring lignin-derived phenols (vanillin) can influence the 

phylogenetic and functional genes of the diverse bacterial population 

responsible for degradation of naphthalene in a PAH-contaminated soil. In this 

current chapter, this hypothesis is addressed using oxygenases as functiona l 

gene markers for aromatic hydrocarbon degradation, and through observations 

in the phylogenetic structure of related bacterial populations from SIP 

experiments.  

ii. Naturally occurring plants phenolic-mixtures can influence the phylogenetic 

and functional genes of the bacterial population degrading vanillin in 

PAHcontaminated soil. We address this hypothesis here using oxygenases as 

functional gene markers for aromatic hydrocarbon degradation, and through 

observations in the phylogenetic structure of related bacterial populations from  

SIP experiments.  
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1.1.2 Related Research Questions addressed in this study  

i. Are the phylogenetic and functional genes of the diverse bacterial populations' 

responsible for degrading naphthalene and other PAH-mixtures influenced by 

naturally occurring plant phenolic compounds in PAH-contaminated Tellus 

urban soil?   

ii. Are the phylogenetic and functional genes of the diverse bacterial populations 

degrading vanillin in PAH-contaminated Tellus urban soil influenced by 

naphthalene and other PAH-mixtures?   

iii. Are the phylogenetic and functional genes of the diverse bacterial populations 

degrading vanillin in PAH-contaminated Tellus urban soil influenced by 

naturally occurring plant phenols?  

1.2 AIMS OF THIS STUDY  

The aims of this current study are:  

i. To investigate the influence of naturally occurring plant phenols (vanillin) on the 

16S rRNA gene profile present in the bacterial population degrading naphthalene and 

other PAH cocktails in PAH-contaminated urban soils. To address this aim, this 

study employed metagenomics procedures - primarily based on DNA stable isotope 

probing, coupled with Illumina sequencing of labelled DNA, and bioinformatics 

analysis (using software such as Kaiju, Hmmer and Krona). If there is a clear effect, 

incorporating lignocellulose into PAH-polluted soils can solve the big problem of 

the continuous introduction of PAHs into the environment through natural and 

anthropogenic sources. ii. To investigate the influence of natural phenolic-mixtures 

on the diverse bacterial population degrading vanillin (identified from the profile of 

16S rRNA genes present) in PAH-contaminated urban soil using metagenomics 

procedures – principally based on DNA stable isotope probing, coupled with 
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Illumina sequencing of labelled DNA, and bioinformatics analysis ( using software 

such as Kaiju, Hmmer and Krona).  

1.2.1 Specific Objectives of this study  

To further breakdown and achieve the above aims, the specific objectives of this 

current study are are:  

i. To investigate the influence of lignin phenols (vanillin) on the diverse 

bacterial populations responsible for the aerobic degradation of 

naphthalene and other PAH-mixtures in the PAH-contaminated urban soils 

using DNA- SIP experiments.   

ii. To investigate the influence of naphthalene and other PAH-mixtures on the 

diverse bacterial populations responsible for vanillin's aerobic degradation 

in the PAH-polluted Tellus urban using method outlined in (i) above.  iii.  

To investigate the bacterial populations responsible for aerobic vanill in 

degradation in the PAH-polluted Tellus urban soil using method outlined 

in (i) above.  

iv. To investigate the influence of lignin phenol mixtures on the diverse 

bacterial populations responsible for vanillin's aerobic degradation in the 

PAH-contaminated urban soils using method outlined in (i) above.  

v. To probe for the ring hydroxylating dioxygenases-RHD (naphtha lene 

dioxygenase gene NDO) used by the autochthonous bacterial communit ies 

for the breakdown of naphthalene and vanillin in the Tellus urban soils; 

using metagenomics procedures using software such as Kaiju, Hmmer. vi.  

To probe for the level of abundance of the enzymes employed by the 

diverse bacterial populations associated with the degradation of lignin 
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phenols and PAH-mixtures in PAH- contaminated Tellus urban soil using 

metagenomics procedures using software such as Kaiju, Hmmer.   

1.3 FRAMEWORK OFTHIS THESIS   

The framework of this thesis is summarized below:  

Chapter one: This chapter introduced and set a piece of background information for 

this study. It highlighted the current available studies relevant to the subject matter.  

The problem and knowledge gaps are identified. This chapter provides a 

comprehensive explanation of the existing literature relevant to this study. It 

summarised the degradation of vanillin and naphthalene pivotal to this current study.  

It also explored past and current methods employed by studies relevant to this study. 

Specifically, this chapter explored molecular environmental microbiology techniques 

such as the DNA-SIP and other confirmatory experiments such as the qualitat ive 

(16SrRNA PCR, functional and quantitative (qPCR) experiments. The research 

questions, hypothesis, specific aims, and objectives are addressed.  

Chapter two: This chapter summarised the materials and methods employed in this 

study. It provided the research background in the literature to every relevant 

experiment. Here, a detailed explanation of methods such as the DNA-SIP, and the 

study's relevant biochemistry and chemistry was stated. Here, the differing optimal 

conditions for the main experiments, such as those presented in chapter 4 and 5.  

Chapter Three: This chapter presented data from an experiment that investigated the 

influence of vanillin on the aerobic degradation of naphthalene and other PAHs 

cocktails in PAH-contaminated urban soils using DNA-SIP technique, metagenomics 

and High Throughput Soil Illumina sequencing.  

Chapter Four: This chapter presented data from an experiment that investigated the 

influence of lignin phenol mixtures on vanillin's aerobic degradation in 
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PAHcontaminated urban soils using DNA-SIP technique, metagenomics and High 

Throughput Soil Illumina sequencing.  

Chapter Five: This chapter discusses this entire project and draws inferences from 

the data. It also highlights the importance and applications of this study and provided 

recommendations for future work.  
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CHAPTER TWO  

METHODS AND OPTIMSATION OF EXPERIMENTS  

2.0 INTRODUCTION  

In this chapter, methods are optimised to investigate the natural degradation of vanill in, 

the rate of degradation of vanillin, and vanillin's degradation in the presence of PAH-

admixtures (naphthalene, acenaphthene, fluorene, phenanthrene and biphenyl) using 

PAH-polluted soil samples collected from Tellus site 3. Optimising these experiments 

enabled this current study to design microcosms with the best conditions suitable for 

DNA-SIP experiments (as would be seen in chapter 3 and 4) to decipher whether the 

microorganisms that grow on vanillin can also grow on naphthalene. These 

microorganisms' phylogenetic and functional genes are extrapolated and revealed in 

the corresponding chapters (chapter 3 and 4).  

2.1 AIMS AND OBJECTIVES OF THIS CURRENT CHAPTER  

2.1.1 Aims  

i. To investigate the suitable conditions for a vanillin DNA-SIP experiment in the 

presence of naphthalene and PAH-admixtures in a PAH-polluted urban soil using 

spectroscopy. Successful optimisation of this experiment will enable the careful 

design of microcosms to answer the research question, ‘‘are the phylogenetic and 

functional genes of the diverse microbial populations' structures degrading 

naphthalene in PAH-contaminated Tellus urban soil, influenced by lignin phenols 

(vanillin) and other PAH-mixtures?’’ ii. To optimise suitable conditions for a 

vanillin DNA-SIP experiment in the presence of lignin-derived admixtures in a 

PAH-polluted urban soil using spectroscopy. Optimising this experiment will enable 

the careful design of microcosms to answer the research question, ‘‘are the 

phylogenetic and functional gene populations of the diverse microbial communit ies 
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degrading vanillin in PAH-contaminated Tellus urban soil, influenced by phenolic 

mixtures?’’.  

2.1.2 Specific Objectives  

The following are specific objectives of this study are itemised below:  

i. To monitor the natural degradation of vanillin by active autochthonous 

microorganisms in PAH-polluted soil collected from Tellus site 3.  

ii. To monitor the degradation of vanillin in the presence of naphthalene and 

PAH-admixtures by the active autochthonous microorganisms in PAH- 

polluted soil collected from Tellus site 3.  

iii. To monitor the rate of degradation of vanillin in the presence of naphthalene 

and PAH-admixtures by the active autochthonous microorganisms in PAH-

polluted soil collected from Tellus site 3.  

iv. To determine the point suspected to have the minimum carbon incorporation 

required for successful DNA-SIP experiments for both microcosms with PAH-

mixtures and microcosms with vanillin only.  

2.2 BRIEF ABOUT TELLUS PROJECTS/SURVEY  

In 2007, the most intensive geochemical and geophysical studies in Northern Ireland 

sponsored by the Northern Ireland Programme for Building Sustainable Prosperity 

(Rural Development Programme) and by the Department of Enterprise Trade and 

Investment; was completed. The project, referred to as the Tellus Project, was overseen 

by the Geological Survey of Northern Ireland (GSNI), and the study areas are called 

the Tellus sites.   

The high-quality data provided by this survey regarding geochemistry, geologica l 

mapping, and natural resources is overwhelming. This data will provide an 

environmental baseline for policymakers, interest groups and stakeholders nationwide 



 

53  

  

in matters relating to environmental management, land use (such as an agricultural or 

recreational activity), and other purposes beneficial to man. This project analysed over 

30,000 samples from soils, water and air, from various Tellus sites (and available  

online  (http://www.bgs.ac.uk/gsni/tellus/overview/;  

https://www.bgs.ac.uk/gsni/tellus/data_licensing/index.html; 

http://resources.bgs.ac.uk/gsni/geochemistry/TellusMethodologyAndDetectionLimits 

.pdf).   

Following a GC-MS analysis carried out by the Alcontrol Geochem Analyt ica l 

Services UK, the selected site for this study (other sites inclusive) are found to be 

polluted with PAHs (Doherty et al., 2015, Tolosana-Delgado and McKinley 2016, 

https://www.opendatani.gov.uk/dataset/gsni-tellus-regional-airborne-

geophysicalsurvey-magnetics). The sites selected in this current are designated '1 to 3' 

and 'A'. The sites '1 to 3' have a detectable level of PAHs contamination, while the 

PAHs contamination level in site 'A' is importantly low (Please see Table 2.1). Apart 

from the fact that these sites have known chemistry (pollution with PAHs), one of the 

important reasons influencing these study sites' choice is public property. Hence, no 

ethical approval is required and easy accessibility.   

  

  

  

  

  

  

  

  

  

http://www.bgs.ac.uk/gsni/tellus/overview/
http://www.bgs.ac.uk/gsni/tellus/overview/
http://resources.bgs.ac.uk/gsni/geochemistry/TellusMethodologyAndDetectionLimits.pdf
http://resources.bgs.ac.uk/gsni/geochemistry/TellusMethodologyAndDetectionLimits.pdf
http://resources.bgs.ac.uk/gsni/geochemistry/TellusMethodologyAndDetectionLimits.pdf
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Table 2. 1 Showing level of PAHs contamination in Tellus sites 1 -3 and A.    

PAH      No. of Aromatic rings           PAHs   concentrations(µg/kg)   

Detected  

              TS 1  TS2  TS3  TSA  

Acenaphthene    3      436  455  BDL  BDL  

Acenaphthylene    3      392  BDL  BDL  BDL  

Anthracene      3      129  1445  BDL  BDL  

Benzo_a_pyrene    5      198  2901  244  BDL  

Benzo_a_anthracene   4      527  3489  231  BDL  

Benzo_b_fluoranthene  5      467  2833  249  BDL  

Benzo_ghi_perylene   6      278  1394  189  BDL  

Benzo_k_fluoranthene  5      351  2282  180  BDL  

Chrysene      4      407  3008  269  BDL  

Dibenzo_a_h_anthracene  5      134  333  00  BDL  

Fluorene      3      333  361  BDL  BDL  

Fluoranthene    4      632  9365  517  BDL  

Indeno123cd_pyrene   6      00  1259  154  BDL  

Naphthalene    2      924  BDL  BDL  BDL  

Phenanthrene    3      563  4029  402  BDL    

Pyrene      4      675  7179  427  BDL  

 (Adapted from Doherty et al. (2015).  TS: Tellus Site, BDL: Below Detection Limit, 
which is pegged at <100 µg/kg from the analysis. The selected sites (in Tellus sites 1 
-3, and A) showed a different level of background contamination with PAHs. Tellus 

site-2 have the highest PAHs pollution level, while Tellus site 1 and 3 contains a lower 
level of PAHs contamination. Isomeric ratio, a technique {Cx/(Cx+Cy)} that allows 
identify the source of and, linking the relationship between the level of contamina tion 
and the source of the contamination (pollution using the number of aromatic rings as 

a yardstick (Chen et al., 2012, Yunker et al., 2012). According to Doherty et al., 
(2015), has linked the selected four (04) study sites, pollution sources are to be 
pyrogenic (Doherty et al., 2015). The high molecular weight PAHs in an environment 
signify that the contamination originate from pyrogenic sources. In Table 2.1 above, 

Tellus site 3 (TS3) showed background contamination.   
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2.3 SCOPE OF THIS CURRENT STUDY  

2.1.1 Sample/Tellus site '3.' (TS3)  

This site is located at 4 Priory Close, Lisburn, BT27 4QE, Northern Ireland - Lisburn, 

UK, and shown to be polluted with PAHs concentration above the 100µg/kg detection 

limit (Doherty et al., 2015). The site’s GPS and Grid reference are Grid reference - J 

27809 66291; Coordinates - NW39600, BNG22317, Elevation - 3meters; Y (Northing)  

- 366291; X (Easting) - 327809; Latitude - 54.528992; and Longitude - 6.0262956 (See 

Figure 2.1 for the aerial map). Soil samples used for optimisation (in this chapter) and 

DNA stable isotope experiments (in chapters 3 and 4) are collected from this site 

(Tellus site 3; TS3, please Table 2.1 above).  

The sources of pollution in this site (TS3) are likely pyrogenic ~ airborne and spillage 

(Doherty et al., 2015). The level of contamination of Tellus site 3 is <100µg/kg BDL’ 

for some of the PAHs, and >100µg/kg BDL for most of the PAHs. Specifically, most 

of the selected PAH-mixtures (acenaphthene, fluorene, biphenyl and naphthalene) 

used in this study are found on this site below <100µg/kg BDL; except for 

phenanthrene (402µg/kg i.e above 100µg/kg BDL).   

However, the thoughts behind the persistence of PAHs in these sites (especially those 

<100µg/kg BDL) suggest that the PAHs concentrations may have dropped below the 

‘threshold concentrations’ suitable for microbial degradation. When the concentration 

of one of the carbon sources that influence bacterial activity drops below the threshold 

concentration, the degradation of this specific carbon sources or test substrates 

becomes kinetically stable or stops (Johnsen et al. 2005). But in DNA-SIP point of 

view, soil samples with such data are suitable for SIP- experiments. Because it implies 

that the biodegradation potentials of aromatic degradation are present in the soil 

(Cerginia, 1984). The <100µg/kg level of contamination found in soils from TS3 
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prompted the choice of using soils collected from this site (TS3) for DNA-SIP 

experiment. Microcosms designed with soil having high PAHs concentrations are 

described as an unrealistic setting in the soil environment (Johnsen et al., 2005). This 

is because high PAH concentration may affect the proliferation of the microorganisms. 

Microorganisms rely on carbon sources at suitable concentrations for energy to co-

metabolise several PAHs above and below 100µg/kg detection limit (Egli, 1995). And 

once routine incorporation of substrates into the microcosms, we can avoid cross 

feeding.  

For clarity, it is essential to state here that, the soil samples collected from sites 1, 2, 

and A are meant for microbial ecology study for seasonal variations and will continued 

by Chris Allen’s research team.  The project commenced on 1st May 2016 by Ibrahim 

Hussein (a PhD student, now a Dr). He collected and analysed the soil samples from 

these sites at a three-month interval for twelve (12) months but could not complete the 

remaining twenty (24) months because he came to the end of his programme. This 

study continued collecting and analysing soil samples from these sites for the 

remaining twenty-four (24) months, and the sample collection process was completed 

on 9th July 2019. DNA was extracted from all the soil samples, and the retrieved DNA 

were processed using HTS. The conclusive part of the important project, 

bioinformatics, is ongoing ~ and is therefore expected to be completed in a few years.  
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Figure 2. 2Showing the aerial map GPS of Tellus site 3 with the middle ‘green pin’ indicating 

the point where the samples were collected at the X (Easting) and Y (Northing).  (Adapted 

from irish.gridreferencefinder.com, dated 31st May 2019).   

2.4 SOIL SAMPLES COLLECTION  

Using a clean hoe, hand gloves and 30mL universal sample bottles, soil samples were 

collected from the selected study site (Tellus sites 3). The soil samples were collected 

in triplicates (×3) from three (03) various points in a triangular manner (1metre apart). 

The reason for this is to allow the sample to be an accurate representation of the site. 

The soil samples were collected from the surface soil (0.1m) from each study site. 

After collecting each soil sample, the hand tool was washed and sterilised using 70% 

ethanol. While the soil samples were stored in an icebox (40C), the hand gloves were 

removed and kept in an autoclave bag for appropriated disposal in the laboratory upon 

return. These aseptic techniques were carefully adhered to, to avoid 

crosscontamination errors.   
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2.5 CHEMICALS AND MOLECULAR REAGENTS USED IN THIS STUDY  

The isotopically labelled substrates (13C) used in this study are vanillin/ 4-hydroxy-

3methoxy benzaldehyde (153.14g/mol: 13CC7H8O3) and naphthalene (128.17g/mol– 

C10H8). The non-isotopically labelled lignin phenol admixtures (12C-substrates) used 

includes vanillin/ 4-hydroxy-3-methoxybenzaldehyde (152.15g/mol: C8H8O3), 12C-

2hydroxybenzaldehyde or salicylaldehyde (122.12g/mol), C7H6O2), 12C- 

3hydroxybenzaldehyde (122.12g/mol: C7H6O2), 12C-3,4-dihydroxybenzaldehyde or 

Protocatechuic acid (138.12g/mol C7H6O3), and 12C-4-hydroxybenzaldehyde  

(122.12g/mol: C7H6O2). While the non-isotopically labelled PAHs admixtures (12C 

PAHs) are (naphthalene: 128.17g/mol–C10H8; acenaphthene: 154.12g/mol–C12H10 ; 

biphenyl: 154g/mol–C6G5C6H5; fluorene: 166.22g/mol-C13H10; and phenanthrene : 

178.23g/mol-C14H10). Other chemicals used include caesium chloride (CsCl) and 

polyethene glycol 6000 (PEG-6000). All of these chemicals mentioned above were 

bought from Sigma-Aldrich, UK (www.sigmaaldrich.com).   

Molecular grade water and ethanol were also purchased from Sigma-Aldrich, UK 

(www.sigmaaldrich.com). The reaction kits used in this study include PCR and QPCR 

kit, and reagents and enzymes such as PCR 10x buffer containing MgCl2, Sybr Green  

(2x) qPCR master mix, and Dream Taq DNA polymerase enzyme was bought from 

Thermo Fisher Scientific company (www.thermofisher.com/uk/en/home.html). Other 

kits meant for DNA extraction and purification purchased includes Qiagen DNeasy 

DNA extraction kit from Qiagen (https://www.qiagen.com/gb/), and GeneJet PCR  

purification  kit  from  Thermo  Fisher  Scientific  Company  

(www.thermofisher.com/uk/en/home.html), and QuantiFluor dsDNA system Promega 

kit (https://www.promega.co.uk/).  

https://www.promega.co.uk/
https://www.promega.co.uk/
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2.5.1 Preparation of Caesium Chloride, CsCl (7.163M)  

The concentration of CsCl required for running ultracentrifugation for DNA-SIP 

analysis is 7.163M in a final volume of 500mL (Dunford and Neufield, 2010). To 

achieve this targeted concentration of CsCl, precisely 603g of CsCl was weighed and 

transferred into a conical flask. Sterile deionised water (ddH2O) was then used to make 

it up to 500mL. This protocol was in accordance with Dunford and Neufield (2010) 

report. As a rule of thumb, each time these mixtures are prepared, all illuminations 

were turned-off, and the temperature adjusted to 200C. This precaution was because 

light and temperature affect the CsCl solution. Also, the stability of the CsCl solution 

is affected by a temperature above 250C. A further precaution taken in this study when 

preparing CsCl solution for running ultracentrifugation was that only the required 

volume of the CsCl solution needed at a point in time was back computed and prepared 

as described by Dunford and Neufield (2010). This step was to avoid wastefulness 

because of the financial implication of CsCl.   

Overall, the procedure requires carefully adding the required CsCl into a sterile reagent 

bottle or conical flask. While shaking the conical flask containing the known weight 

of the CsCl, sterile ddH2O was carefully added until the required final volume was 

achieved. This careful magnetic stirring technique was to ensure a quick and 

homologous mixture of CsCl in water. These procedures were repeated and continued 

until the CsCl in the bottle was dissolved, giving a homogenous mixture. Upon 

dissolution, the mixture was sterile-filtered with the aid of a 20mL syringe and 0.22µm 

sterile filter. The filtrate was aliquoted in a reagent bottled, sealed and stored at 200C 

room temperature.   

It is vital to seal the bottle tightly in order to avoid the CsCl mixture forming crust.  
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The CsCl mixture's density is measured. The suitable density for running gradient 

ultracentrifugation in DNA-SIP experiments ranges between 1.88-1.89 g/mL (Dunford 

and Neufield, (2010). A calibrated digital refractometer (Kern optics ORF-H digita l 

refractometer) was used at 200C room temperature to compute this. The refractive 

index (nc) generated by the digital refractometer was then used to compute the CsCl 

mixture’s density. The light should also be kept at the minimum, as light also affects 

the digital refractometer during measurement. Otherwise, the density generated by the 

refractometer may not be the exact density of the mixture. Using the density relation, 

ρ = a(nc) – b (where ρ is the density of CsCl, nc, is the refractive index measured by 

the refractometer, a and b are constants a = 10.927, b = 13.593), the density of the  

7.163M(CsCl) can be generated.   

2.5.2 Preparing Polyethylene Glycol 6000 (PEG 6000) - 30% PEG, 1.6 M NaCl  

Polyethylene Glycol 6000 (PEG) is used for DNA-precipitation (Dunford and 

Neufield, (2010).  PEG 6000 comprises 30% PEG and 1.6M NaCl in a final volume of 

500mL. To prepare 500mL (PEG 6000), exactly 150g of the PEG 6000 and 46.8g of 

NaCl were weighed transferred into a sterile reagent bottle. To dissolve the mixture, 

sterile ddH2O was carefully introduced into the bottle, up to a final volume of 500mL. 

This protocol was carried out as described by Dunford and Neufield (2010). The 

mixture was shaken to allow a thorough dissolution. A stirring-bar aid was then 

incorporated into the reagent bottle containing the mixture; to get a more homogenous 

mixture. Moreover, autoclaved to sterilise the mixture. Upon completion of 

autoclaving, the stirring-bar was left in the bottle to maintain the mixture's 

homogeneity. Otherwise, the mixture will be separated into layers if the stirring bar 

was removed before and after autoclaving the mixture. The resultant sterile 500 mL 
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(30% PEG, 1.6 M NaCl) mixture containing the stirrer-bar; was stored at room 

temperature.   

2.5.3 Preparing Gradient Buffer (GB)  

To prepare 500ml final volume of GB containing 1 mM EDTA and 0.1 M Tris, 0.1 M 

KCl, 50ml (1M Tris.HCl), 3.75g (KCl), 1ml (0.5M EDTA) and 400ml (ddH2O) were 

prepared and mixed carefully as described by Dunford and Neufield, (2010). 

Achieving a thorough mixture of GB is not as challenging as preparing PEG and CsCl 

solutions. Most of the constituents making up GB are liquid except for KCl, which is 

readily dissolvable. The mixture was autoclaved and stored at room temperature 

pending each use. GB is also important for suspending genomic DNA for gradient 

ultracentrifugation (Dunford and Neufield, 2010).  

2.5.4 Preparing Linear Polyacrylamide (LPA)    

Linear Polyacrylamide (LPA) is essential in DNA precipitation. It enables recovery of 

the genomic DNA suspended into the GB before gradient ultracentrifugation (Dunford 

and Neufield, 2010). To recover the genomic DNA after gradient ultracentrifuga tion 

in the process of precipitation, 20µg/µL LPA is required. To prepare a volume of 50ml 

the desired 5µg/µL LPA, the following components were carefully mixed using a 50 

mL Falcon tube as described by Dunford and Neufield (2010):  

 0.25 g Acrylamide (No bis-acrylamide)   

 200 µL of 1M Tris-HCl (pH 8.0)  

 5 µL of Tetramethylethylenediamine (TEMED) (Thermo Fisher Scientific, 

UK)   

  

 4.25 mL of molecular grade water (Sigma-Aldrich)   

  

 10 µL of 0.5M EDTA  

  

 33 µL of 3M Sodium acetate (pH 7.5), and   

  

 50 µL of freshly prepared 10% Ammonium Persulphate   
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The components listed above were thoroughly mixed using a magnetic stirring 

technique. To precipitate genomic DNA after gradient ultracentrifugation, precisely  

4µL of the 5µg/µL LPA (20µg/µL LPA) was taken and incorporated into the mixture. 

To allow polymerisation of the genomic DNA, the mixture can stay for 30minutes or 

overnight at room temperature (Dunford and Neufield, 2010). In this study, the process 

was optimised overnight.   

2.5.5 Preparing Ethylenediaminetetraacetic Acid (EDTA, 0.5M, pH=8.0)  

 Ethylenediaminetetraacetic acid disodium salt dihydrate (EDTA-Na2.2H2O) is 

suitable for eluding recovered DNA (Dunford and Neufield, 2010). To prepare 1L of 

0.5M EDTA, precisely 148g taken and transferred into a flask. To dissolve the EDTA, 

ddH2O was then used to measure it up to 1L in the conical flask, as described by  

Dunford and Neufield (2010). The PH of the mixture was then taken using a PH-metre. 

The required PH is 8.0. Usually, the mixture will not give you a pH of 8.0. Therefore, 

it is essential to give a little volume allowance during measuring-up the mixture with 

water so that the volume is slightly below 1L. In case the PH exceeds or fall below 8.0, 

this can be adjusted accordingly without affecting the final volume (1L) of the mixture. 

Adjustment of the pH to 8.0 was made using 30–40g NaOH. The homogenous mixture 

was autoclaved and stored at room temperature on the bench.  

2.5.6 Preparing 1M-Tris-HCl Buffer (1M, pH 8.0)  

Targeting a final volume of 200mL, exactly 40mL of Tris base (Sigma-Aldrich) was 

dissolved in 160 mL ddH2O. The pH was adjusted to 8.0 using 30–40g NaOH. The 

homogenous mixture was autoclaved and stored at room temperature on the bench.  

2.5.7 Preparing 10%-Ammonium Persulphate (10% APS)  

Targeting 10mL of 10% APS, 1g of ammonium persulphate was weighed and 

dissolved in 10mL ddH2O in a bottle. The bottle was shaken to ensure homogene ity 
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of the mixture. The mixture was then filter-sterilised using a 0.22-micron Millipore 

microfilter and stored at 4oC.  

2.5.8 Preparing Tris-acetate-EDTA Buffer (×50TAE-buffer)  

1L of 50-times TAE-buffer (×50TAE-buffer) was prepared by mixing precisely 242g 

of Tris base (Sigma-Aldrich), 37.2g of Na. EDTA.2H2O, 57.1 mL of Glacial acetic 

acid, and ddH2O (800mL) was used to measure it up to 1L mark in the conical flask. 

The mixture was then autoclaved at 121oC for 15 minutes to sterilise and stored 

accordingly at room temperature. During 1% agarose gel electrophoresis, which 

requires X1TAE buffer. Depending on the volume required, the ×50TAE-buffer has 

diluted accordingly with ddH2O.  

2.5.9 Primers design and preparation  

Primers are critical in amplifying DNA in polymerase chain reactions. Dry pellets of 

the primers (also known as oligos or single-stranded DNA) purchased from Integrated 

DNA Technology - IDTA (www.idtdna.com/pages/home) were suspended in 

SigmaAldrich molecular grade water, making the stock concentration 100µM. These 

primers were further diluted to a working concentration of 10µM and 3.5 µM for 

16SrRNA PCR. The primers were stored in a -20oC freezer in an aliquot of 1.5ml 

Eppendorf tubes pending usage.  For this thesis, universal primers with sequence 

Sequences 5’ –  

3’ were used for 16SrRNA PCR. Primers details are as thus: (1387r: 5’- 

GGGCGGWGTGTACAAGGC-3’) and (63f: 5’-CAGGCCTAACACATGCAAGTC- 

3’) are employed by Marchesi et al., (1998). For QPCR, the universal primers used are  

P1 (5’-CCTACGGGAGGCAGCAG-3’) and P2 (5’-ATTACCGCGGCTGCTGG-3’)  

as employed by Muyzer et al. (1993).   

http://www.idtdna.com/pages/home
http://www.idtdna.com/pages/home
http://www.idtdna.com/pages/home
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2.5.10 Preparation of lignin phenols used as substrates  

The lignin phenols used as substrates in the study are 13C-vanillin/ 4-hydroxy-

3methoxy benzaldehyde (153.14g/mol: 13CC7H8O3), 12C-vanillin/ 4-hydroxy-

3methoxybenzaldehyde (152.15g/mol: C8H8O3), 12C-2-hydroxybenzaldehyde or 

salicylaldehyde (122.12g/mol), C7H6O2), 12C- 3-hydroxybenzaldehyde (122.12g/mol:  

C7H6O2), 12C-3,4-dihydroxybenzaldehyde or Protocatechuic acid (138.12g/mol 

C7H6O3), and 12C-4-hydroxybenzaldehyde (122.12g/mol: C7H6O2). The required 

volume (5mL) was computed, dissolved in 10mL Eppendorf tubes containing ddH2O, 

sterile-filtered with 0.22-micron millipore microfilter and stored at 4oC.  

2.6 DETEMINING PH OF COLLECTED SOIL(S) FROM STUDY SITES  
In designing microbial microcosms, the PH of the soil is crucial. Using a calibrated pH 

meter (Kent EIL 7020) at room temperature of 200C, the PH of soils collected from the 

selected tellus site were determined. Precisely 2g from each study site was carefully 

mixed in a separate falcon tube containing 10mL of ddH2O. The mixtures were 

centrifuged to allow the settling of debris. The pH was determined using the 

supernatant from the mixture. Each time soils samples were collected, the PH 

measurements were investigated.  

2.7 MEASURING SOIL MOISTURE CONTENTS (DRY-WEIGTH) IN THIS 

STUDY  

JoVE, Cambridge, MA, (2020) emphasised the importance of measuring soil moisture 

contents in several scientific research involving soil. Soil microcosm for 

microorganisms is, therefore, not an exception. Otherwise, errors can be generated 

when computing the carbon incorporations into microbial biomass. Following Jove 

procedure, the percentage of moisture content- MC (dry wt basis) of the soil samples 

from the tellus soils were determined.   Exactly 20g of soil samples from the tellus 
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sites were weighed using an aluminium dish with a known weight on a calibrated 

digital weighing machine. The aluminium dish containing the soil samples was 

transferred into a hot ovum at a temperature of 105oC and allowed to stay overnight to 

remove all moisture contents in the soil. After allowing the soil overnight within the 

hot ovum, the dry soil samples were taken out and weighed again using the calibrated 

digital weighing machine. The new weight generated was 0.71g. The moisture content 

was then computed accordingly, as seen below.  

Calculating the soil moisture content (dry wt basis) for each of the replicate samples 

using the equation below:  

Percentage of moisture content (dry wt. basis) (%MC) =  

    {weight of moist soil (MS) – Weight of dry soil (DS)} / Weight of dry 

soil (DS  

Example Calculations:   

MS = 10 g, DS = 7.7 g, We’ve (10g-7.7g) / 7.7g = 0.2987  

 % MC ≈ 30%, soil dry wt = 70%  

2.8 PROCEDURES AND OPTIMISATION OF METHODS FOR DNA-SIP 

EXPERIMENTS USING 12C VANILLIN SUBSTRATES WITH SOILS  

COLLECTED FROM TS3  

2.8.1 Beer-Lambert Calibration Curve using 12C-vanillin substrates only using  

spectroscopy  

The straight- line equation derived from Beer-Lambert’s calibration graph (y=mx+c) 

was used to convert absorbance to concentrations in the microcosms as carried out by 

several studies (Reilley and Sawyer, 1961, Swinehart, 1962, Pease, B.F.1980, Pungor,  

E. 1992, Ahuja and Jespersen, 2006, Skoog, et al., 2017). Using the relation y=mx+c,  

Y = absorbance, m = slope, x = concentration, and C = intercept on y-axis. However, 

to achieve this, two or more different concentrations is required. In this case, three (03) 

different microcosms with three (03) final concentrations of vanillin; 0.2mM, 0.3mM, 

and 0.4mM (from a stock of 57mM); and in a final volume 2mL were designed in 
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triplicates. Each of the microcosms contains 1g of soil samples collected from the 

Tellus site ‘3’.   

Furthermore, the microcosms having 0.2mM, vanillin concentration in a final volume 

of 2mL, contained 1g of the soil samples, 7µL of vanillin (from the stock of 57mM), 

plus 993µL of sterile ddH2O. In contrast, the microcosms with the 0.3mM vanill in 

concentration in a final volume of 2mL contained 1g of the soil samples, 10.5µL of 

vanillin (from the stock of 57mM), plus 989.5µL of sterile ddH2O soil, and the 

microcosms having 0.4mM, vanillin concentration in a final volume of 2mL, contained 

1g of the soil samples, 14µL of vanillin (from the stock of 57mM), plus 986µL of 

sterile ddH2O. All microcosms were designed and incubated simultaneously with the 

same conditions.  

After the first time-point, the absorbance of these microcosms was measured using a 

UV spectrometer upon calibration using sterile distilled water. Mean absorbance 

values were generated from each repertoire (triplicates) of the microcosms with 

specific concentrations (0.2mM, 0.3mM, and 0.4mM). The actual concentrations of 

vanillin in each specific microcosm were computed and recorded. Finally, the data 

generated were used to plot the Beer-Lambert Calibration curve with an r2 = 0.9826. 

The straight- line equation generated (y = 13x – 0.3) from this graph was used to 

compute the actual vanillin concentrations in all the microcosms and generated the 

natural vanillin degradation curve. See figure 2.2  
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Figure 2.2: Showing vanillin calibration curve using spectroscopy. Using the relation: y = 

mx + c, the concentration for each absorbance is computed. (Y: absorbance, m: slope, x: 
concentration, c: intercept on the y-axis). The data generated were used to plot the Beer 
Lambert Calibration curve with an r2 = 0.9826. The straight-line equation generated (y = 13x 

– 0.3).  

2.8.2 Monitoring natural degradation vanillin in PAH-polluted soil from Tellus  

site ‘3’ using spectroscopy  

This experiment aims to monitor vanillin's natural degradation in PAH-polluted soil 

samples collected Tellus site ‘3’. The soil sample used in this study was collected from 

the PAH-contaminated Tellus sites (please see section 2.1.1 for details).  

Microcosms were carefully designed to replicate the natural environment using 

vanillin as a substrate. This involves a step-by-step procedures as would be seen in the 

following paragraphs below. Moreover, numerous parameters were considered for a 

successful microcosms design. These parameters include the solubility of vanillin (12C 

- 152.15g/mol; 13C – 153.15g/mol) in water (10kg/m3), Beer Lambert’s law is used 

for converting absorbance to concentration (0.04mM, not ≥ 10mM), pH suitable for 

both microbial actions and measuring absorbance using UV spectrometry (10.3). To 

be able to measure vanillin at a UV wavelength to facilitate UV spectroscopy – a 

wavelength of 353nm was chosen as described by several studies (Englis and 
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Wollermann, 1957, Mabry et al., 2012).  Microcosms (test, and abiotic control) were 

set up in triplicates and incubated simultaneously under the same conditions (300C) 

using and LEEC incubator in the dark. The final volume of all microcosms was 2mL 

in sterile 20mL vials for sufficient headspace. However, this is not a representative of 

soils. The quantity of soils used in designing a microcosm depends on the size of the 

vials. It is important to allow sufficient headspace in order to allow both aerobic and 

anaerobic microbes to proliferate.   

Furthermore, the test microcosms in a final volume of 2mL. Precisely 1g of the freshly 

collected soil sample (70% dry wt, pH – 6.0) was weighed on a calibrated digita l 

weighing balance (Ohaus PioneerTM) and transferred into sterile 20mL vials. Exactly, 

7µL of vanillin solution (from a sterile- filtered stock of 57mM), equivalent to 0.2mM 

vanillin concentrations (was taken using 0.2 to 20 µL Gilson pipette) and spiked on 

the 1g of the soil sample in the sterile 20mL vials. Precisely, 993µL of sterile ddH2O 

was taken (using 100 – 1000µL Gilson pipette) and incorporated into the microcosms 

to measure-up the microcosms to a final volume of 2mL.   

Moreover, vanillin substrates were incorporated six times daily into the microcosms. 

The rate of vanillin substrates incorporation into the microcosm was 3hourly. In this 

experiment, the vanillin concentrations in the microcosms were monitored every 

3hours. This monitoring took place before and after each 0.2mM vanillin incorporation 

into the microcosms. The same procedures continued for 3-days.  

Also, the control microcosms (abiotic) for this experiment were designed. The same 

procedure employed in preparing the test microcosms were replicated here. However, 

the 1g soils samples used were double-autoclaved. Sterilising the soil samples was to 

ascertain if each 0.2mM vanillin incorporation in the microcosms will continua lly 

increase the earlier 0.2mM vanillin incorporated. This will also enable this study to 
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decipher if other abiotic factors can have effect on the vanillin in the microcosms since 

microorganisms, including their spores, were presumably killed.   

 Overall, microcosms were monitored fifteen times (3hrs, 6hrs, 9hrs, 12hrs, 15hrs, 

24hrs, 27hrs, 30hrs, 33hrs, 36hrs, 39hrs, 48hrs, 51hrs, 54hrs, and 57hrs). Absorbance 

at each time-point was determined before and after incorporating vanillin substrates 

using UV spectrometer at a wavelength of 353nm and recorded. Microcosms were 

diluted by a factor of 100 for UV spectroscopy analysis so that the absorbance of the 

substrate was in the linear range for concentration estimation. This is crucial, as 

microcosms are not further diluted from the routine incorporations of vanill in 

substrates. The 100-factor dilution was achieved by taking 10µL from each microcosm 

to be processed and mixing with 990µL (using 1mL-capacity Gilson pipette) of 

sterilefiltered ddH2O. The mixture was transferred into 1.5mL Eppendorf tubes and 

then centrifuged at 10,000g (rcf) for 30seconds allowing all the particles to settle down. 

The supernatants were carefully removed and carefully transferred into a 2mL cuvette 

avoiding air bubbles. Sterile distilled water was used to calibrate the UV spectrometer. 

Finally, figures generated were multiplied by 100 and recorded accordingly. At the end 

of each time-point, each microcosm's actual concentrations were computed using the 

equation (y = 13x – 0.3) generated from Beer-Lambert’s calibration curve. See figures 

2.3 and 2.4  
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Figure 2.3: Showing the natural degradation of vanillin substrates in test microcosms 
containing PAH-polluted soil collected from Tellus site 3. Concentration of vanillin was 

computed using the equation (y = 13x – 0.3) generated from Beer-Lambert's calibration curve. 
The concentration was determined before and after each spiking and then incubated at 30oC. 

The orange line presents the concentration of vanillin immediately upon spiking before 
incubation for 3hrs. At the end of each 3hrs, the concentration was measured again to 

determine the actual concentration (and determined the depleted concentration of vanillin in 
the microcosm (green line). Microcosms contained 1g of the freshly collected soil sample 
((70% dry wt, pH = 6.0) + 7µL of vanillin solution (from a sterile- filtered stock of 57mM) + 

993µL of sterile ddH2O = 2mL. This experiment (figure 2.3) indicated the relative oxidation 
of vanillin substrates in the microcosms. The fast depletion of vanillin substrates in this 

experiment indicates that phenolic acids in soil may stimulate microbial populations' growth, 
as revealed by various studies (Henderson, 1955, Kunc, 1971, Turner and Rice, 1975). This 

argument is possible because microorganisms have utilised vanillin as a carbon source in 
several studies (Henderson and Farmer, 1955, Kunc, 1971; Turner and Rice, 1975, Black and 
Dix. 1976). Also, this result reflected the data reported in various studies. Essentially, studies 

have shown that vanillin has been in degraded in 21hours (Kunc, 1971), 24hours (Moira and 
Farmer, 1955), 48hours (DeForest et al., 2004), 1-6days (Blum and Shafer, 1988), and 29days 

(Steinmetz et al., 2019) in various conditions. Though other natural processes such as light 
(abiotic photo-oxidation) and UV radiations can degrade vanillin and other lignin phenols in 

soils (Tamimi et al., 2016; Zhang et al., 2016; Peikert et al., 2017; Steinmetz et al., 2019). 
This suggest that some of the vanillin substrates used in this experiment might have stuck on 
the sterile glassware used, clogged in the soils or affected by abiotic factors. The degradation 

of vanillin by soil microbes has been widely studied under various condition (Sundman et al., 
1964, Henderson, 1961a, 1965). This current study confirms vanillin degradation by 

autochthonous soil microorganisms in Tellus soil collected from site 3.   
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Figure 2.4: Showing abiotic control microcosms of figure 2.3 above. The continual 

accumulation of vanillin substrates in the microcosms containing double-autoclaved PAH-
polluted soil collected from Tellus site 3 signifies little or no effect from abiotic environment. 

Microcosms contained 1g of the double-autoclaved soil sample ((70% dry wt, pH – 6.0) + 7µL 
of vanillin solution (from a sterile- filtered stock of 57mM) + 993µL of sterile ddH2O = 2mL. 
The essence of double-autoclaving is to kill all microbes including their spores; allowing only 
the incorporated vanillin substrate to be monitored _thus determining the effect of abiotic 
factors of the vanillin substrates in the microcosms. Figure figures 2.4 is an abiotic control 

experiment to ensure that each of the actual vanillin substrate concentration was incorporated 
in the test experiment. Therefore, it is expected that the routine vanillin incorporation will not 

be affected in a sterile condition. Another reason is to establish further that environmental 
factors do not affect the vanillin substrates in the microcosm. This step is crucial because 

natural processes such as light and UV radiations can degrade vanillin and other lignin phenols 
in soils (Tamimi et al., 2016; Zhang et al., 2016; Peikert et al., 2017; Steinmetz et al., 2019). 
A continual increase in vanillin concentration in this experiment indicated that the precautions 

taken in these studies do not have any significant impact on the test substrates. Lastly, as seen 
in this figure, there are slight disappearance of the actual concentration of vanillin substrates 

incorporated at each time-point. This suggest that some of the vanillin substrates may have 
been stuck on the sterile glassware used, clogged in the soils or affected by abiotic factors. 

Overall, the unaccounted vanillin substrates are negligible.  

   

2.8.3 Determining the rate of degradation of 1.2mM vanillin substrate in PAH-

polluted soil using spectroscopy  

The importance of determining the rate of degradation of the test substrate in a 

DNASIP experiment cannot be over-emphasised. Knowing the rate of degradation of 
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selected test substrates helps avoid cross-feeding and kinetic stability in the DNA-SIP 

microcosms' experiment. This influences the rate of incorporation of the active 

substrates. It also indicates suitable points where the minimum required target C per 

gram of soil is incorporated into the microcosms ~ thus influencing the selection of 

time-points.  Key study protocols (Neufield, 2007, Neufield et al., 2010; Dunford and 

Neufield, 2010) outlined that C incorporation's acceptable range depends on the 

sample's nature. Specifically, for high-biomass containing samples such as soils: the 

acceptable range is between 5 – 500 µmol C per gram of soil. While the acceptable 

range for less biomass containing samples such as aquatic samples is 1 – 100 µmol C 

per litre.  

 

Therefore, in this chapter, the rate of degradation of 12C-vanillin substrates in a PAH-

contaminated soil collected from the Tellus site 3 was determined before SIP 

experiments were performed, using identical SIP microcosm. The microcosms 

contained vanillin, water and the PAH-contaminated soil only.  Moreover, designing 

the microcosms meant for this purpose, test, abiotic control microcosms were  

prepared. The test microcosms (in triplicates) were prepared by weighing 1g of the 

freshly collected soil sample (70% dry weight, pH-6.0) using a calibrated digita l 

weighing balance (Ohaus PioneerTM) and transferred into sterile 20mL vials. Exactly 

42µL of vanillin substrates (representing 1.2mM, from a stock of 57mM; equivalent 

to 24mmol) was aseptically taken and spiked onto the soil in the sterile 20mL vials. 

Making up the microcosms' final volume to 2mL, 958µL of sterile-filtered ddH2O was 

taken (using a 1mL-capacity Gilson pipette) and pulsed into the microcosms.   
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Furthermore, control microcosms were prepared. The same procedures carried out in 

preparing the test microcosms were employed during the control microcosms 

preparation. However, double-autoclaved soil samples were used here. Exactly 1g of 

the double-autoclaved soil, 42µL vanillin (from a stock of 57mM), and 958µL 

sterilefiltered ddH2O were used to prepare the control microcosms in the same order 

of incorporation in the test microcosms.   

The absorbance of each microcosm was determined using UV spectrometer at a 

wavelength of 353nm. This is to to facilitate spectroscopy as described by several 

studies (Englis and Wollermann, 1957, Mabry et al., 2012). To avoid further dilut ing 

the microcosms, microcosms were diluted by a factor of 100 for UV spectroscopy 

analysis so that the absorbance of the substrate was in the linear range for concentration 

estimation. This step was achieved by taking 10µL from the microcosms at the end of 

each time-point and mixed it with 990µL of sterile ddH2O. Figures generated were 

multiplied by 100 and recorded accordingly. At the end of each time-point, each 

microcosm's actual concentrations were computed using the equation (y = 0.875x +  

0.63) generated from Beer-Lambert's calibration curve. See figure 2.5.  
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Figure 2.5: Showing the rate of degradation of 1.2mM vanillin substrates. The data indicated 
that more than 98% of 1.2mM vanillin is depleted after 72hrs incubation (3-days) in 

PAHpolluted soil samples collected from Tellus site 3; and monitored 12hrly. The content of 
the test microcosms: 1g (soil) + 42µL vanillin (representing 1.2mM from a stock of 57mM) + 

958 µL of sterile ddH2O = 2mL (final volume). The inoculum-free control was made up of 
1g (double-autoclaved soil) + 42µL vanillin (representing 1.2mM from a stock of 57mM) + 
958 µL of sterile ddH2O = 2mL (final volume). Investigating the rate of degradation of test 

substrates for the DNA-SIP experiment is crucial. Firstly, it influences the rate of incorporation 
of substrates into the microcosms. It also indicates the suitable time-point assumed to have 
sufficient incorporation of the minimum required target C per gram of soil (Neufield 2007, 

Neufield et al., 2010; Dunford and Neufield, 2010). Cross-feeding and kinetic stability in the 
DNA-SIP microcosms' experiment can be avoided (Johnsen et al., 2005). An average of 15% 

of the 1.2mM vanillin substrate was depleted every 12hrs in this conditions without PAHs. 
The degradation of vanillin substrates in this experiment started almost immediately. The rate 

of degradation kept increasing with time. It is possible considering how bacterial growth curve 
works. The reaction got to a point suggested to be kinetically stable. More than 98% of the 
1.2mM vanillin substrate in the microcosms without PAHs was depleted after 72hrs incubation 

(3-days).    
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2.8.4 Designing DNA-SIP experiment for vanillin ONLY; using PAH-polluted  

soil from Tellus site ‘3’ using spectroscopy  

This experiment aims to determine the time-points in which the required carbon per 

gram of soil was incorporated in the microcosms (Neufield 2007, Neufield et al., 2010; 

Dunford and Neufield, 2010). Having investigated the rate of vanillin degradation in 

microcosms containing vanillin, water, and PAH-polluted soil from Tellus site '3' using 

a UV spectrometer (please see section 2.8.3), it was possible to design microcosms for 

vanillin DNA-SIP. This experiment also considered all the parameters such as 

preparation of vanillin substrates, pH and wavelength of the vanillin substrates suitable 

for UV spectroscopy, and incubation conditions described by Englis Wollermann 

(1957) and Mabry et al. (2012), and as discussed in section 4.2.1.   

Moreover, in designing the microcosms meant for this section, test, and inoculum-free 

control microcosms were prepared. The test microcosms (in triplicates) were prepared 

by weighing 1g of the freshly collected soil sample (70% dry weight, pH-6.0) using a 

calibrated digital weighing balance (Ohaus PioneerTM) and transferred into sterile  

20mL. Exactly 42µL vanillin, equivalent to 1.2mM (from a stock of 57mM), was 

aseptically taken using a 20 - 200µL-capacity Gilson pipette and spiked on the soil. 

Finally, precisely 958µL sterile ddH2O was taken (using a 1mL-capacity Gilson 

pipette) and carefully spiked into the microcosms. This measured the microcosms' up 

to a final volume of 2mL. The respective components making up each set of the 

microcosms for each time-points were carefully mixed in sterile 20mL vials.   

Inoculum-free control was also prepared using 1g of the double-autoclaved soil 

collected from the Tellus site three and transferred into a sterile 20mL vial. Again, 

precisely 42µL vanillin, equivalent to 1.2mM (from a stock of 57mM), was taken and 

spiked into the vial containing the 1g double-autoclaved soil. The 958µL sterile ddH2O 
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was added to make it up to 2mL final volume. The same procedure employed in mixing 

components of the test microcosms was repeated for the inoculum-free control 

microcosms. All microcosms were prepared and incubated simultaneously using a 

LEEC incubator at 300C. Measurements for absorbance was done 12hrly. The 

measurement procedure in section 4.3.1 above was replicated here also.   

However, the 1.2mM vanillin substrates were spiked four (04) times, 12hourly. The 

routine number of times (4X) that the substrates were incorporated was into the 

microcosms in this experiment was to achieve the targeted ≥ 100µmol C-Vanillin per 

gram of soil in a 2mL final volume.  

The absorbance was measured-down 12hrly until the vanillin concentration was almost 

depleted. Then, 42µL vanillin, equivalent to 1.2mM (from a stock of 57mM), was re-

added and measured down again. The actual concentration at each time point was 

achieved from the equation (y = 0.875x + 0.63) generated from the Beer- 

Lambert’s calibration curve; as allowed by Beer Lambert’s law (Reilley and Sawyer, 

1961, Swinehart, 1962, Pease, B.F.1980, Pungor, E. 1992, Ahuja and Jespersen, 2006, 

Skoog, et al., 2017); where Y: absorbance, m: slope, x: concentration, c: intercept on 

the y-axis). See figure 2.6  
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Figure 2. 6: Showing the degradation of 1.2mM vanillin substrates in four (04) spikes. The 

data indicated that the minimum targeted ≥ 100µmol C-Vanillin incorportated per gram of soil 
in a 2mL final volume is achieved in the 204hr (8.5days) – the point circled red is the suggested 

point for DNA-SIP experiment. Degradation was monitored 12hrly. The content of the test 
microcosms: 1g (soil) + 42µL vanillin (representing 1.2mM from a stock of 57mM) + 958 µL 

of sterile ddH2O = 2mL (final volume). The inoculum-free control was made up of 1g  

(double-autoclaved soil) + 42µL vanillin (representing 1.2mM from a stock of 57mM) + 958 

µL of sterile ddH2O = 2mL (final volume).  

 

2.8.5 Determining the rate of degradation of 1.2mM vanillin substrate in the  

presence of PAH-mixtures using PAH-polluted soil using spectroscopy  

Like in section 2.8.3., where the rate of vanillin degradation was determined in a PAH-

polluted soil and water only, the rate of degradation of vanillin in the presence of PAH-

mixtures was also determined in this section using UV-spectrometer. The test, 

inoculum-free control, microcosms in a final volume of 2mL were also prepared here.   

 Here, an equimolar/equal molar (24mmol) of each of the selected PAHs were 

determined. Unlike the above experiments, the PAH-mixtures were firstly 

incorporated in the sterile 20mL vials. This ensures thorough mixing of the PAH-
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admixtures with the polluted soil samples before incorporating the vanillin work/active 

substrates and, finally, water. To achieve this, precisely 3mg (naphthalene), 3.7mg 

(acenaphthene), 3.7mg  

(biphenyl), 4.0mg (fluorene), and 4.3mg (phenanthrene), each representing equimo lar 

of 24mmol each, were carefully weighed on an aluminium foil using a calibrated 

digital weighing balance (Ohaus PioneerTM). The total PAH-mixtures (18.7mg) were 

first transferred into sterile 20mL vials. Then 1g of the freshly collected soil sample  

(70% dry weight, pH-6.0) was weighed on a calibrated digital weighing balance 

(Ohaus PioneerTM) and aseptically transferred into sterile 20mL vials. The PAH-

mixtures were homogenised using a sterile spatula in the sterile 20mL vials.  

Furthermore, 1g of the freshly collected PAH-polluted soil sample (70% dry weight, 

pH-6.0) was weighed using a calibrated digital weighing balance (Ohaus PioneerTM) 

and transferred into sterile 20mL. The PAH-mixtures and the soil samples were 

homogenised again using a sterile spatula in the sterile 20mL vials. Moreover, exactly 

42µL of vanillin substrates (representing 1.2mM, from a stock of 57mM; equivalent 

to 24mmol) was aseptically taken and spiked onto the soil.    Finally, precisely 939.3µL 

sterile-filtered ddH2O was taken (using 1mL-capacity and 0.2 -10 µL Gilson pipettes) 

and added to the microcosms to achieve the targeted initial final volume of 2mL.   

The inoculum-free control microcosms for this experiment were also prepared in this 

order. The control was prepared using a sterile soil sample (double-autoclaved soils). 

Exactly 1g of the double-autoclaved soil, 42µL vanillin (from a stock of 57mM), 

18.7mg total PAH-mixtures, and 939.3µL sterile-filtered ddH2O was used to prepare 

the control microcosms. The same procedure employed in mixing components of the 

test microcosms was repeated here. All the microcosms were prepared and incubated 

at the same using a LEEC incubator and at 300C.   
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To be able to measure vanillin at a UV wavelength to facilitate UV spectroscopy – a 

wavelength of 353nm was chosen as described by several studies (Englis and  

Wollermann, 1957, Mabry et al., 2012). The microcosms were processed the same way 

microcosms were processed in section 4.2.1 (above). To avoid further diluting the 

microcosms, ×100 dilution was employed. This was achieved by taking 10µL from the 

microcosms at the end of each time point and mixed it with 990µL of sterile ddH2O. 

Figures generated were multiplied by 100 and recorded accordingly. At the end of each 

time-point, each microcosm's actual concentrations were computed using the equation  

(y = 0.875x + 0.63) generated from Beer's calibration curve. See figure 2.7  

 

 

Figure 2. 7: Showing the rate of degradation of 1.2mM vanillin substrates in the presence of 
PAH-mixtures. The data indicated that more 70% of 1.2mM vanillin is depleted after 72hrs 

incubation (3-days) in PAH-polluted soil samples collected from Tellus site 3 mixed with 
calculated PAH-mixtures; and monitored 12hrly. The content of the test microcosms: 1g (soil) 

+ 42µL vanillin (representing 1.2mM from a stock of 57mM) + 18.7mg total PAH-mixtures + 

939.3 µL of sterile ddH2O = 2mL (final volume). The inoculum-free control was made up of 
1g (double-autoclaved soil) + + 42µL vanillin (representing 1.2mM from a stock of 57mM) + 

18.7mg total PAH-mixtures + 939.3 µL of sterile ddH2O = 2mL (final volume). Averagely 
14% of the 1.2mM vanillin substrate were depleted every 12hrs. However, only about 70% of 
the 1.2mM vanillin substrate in the microcosms with PAHs was depleted after 72hrs incubation 
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(3-days). Though degradation of the vanillin substrate in the microcosms with PAHs was 

observed after the first pulse and, kept increasing. The continuous increase in degradation is 
possible, as it is a feature of the microbial growth curve under suitable conditions. 

Microorganisms in the microcosms with PAH-admixtures may likely be adjusting to the PAH's 
presence found to have inhibitory effects on them (Johnson et al., 2005). Essentially, various 

compounds analogous to each other were used as substrates to facilitate microbial removal of 
the unwanted materials in soils (Alexander, 1999; Boonchan et al., 2000; Suthersan, 2001; 
Jones, 2006, Singleton et al. 2008; Pumphrey and Madsen, 2008; Jones et al., 2008; Rinnan et 

al., 2013; Steinmetz et al., 2019).   

 

2.8.6 Generating of Beer-Lambert’s Calibration curve to optimise microcosms  

in the presence of PAHs for DNA-SIP  

As discussed in section 2.8.1, calculating the concentrations of vanillin substrates in 

microcosms containing PAH-mixtures was made possible by first generating the 

equation y=mx+c, where Y = absorbance, m = slope, x = concentration, and C = 

intercept on the y-axis.   

In this case, repertoires of microcosms (in triplicates), having three (03) different final 

concentrations of vanillin, 1.0mM, 1.2mM, and 1.4mM (from a stock of 57mM), were 

designed in a final volume 2mL. Each of the microcosms contains 1g of soil samples 

collected from the Tellus site ‘3’. The microcosms having 1.0mM, vanill in 

concentration in a final volume of 2mL, contained 1g of the soil samples, 35µL of 

vanillin (from the stock of 57mM), plus 965µL of sterile ddH2O. Moreover, the 

microcosms having 1.2mM, vanillin concentration in a final volume of 2mL, contained 

1g of the soil samples, 42µL of vanillin (from the stock of 57mM), plus 958.5µL of 

sterile ddH2O soil. The microcosms having 1.4mM, vanillin concentration in a final 

volume of 2mL, contained 1g of the soil samples, 49µL of vanillin (from the stock of 

57mM), plus 951µL of sterile ddH2O. All of the microcosms in section 4.3 were 

incubated simultaneously, with the same conditions.  

After the first 12hours of incubation, the absorbance of these microcosms was 

measured by spectroscopy. The UV spectrometer was calibrated using sterile distilled 
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water as described in section 2.8.1. Processing the microcosms for measurement at 

each time point and measuring the absorbance was also carried out the described in 

section 2.8.1. Mean absorbance values were generated from each set (triplicates) of 

each microcosm with specific concentrations (1.0mM, 1.2mM, and 1.4mM). They 

were computed for, recorded, and used to plot the Beer-Lambert Calibration curve with 

an r2 = 0.9997. The straight- line equation generated (y = 0.875x + 0.63) from this graph 

was used to compute vanillin's actual concentrations in all the microcosms. See figure 

2.8.  

  
Figure 2. 2: Showing vanillin calibration curve in the presence of PAHs using spectroscopy. 
Using the relation: y = 0.875x + 0.63 the concentration for each absorbance is computed. (Y: 

absorbance, m: slope, x: concentration, c: intercept on y-axis). The r2 of this calibration 

graph is = 0.9997  
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2.8.7 Designing DNA-SIP experiment point for vanillin in the presence of PAH-

mixtures in soil collected from PAH-polluted urban soil using spectroscopy  

This experiment aims to determine the time-points in which the required carbon per 

gram of soil was incorporated in the microcosms (Neufield 2007, Neufield et al., 2010; 

Dunford and Neufield, 2010). Having investigated the rate of vanillin degradation in 

microcosms containing vanillin, PAH-mixtures, water, and PAH-polluted soil from 

Tellus site '3' with the aid of a UV spectrometry (please see section 2.8), it was possible 

to design microcosms for vanillin DNA-SIP in the presence of PAH-admixtures. This 

experiment also considered all the parameters such as preparation of vanill in 

substrates, pH and wavelength of the vanillin substrates suitable for UV spectrometry, 

and incubation conditions described by Englis Wollermann (1957) and Mabry et al. 

(2012).  

Targeting ≥ 100µmol C-Vanillin per gram of soil in a 2mL final volume, as described 

by (Neufield 2007, Neufield et al., 2010, Dunford and Neufield, 2010), microcosms 

were carefully designed to determine the possible time-point that the microcosms can 

be sacrificed. Precisely 3mg (naphthalene), 3.7mg (acenaphthene), 3.7mg (biphenyl), 

4.0mg (fluorene), and 4.3mg (phenanthrene), representing equimolar of 24µmol C per 

gram of soil each, were weighed using a calibrated digital weighing balance (Ohaus  

PioneerTM).  The total PAH-mixtures (18.7mg) were first transferred into sterile 

20mL vials.  Precisely 1g of the soil sample was weighed and incorporated into the 

sterile 20mL vials containing the PAH-mixtures (total, 18.7mg). Both were aseptically 

mixed using a sterile spatula. The mixtures were spiked with 42µL of vanill in 

(representing 1.2mM from a stock of 57mM, equivalent to-24µmol), making a final 

volume of 2mL, using a 20 - 200µL capacity Gilson pipette. Finally, to make it up to 

2mL, 939.3µL of sterile ddH2O (using 1mL-capacity and 0.2 – 5mL- capacity pipettes) 
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was measured and incorporated into the microcosms before incubation at 30oC. The 

inoculum-free control microcosms were prepared in a similar way to section 2.8.4.  

The same procedure was done for the inoculum-free control microcosms, which was 

also prepared by double-autoclaving the same soil samples used above. Exactly 1g of 

the double-autoclaved soil, 42µL vanillin (from a stock of 57mM), 18.7mg total PAH-

mixtures, and 939.3µL sterile-filtered ddH2O was used to prepare the control 

microcosms. The same procedure employed in mixing components of the test 

microcosms was repeated for the control microcosms. All the microcosms were 

prepared and incubated at the same using a LEEC incubator and at 300C.   

The absorbance was measured down 12hrly until the vanillin concentration was almost 

depleted. Then, 42µL vanillin, equivalent to 1.2mM (from a stock of 57mM), was 

added and measured down again. This procedure was continued until four (04) spikes 

of the 1.2mM were incorporated into the test microcosms ~ thus achieving the targeted 

≥ 100µmol C-Vanillin per gram of soil in a 2mL final volume. The actual concentration 

at each time point was achieved from the equation (y = 0.875x + 0.63) generated from 

the Beer-Lambert’s calibration curve; as allowed by Beer Lambert’s law (Reilley and 

Sawyer, 1961, Swinehart, 1962, Pease, B.F.1980, Pungor, E. 1992, Ahuja and 

Jespersen, 2006, Skoog, et al., 2017); where Y: absorbance, m: slope, x:  

concentration, c: intercept on the y-axis). See figure 2.9  
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Figure 2. 9: Showing the degradation of 1.2mM vanillin substrates in four (04) spikes in the 
presence of PAHs. The data indicated that the minimum targeted ≥ 100µmol C-Vanillin per 

gram of soil in a 2mL final volume is utilised in the 216hr (9days) – the point circled red is the 
suggested point for DNA-SIP. Degradation was monitored 12hrly. The content of the test 

microcosms: 1g (soil) + 42µL vanillin (representing 1.2mM from a stock of 57mM) + 18.7mg 

total PAH-mixtures + 939.3 µL of sterile ddH2O = 2mL (final volume). The inoculum- free 

control was made up of 1g (double-autoclaved soil) + + 42µL vanillin (representing 1.2mM 
from a stock of 57mM) + 18.7mg total PAH-mixtures + 939.3 µL of sterile ddH2O = 2mL 

(final volume).   

  

2.9 COMPUTING THE TARGET MICROMOLE CARBON OF 13C 

VANILLIN SUBSTRATES  

Precisely, because of the peculiarity of DNA-SIP experiments, which requires a 

minimum incorporation of 'C' per gram of soil – thus, allowing labelled biomarkers. 

Key study protocols (Neufield, 2007, Neufield et al., 2010; Dunford and Neufield,  

2010) outlined that C incorporation's acceptable range depends on the sample's nature. 

Specifically, for high-biomass containing samples such as soils: the acceptable range 

is between 5 – 500 µmol C per gram of soil. While the acceptable range for lessbiomass 

containing samples such as aquatic samples is 1 – 100 µmol C per litre.  
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Therefore, targeting ≥ 100µmol 13C-Vanillin per gram of soil in a 2mL final volume 

in this study, a total of the daily working vanillin substrate concentration incorporated 

was 1.2 mM. From a vanillin stock solution of 57mM, the required volume for 

achieving the 1.2 mM vanillin working substrates is 42µL ~ 0.2mM×6=1.2 mM (i.e. 

7µL×6=42µL). The 1.2 mM vanillin substrate was spiked once into the microcosms.  

To achieve the targeted ≥ 100µmol 13C-Vanillin per gram of soil in a 2mL final 

volume in this study, 1.2 mM vanillin substrate (24mmol) was incorporated into the 

microcosm four times in a 3-days interval.  This is because the carbon contents of 1.2 

mM vanillin substrates in a 2mL final volume are equivalent to 27.42 per gram of soil.  

See computation below:  

Computing the targeted ≥ 100µmol of 13C-Vanillin per gram of soil in a 2mL 

initial final volume using 1.2mM vanillin working substrates  

We’ve: 1.2mM × 2/1000 = 0.0024mmol  

Vanillin (MW-152g/mol) contains 8 labelled C’s:  

0.0024 × 8C (vanillin) = 0.0192mmol C for each spike  

= 19.2µmol C  

But 1g (Tellus soil) = 0.7-dry weight  

⸫ 19.2/0.7 = 27.422µmol C(vanillin) per gram of soil  

Spiking four (04) times, we have: 27.422 × 4 = 110µmol C (vanillin) per gram of soil  

Moreover, the 1.2mM vanillin substrate incorporated into the microcosm was 

monitored after each incubation at 200C using UV-spectrometer until close to depletion 

(point adjudged as kinetically stable as optimised using the 0.2mM time course 

experiments). A new 1.2 mM vanillin substrate was incorporated again. This procedure 

was carried out repeatedly until the microcosms were pulsed four (04) times with 
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1.2mM vanillin substrates for each spiking. This procedure was to achieve the targeted 

≥ 100µmol 13C-Vanillin (specifically, 110µmol C) per gram of soil. This conveniently 

fell within the acceptable range of C incorporation into soil microcosms per gram as 

described by critical studies (Neufield, 2007; Neufield et al., 2010; Dunford and 

Neufield, 2010). However, here, the absorbances of each spike of 1.2mM vanill in 

substrates were optimised and measured 12hrly to monitor the depletion of vanillin in 

the test microcosms.  This is to determine the rate of vanillin degradation in the PAH-

polluted soil and achieve the minimum possible point where this carbon incorporations 

occurred ~ a point suitable for the DNA-SIP experiments.   

However, to comply with a critical study specifically for DNA-SIP by Radajewski et 

al. (2002), it is essential to allow the incubation for an extended period to enable active 

degraders to metabolise even intermediate products of the substrates. This extended 

incubation is crucial as it allows microorganism present in the microcosms to 

synthesise labelled DNA sufficient for other downstream analysis and, avoid 

crossfeeding and smeared DNA. Another reason for this is microorganisms in the 

microcosms that cannot utilise the substrate of interest may rely on the intermed ia te 

products produced in the process of degradation, and therefore not produce heavy or 

labelled DNA (only light or unlabelled DNA). Therefore, to allow active microbes in 

the microcosms, biosynthesise both labelled or unlabelled DNA and allow exact 

resolution of linking function with the active microbes' phylogenetic identity within 

the microcosms.  Additionally, incubations were done for 7days, 14days. 21days, 

28days, and 35days.  

This study optimised this experiment in the 35days extended incubation. This 

incubation duration is a validation of the study by Radajewski et al. (2002), as labelled 

DNA sufficient for downstream analysis was achieved in the last time point (35days). 
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The 35days extended incubation broken down into five time-points. Each time-point 

was 7days. However, to avoid cross-feeding in the microcosms due to more prolonged 

incubation, vanillin substrates (1.2mM) were continually incorporated every three days 

as optimised in the prior experiments.  However, the degradation of vanillin with or 

without PAHs in soil can commence in a minimum of 3hrs, depending on the 

concentration of the vanillin substrate incorporated. 

In terms of suitable concentration of vanillin degradable by microbes, both the 0.2mM 

and 1.2mM vanillin concentrations used as substrates in this current study falls within 

the ranges of biodegradable concentrations of vanillin in soils at different conditions 

of incubations and time; as shown by several studies (Moira and Farmer, 1955,  

Henderson, 1961a, Flaig, 1964, Sundman et al., 1964; Henderson, 1965, Kunc, 1971, 

Blum and Shafer, 1988, DeForest, et al., 2004, Bugg, et al., 2011, Davis, et al., 2016 

and Steinmetz, et al., 2019). Likely because the substrate specificity of the vanill in 

dehydrogenase enzyme (VDH) on vanillin is 100%. At the same time, specificity to 

other the phenolic admixtures used in this study is also high. For instance,  

protocatechualdehyde is 91%, and salicylaldehyde is 48% (Nishimura et al., 2018).     

This thesis carefully considered the above (in additions to the data already available in 

Prof Allen’s lab) in designing microcosms with conditions reflecting different PAH–

polluted environments such as the selected tellus sites in this study; to monitor the 

degradation of vanillin over a time-course using spectroscopy (6706 UV/VIS  

Single holder spectrophotometer - Jenway). Overall, the degradation of vanillin in 

PAH-polluted soil was investigated using the UV- spectrometer (6706 UV/VIS Single 

holder spectrophotometer - Jenway).   
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2.10 COMPUTING THE AN EQUIMOLAR OF 12C-PAH-COCTAILS  

Equimolar (24mmol of vanillin), each of the selected PAHs (naphthalene:  

128.17g/mol–C10H8; acenaphthene: 154.12g/mol–C12H10; biphenyl: 154g/mol– 

C6G5C6H5; fluorene: 166.22g/mol-C13H10; and phenanthrene: 178.23g/mol-C14H10); 

were targeted, computed and incorporated into the microcosms. See computations 

below:  

Targeting equimolar (24mmol) of PAHs:  

 For 12C- naphthalene (128.17g/mol), Therefore, 128.17 × 24×10-6 = 0.003g = 

3mg  

 For 12C- Acenapththene (154.12g/mol), Therefore, 154.12 × 24×10-6 = 0.0037g 

=  

3.7mg  

 For 12C- Flourene(166.22g/mol), Therefore, 166.22 × 24×10-6 = 0.004g = 4.0mg  

 For 12C- Phenanthrene (178.23g/mol), Therefore, 178.23 × 24×10-6 = 0.0043g =  

4.3mg  

 For 12C- Biphenyl(154g/mol), Therefore, 154 × 24×10-6 = 0.0037g = 3.7mg  

 For 13C- naphthalene (138.1g/mol), Therefore, 138.1 × 24×10-6 = 0.0033g =  

3.3mg  

Therefore, precisely 3mg (naphthalene), 3.7mg (acenaphthene), 3.7mg (biphenyl), 

4.0mg (fluorene), and 4.3mg (phenanthrene), each of which is equivalent to the 

equimolar 24mmol for each of the selected PAHs, weigh carefully weighed using a 

calibrated digital weighing balance (Ohaus PioneerTM), in an aluminium.    

Targeting an initial final volume of 2mL, a total of the PAH-mixtures (18.7mg) was 

first transferred into the sterile 20mL vials, then 1g of the soil sample was weighed and 

incorporated into the sterile 20mL vials containing the PAH-mixtures (total, 18.7mg). 

Both were aseptically mixed using a sterile spatula. The mixture was spiked with 42µL 
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of vanillin, which is also equivalent to-24mmol in a final volume of 2mL (representing 

1.2 mM from a stock of 57mM), using a 20 - 200µL capacity Gilson pipette. Finally, 

to make it up to 2mL, 939.3µL of sterile ddH2O (using 1mL-capacity and 0.2 – 5mL- 

capacity pipettes) was measured and incorporated into the microcosms before 

incubation at 30oC.   

Optimisation of vanillin depletion in the presence of PAH-mixtures using soil samples 

collected from the PAH-polluted tellus soils was monitored and recorded, 12hrly using 

UV- spectrometer. This experiment provided information for the DNA-SIP experiment 

with these conditions. Each time the vanillin concentration in the microcosms went 

down to a shallow but detected level, the 1.2mM vanillin substrate equivalent was 

incorporated and monitored again to avoid cross-feeding. This procedure was repeated 

and monitored for four (04) spikes of the 1.2mM equivalent vanillin substrate in the 

microcosms.  It is important to note that all the microcosm in sub-sections of 2.8 were 

all designed, incubated at the same conditions, and monitored simultaneously.  

Expressly, for the DNA SIP experiment here, the same 1.2mM equivalent vanill in 

substrate was incorporated into the microcosms; and incubated for a long time 

(35days) simultaneously. The exact number of time points was also replicated. Again, 

the 5th time point (time point with 35days incubation) was found to have labelled and 

unlabelled DNA (as desired in SIP experiments) sufficient for other downstream 

analysis.  

2.11 PROCEDURES AND LIFE CYCLE OF DNA-SIP EXPERIMENT  

The life cycle of the DNA-stable isotope probing technique in the laboratory begins 

with a carefully setting-up repertoire of microcosms and incubating the microcosms to 

grow active microorganisms within the microcosms. After that, DNA is extracted from 

the incubated microcosms and quantified per microliter (ng/µL). The extracted 
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genomic DNA are separated into labelled and unlabelled biomarkers by density 

gradient ultracentrifugation. The separated labelled and unlabelled biomarkers are 

precipitated to recover each separately. The following sub-sections described these 

processes.   

2.11.1 Preparing the gradient solutions used for ultracentrifugation   

The aim of running ultracentrifugation in SIP experiments is to separate light DNA 

from heavy-DNA of the indigenous and active microorganisms in the microcosms. 

Microorganisms with the heavy-DNA are the active degraders of the test substrate 

(isotopically labelled carbon). Reagents needed for this experiment include a known 

DNA concentration isolated from the microcosms, Gradient buffer (0.1 M Tris, 0.1 M 

KCl) and CsCl (7.163M) with the desired density range of 1.88-1.89 g/mL. The use of 

an ultracentrifuge is crucial at this stage. This study used a 16-wells Beckam-coulter 

Vti 65.2 ultracentrifuge capable of holding 5.2mL rotor size quick seal polyallomer 

tubes, as described by Dunford and Neufield (2010) protocol.   

Essentially, the acceptable DNA quantity range desired for running ultracentrifuga tion 

is between 0.5μg - 5μg (500 ng – 5000 ng) (Dunford and Neufield, (2010). This study 

used a total DNA of 3.5μg for this experiment. A quantity that is only achievable from 

rich microcosms. Moreover, when preparing the mixtures, considering the size of the 

rotor's holding capacity and quick seal polyallomer tubes is crucial. In this case, the 

rotor size of the Beckam-coulter Vti 65.2 ultracentrifuge used in this study is capable 

of holding 5.2mL-quick seal polyallomer tubes. Therefore, the mixtures' final volume 

is computed as described by Dunford and Neufield (2010). See below:  

Gradient buffer and DNA solution volume (ml) = (CsCl stock solution density - 
desired final  

density) x volume of CsCl stock solution added x 1.52) Where:  
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Volume of stock solution of CsCl used = 4.8mL  

Desired final density = 1.725 g/mL   

Density of CsCl stock solution used = 1.89 g/mL  

Substituting the above into the relation, we therefore have –   

Gradient buffer (GB) and DNA solution volume (mL) = (1.89 g/mL – 1.725 g/mL) x  

4.8mL x 1.52 = 1.2mL  

Simply put, DNAconcentration (ng/μL) + GB (mL) + 4.8mL (CsCl) = 6mL (mixture)  

Since the desired volume of the CsCl and the DNA concentration (ng/μL) are known.  

The volume of GB (mL) was generated. In this case, 3.5μg of DNA was used. It is 

worthy of note that a mixture of the 6mL prepared as against the 5.2mL holding 

capacity of the quick seal polyallomer tubes was because the remaining 0.8mL 

mixtures are used for other processes (such as measuring the refractive index of each 

of the mixtures to determine the density {a(nc)- b}). The 5.2mL quick seal polyallomer 

tubes are carefully filled, avoiding air bubbles, and properly sealed.  

Ultracentrifugation can run at this stage.   

2.11.2 Ultracentrifugation  

Upon completing the gradient solutions' preparation, further steps were taken to mix 

and process the mixtures, as described by Dunford and Neufield (2010). All lights were 

put on to have adequate illumination. The quick seal polyallomer tubes used were 

labelled at the shoulder with a permanent marker, and rotor wells that these tubes were 

inserted were identified and recorded. This double precaution avoids confusion when 

labels get erased within the rotors during the ultracentrifuge's rigorous speed. Should 

there be an occurrence of the label's erasure on the quick seal polyallomer tubes after 

that, the tube can still be identified.   

 Furthermore, gradient solutions are carefully mixed. A clean Pasteur pipette was used 

to take each gradient solution (as computed in section 3.7.1, above) and transferred 
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into a sterile and labelled 20mL Eppendorf tube. This was achieved by taking the GB's 

desired volume and transferring it to the 20mL Eppendorf tube. The desired volume of 

the DNA was then added, and finally, CsCl was added. Mixing of these solutions was 

done by inversion.  The mixtures in the Eppendorf tubes were inverted about 10times 

to ensure homogeneity.   

The Eppendorf tubes were essentially reconciled with each of the corresponding 

labelled quick seal polyallomer tubes to avoid incorporating the wrong mixtures in the 

Eppendorf tubes into the wrong tubes polyallomer tubes. Each of the quick seal 

polyallomer tubes was filled to the neck's base while avoiding air bubbles. It is 

important to note that the quick seal polyallomer tubes not correctly filled could burst 

during ultracentrifugation, and air bubbles may also affect the DNA's separation. In a 

further precaution, the weight of each of the filled quick-seal polyallomer tubes was 

determined to reconcile each tube against the other (weight-wise) within the 

ultracentrifuge rotor wells. A weight difference of not more than 10mg could be 

ignored. This step is essential as the machine cannot run with imbalanced weights of 

tubes.   

Nevertheless, the Quick seal polyallomer tubes were sealed according to the 

manufacturer's instructions, using a heated tube topper. Moderate pressures were 

applied to each of the sealed tubes while inverting several times to ensure they are 

adequately sealed. Again, this check is very important because tubes that are not 

adequately sealed could burst in running the machine. The sealed tubes were weighed 

again after the sealing process for proper balancing.  

At this point, the rotor wells are checked and cleaned correctly. Debris in the wells 

could puncture the sealed tubes. The quick seal polyallomer tubes' weights were 
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reconciled to balance each other and then inserted into the rotor wells against each 

other. Each of the rotor wells carrying quick seal polyallomer tubes was locked tightly. 

The entire rotor was loaded into the ultracentrifuge, and the doors of the ultracentrifuge 

were closed. The following adjustments were made as guided by the manufacturer’s 

instructions: Deceleration (minimum), acceleration (maximum), coast (10) speed 

(44,100rpm), duration (40Hrs) and temperature (200C ~ CsCl is stable, and the DNAs 

not denatured).  

2.11.3 Fractionation  

This experiment's essence is to collect genomic DNA (in fractions) and separate the 

heavy from the light DNA. This experiment occurs at the end of ultracentrifugation. 

At this stage, the materials needed are sterile ddH2O (containing bromophenol blue in 

a -50mL Eppendorf tubes), a digital refractometer, a clamp stand, a peristaltic pump 

(with transport pump), and labelled sterile 1.5mL Eppendorf tubes. The bromophenol 

blue provides a dark-blue colour in the background, which indicates the gradient 

mixture's movement during fractionation. The peristaltic pump allows a flow of the 

mixture and efficient collection of gradients, and the digital refractometer for 

measuring the density of fractions collected.  The fractions are collected in the labelled 

sterile 1.5mL Eppendorf tubes. A reference guide to determine the range of fractions 

for heavy and light DNA is provided by Dunford and Neufield (2010).   

In this study, the total number of fractions collected is twelve. The range of interest 

within each collected 12-fractions (1-12) was identified. The fractions with heavy 

DNA lies between 5-8 and with a corresponding density range between 1.720 

1.735g/mL. For light DNA, the ranges are between fractions 9 – 11 and the 

corresponding density range between 1.705 – 1.720g/mL (Dunford and Neufield 

(2010).   
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At the end of ultracentrifugation, the sealed quick seal polyallomer tubes containing 

the gradients were carefully removed (in such a way that the separations were not 

distorted) and placed on a rack. The sterile ddH2O containing bromophenol blue in a 

50mL Eppendorf tube was placed and connected to the peristaltic pump's loading arm. 

Air bubbles were removed in the connecting pipe of the peristaltic pump. This is 

because air bubbles in the pipe affect the fractionation process. Moreover, each of the 

sealed quick seal polyallomer tubes (containing the gradients) to be processed was 

removed and carefully fixed slightly on a clamp stand and adjusted slightly to the top 

to allow easy flow.     

Furthermore, a small clean syringe was used to pierce the tube's base was carefully in 

the middle.  Another sterile syringe attached to the pipe (connecting the peristalt ic 

pump) was used to pierce the sealed quick-seal polyallomer tubes at the upper tube 

shoulder. The peristaltic pump was turned on, and fractions were carefully collected 

using the labelled sterile 1.5mL Eppendorf tubes. This study optimised the suffic ient 

speed of the peristaltic pump at speed 5 for 1 minute. Therefore, the speed used in 

fraction collections using peristaltic pump was 5 per minute.  

Also, the total volumes of each fraction collected in the labelled sterile 1.5mL 

Eppendorf was 450µL each was collected (450µL/min).  Therefore, each of the 

12fractions contained 450µL.  Moreover, the refractive index of all the fractions was 

measured using a calibrated digital refractometer (to compute each fraction's density) 

after collecting all fractions. Calibrating the refractometer was achieved using 50µL of 

ddH2O. Upon calibration, 50µL (leaving each fraction with 400µL) from each of the 

fractions was used to determine the refractive index of each fractions digita l 

refractometer and the densities computed accordingly.   
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2.11.3 DNA-precipitation  

Here, the aim was to recover the DNA in each collected fraction of interest. As 

Dunford and Neufeld described, the DNA collected in each fraction was precipitated 

and recovered (2010). The reagents need at this stage are LPA or glycogen and PEG 

solution.  LPA is a neutral carrier suitable for ethanol precipitation of nucleic acids.  

The important DNA fragments having more than 20 base pairs are recovered using 

LPA. Moreover, glycogen can also be used in place of LPA. However, this study 

optimised this stage using LPA.   

Moreover, the desired concentration of LPA (or glycogen) to be used for this purpose 

is 20µg/. To achieve this, using an already prepared LPA (5µg/uL concentration), 

exactly 4µL of the LPA (~20µg/µL) was taken and added into each fraction in the  

1.5mL Eppendorf tubes having the 400µL mixtures. To continue, two volumes of the 

total 400µL mixture’s in each 1.5mL Eppendorf tubes of PEG solution (800µL, in this 

case), was incorporated into each fraction. The mixtures were homogenised by 

inversion. The homogenised mixtures were allowed to stay overnight (on the bench) 

at room temperature. This time will allow the DNA to precipitate. However, it is 

possible to precipitate for 2hrs. For this study, the homogenised mixtures that were 

allowed to stay overnight yielded more DNA precipitates.  

Furthermore, all fraction tubes were placed in a centrifuge rotor in a similar orientation 

- with their backs facing outward after the overnight incubation. The essence of this to 

ensure a consistent alignment of the DNA-pellets in each tube. The tubes were 

centrifuged at 13,000g for 30minutes. Supernatants were carefully removed and 

discarded, leaving slightly visible DNA pellets in the tubes when viewing under a desk 

lamp. The slightly visible DNA pellets were washed with 500µL (70% sigmamolecular 
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grade ethanol) and centrifuged again at 13,000g for 10minutes. Again, supernatants 

were removed and discarded as above.   

At this stage, the DNA pellets in the tubes usually become more visible. The pellets 

were air-dried using a DNA concentrator for 5mins at 400C ~ a temperature that cannot 

denature the recovered DNA. However, recovered DNA pellets can also be air-dried 

for 15mins at room temperature. The dry pellets were then re-suspended in 31µL of 

elution buffer (Solution C6 of Qiagen DNeasy soil isolation kit), devoid of EDTA, a 

typical PCR inhibitor. The 10mM Tris buffer in the C6 solutions is suitable for 

downstream molecular processing such as fluorometry, 16S PCR, qPCR, and HTS.  

2.12 ALGORITHM IN PROCESSING GENOMIC DNA FOR THE DNA-SIP  

EXPERIEMENTS  

2.12.1 DNA-extraction from soil sediments  

The DNA-isolation kit used was the DNeasy Power Soil kit purchased from Qiagen  

(https://www.qiagen.com/ie/). A vortex and fast prep-FP200 were used to complete 

this process. Following the manufacturer's instruction, exactly 0.25g of the soil was 

used for this process. This was done at the end of each time-point. To achieve this, 

each microcosm's total content was weighed on a calibrated weighing balance to get 

the current weight. The new weight was divided by 4 in order to get the targeted 0.25g 

soil. Recall, only 1g of soil was used to design the microcosms’ repertoire. This was 

also reconfirmed using the relation containing density, mass and volume {(ρ = 

Mass(grams)/Volume (cm3)}.   

Furthermore, a step-by-step protocol as captured in the Qiagen’s DNeasy Power Soil 

kit quick-start protocol was adhered to. The C1 – C6 solutions provided in the kit were 

used. However, instead of eluding the extracted DNA in 100µL of C6 solution as 

documented in the protocol, this study eluded DNA in 50µL of the C6-solution 

(containing10 mM Tris elution buffer). This procedure was because the DNA-SIP 

https://www.qiagen.com/ie/
https://www.qiagen.com/ie/
https://www.qiagen.com/ie/
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process requires the highest quantify of DNA in the lowest possible volume. Upon 

completion of this process, the isolated DNA concentrations from each microcosm 

were measured using QuantusTM Fluorometer (Promega, UK) and the residual DNA 

samples stored accordingly in a -200C freezer until required.  

2.12.2 Quantitative DNA check using Fluorometer  

It is possible to measure the concentration of DNA per microliter in a sample using 

other technologies like the nanodrop and qubit 3'. This study employed QuantusTM 

Fluorometer (Promega, UK) to measure DNA concentrations. Quantifying DNA with 

QuantusTM fluorometer requires kit - QuantiFluor dsDNA System. This kit's 

components include a standard for calibrating the fluorometer, buffer solution (×20  

TE buffer, pH 7.5) for eluding the DNA, and sensitive fluorescence dye enhancing the 

DNA-binding process and quantification. A fluorometer works by measuring emitted 

fluorescence.  

The QuantusTM Fluorometer (Promega, UK) is more accurate and sensitive in 

measuring double-stranded DNA concentration in solution. Fluorometer can quantify 

DNA (ng/ µL) even in samples with the lowest DNA concentration.  Also, DNA 

concentration measured using a fluorometer is suitable for the Illumina-sequenc ing 

technique employed by this study.   

Therefore, following the manufacturer's instructions, DNA concentrations were 

measured and recorded accordingly.   

2.12.3 Qualitative DNA check using Nanodrop Technology:  

The nanodrop was used to check the quality of the DNA and also reconfirm the 

quantity. A qualitative DNA check is a check to determine the DNA sample's purity. 

Although the nanodrop technology also quantifies DNA, the results generated are not 

as reliable as that of the fluorometer. Therefore, this study used this technique to check 
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the purity of the genomic DNA extracted or recovered.  For assurance purposes only, 

the presence of the DNA concentration measured during the fluorometer was 

reconfirmed by the nanodrop.   

Furthermore, DNA samples' purity is crucial for downstream molecular analysis (such 

as PCR, HTS). Some levels of the DNA samples purity are required for a successful 

molecular downstream analysis. This is because compounds found in soils such as 

proteins, humic acid, phenols, polysaccharides, heme, fulvic acids, polyphenols, and 

dyes affect the downstream molecular analysis's success. They are mostly called PCR 

inhibitors in some cases. Some reagents used in the isolation of DNA, such as EDTA, 

are PCR inhibitors. This is the primary reason why we eluded our DNA samples in 

sterile molecular grade water. Qualitative and quantitative checks are, therefore, 

necessary before downstream molecular analysis.  

There are ratio ranges essentially for determining the pure DNA samples Dunford and 

Neufeld described (2010). These ratio ranges are the A260/280 and A260/230’s. For 

instance, in genomic DNA extracted from soil samples, the acceptable range signifying 

pure nucleic acids for A260/280 ratio is between ~1.8- 2.0. In contrast, the A260/230 

ratio is between ~1.8-2.2. This ratio applies to both DNA and RNA.  

In this study, Nanodrop Spectrophotometer Technology (ND-1000 V3.6) was used. 

Typically, the check was done at a specific absorbance ratio, as advised by the 

manufacturer. A ratio absorbance at 260 and 280 nm (A260/280-ratio) or ratio 

absorbance at 260 and 230 nm wavelength (A260/230). This step achieved this 

experiment by first calibrating the nanodrop with sterile sigma-molecular grade water 

before taking the measurement. The purity checks ratios using nanodrop were above 

1.8 for some fractions and below for some fractions. Those below the acceptable ratios 
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may contain some impurities. They were therefore purified before downstream 

molecular analysis.   

Lastly, reconfirming the presence of DNA in the stock samples were carried was also 

achieved using the nanodrop technique in this current study. The margin between the 

fluorometer's DNA concentrations against that shown by the nanodrop was negligib le.  

Overall, the essence was to confirm that there was DNA in the stock.  

2.12.4 DNA purification  

DNA-samples which could not meet the suitable ratio range (A260/A280 of 1.8 to 2.2) 

subjected to the purification process to remove these compounds. The DNeasy 

PowerClean Pro Cleanup Kit (www.qiagen.com/DNeasy) was used for this process.   

2.12.5 Qualitative PCR (16S rRNA)  

For qualitative confirmation, the DNA isolated from the microcosms were subjected 

to 16S PCR. This was a check for the presence of the 16S rRNA gene of the active 

degraders in the microcosms. The 16S rRNA PCR amplifies the active degraders' 16S 

rRNA gene in the microcosms using suitable primers. Therefore, when amplifica t ion 

does not occur, it implies that there is no 16S rRNA gene in the extracted DNA. 

However, it is crucial to rule out all exceptions, such as PCR inhibitors, as mentioned 

in section 3.7.3. DNA samples, especially from soil origin, mostly contain PCR 

inhibitors ~ thus requires purification.  

In this study, the universal primers sequence Sequences 5' – 3' used for the 16SrRNA  

PCR  are  1387r  GGGCGGWGTGTACAAGGC  and  63f  

CAGGCCTAACACATGCAAGTC (Marchesi et al., 1998). Fractions of interest  

suspected to contain heavy and light DNA were subjected to 16S-PCR. For each of the 

PCR reaction in a flat-frosted cap, thin-walled PCR tube (4titude, UK), a total of 25µL 

final volume was used. The 25µL final volume used is a mixture of 1µL of template  

http://www.qiagen.com/DNeasy
http://www.qiagen.com/DNeasy


 

100  

  

DNA (from the samples), 1µL each of primers 63f and 1387r, 2.5µL of X10 Dream 

Taq buffer (containing 25mM MgCl2), 1µL of Deoxyribonucleotide triphosphate 

(dNTP), 0.2µL of Dream Taq DNA Polymerase (all Thermo Fisher Scientific 

products), and 18.3 µL of sigma- molecular grade/nuclease-free water.   

Moreover, using the Eppendorf thermal-cycler (Fisher Scientific), processing the 16S 

rRNA gene was done at 34-cycles. The conditions of the entire process are, as thus - 

the first cycle is initial denaturation at 95oC for 4 minutes, then 32 cycles beginning 

with final denaturation at 95oC for 30sesconds, annealing for 30seconds at 52oC, the 

extension for 90seconds at 72oC, and lastly final cycle for the final extension for 5 

minutes at 72oC. The presence of the bacterial 16S rRNA gene was confirmed in the 

targeted fractions using fluorometry. Another primary reason why the 16S PCR was 

conducted in this study was to produce a standard for the real-time PCR run in this 

study.   

2.12.5.1 Preparation of standard for qPCR   

A critical study by Shahsavari et at. (2016) recommended that cleaned PCR-products 

for standards is vital for a successful qPCR technique. As such, standard (of the gene 

of interest) does not require further cloning or bacterial isolation. The qPCR standard 

was prepared using the recovered PCR-products from the 16S PCR on the SIP fractions 

of interest. To achieve this, the recovered PCR-products were purified using the 

DNeasy PowerClean Pro Cleanup Kit.   

Furthermore, the cleaned standard prepared was then serially-diluted using 

sigmamolecular grade water. The acceptable dilution fold range suitable for the soil 

sample is between 1 to 8 (10-1 to 10-8). In this study, 10-7 was used. The cleaned 

standard was then quantified again using nanodrop and QuantusTM Fluorime ter 

(QuantiFluor dsDNA kit based system, Promega). The standard was produced.   



 

101  

  

Using the relation described by Godornes et al. (2007), copy numbers for the standards 

used were calculated, as thus:   

Copy numbers (copies/µL) = (6.023 x 1023 copies/mole) x (Concentration of  

Plasmid DNAg/µL)660 Daltons (Da/bp) x Number of bases  

Where:  

6.023 x 1023 is Avogadro's constant, and 660 Daltons is the molecular weight of 

dsDNA.  

2.12.6 Quantitative or Real-Time PCR (qPCR or rt-PCR)  

To quantify the concentration (in copy numbers) of the bacterial species' 16S rRNA 

genes in the SIP fractions of interest, Real-Time PCR was carried out. The material 

used here includes a BioRad-DNA Engine Opticon2 System, transparent thin-walled 

qPCR tubes, template DNA, Maxima SYBR Green qPCR Master Mix (Thermo  

Fisher),  with  P1  (5’  CCTACGGGAGGCAGCAG  3’) 

 and  P2  (5’ ATTACCGCGGCTGCTGG3’) as described by Muyzer et 

al., (1993) universal  

primers.   

The total volume of each reaction was 10µL. Each 10µL reaction contained 1µL 

template DNA (a range of 1-10 ng/µL is acceptable – depending on the reaction 

volume), 0.3µL of each P1and P2 primers, 5.5 µL Maxima SYBR Green qPCR Master 

Mix, and 2.9 µL sterile ddH2O. The conditions used were an initial denaturation at 

95°C for 10 min, 95oC for 30secs, annealing temperatures at 56oC for 30secs, 

elongation at 72°C for 30sec in 25 cycles. A quantitative data graph, a melting curve, 

and a melting temperature analysis were done upon completion. See figures 3.2 and  

4.2.  
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2.13 PRELIMINARY CHECKS BEFORE DNA ILLUMINA SEQUENCING  

Illumina sequencing of DNA, especially total sequencing, requires preliminary checks 

to ascertain the genomic DNA's quality, and quantity. The Nanodrop Technology 

checks the quality, purity and quantity; DNA Clean-up kits purifies the DNA, 

QuantusTM Fluorimeter confirms the DNA concentration, qPCR confirms the 

numbers of copies of 16S gene distributions in the fractions of interest using P1 (5’  

CCTACGGGAGGCAGCAG 3’), and P2 (5’ ATTACCGCGGCTGCTGG3’), 

universal primers as described by Muyzer et al., (1993).   

Overall, QuantusTM Fluorimeter was done as described in section 2.8.2. The 

Nanodrop Technology checks were conducted as described in section 3.8.3. Section 

2.8.3 described the 16S rRNA PCR check, and the quantitative or Real-Time PCR 

(qPCR or rt-PCR) check was is described in section 2.8.3.  

2.14 PROCESSING HTS-DATA USING BIONINFORMATICS TOOLS                                      

The high-throughput Illumina sequencing technology primarily, Nova seg 6000, was 

used to process genomic DNA in this study.  The Nova seg 6000 was used because of  

its high accuracy, cost-effectiveness, higher coverage (capturing information of all 

microbial genes in a microbial community), independence on the use of primers and 

extra-long sequencing reads (hundreds of million reads) by in length.  

Moreover, Nova Seq 6000 Illumina/solexa sequencing technology produces the 

highest throughput per run (167Gb -6 Tb) in the shortest possible time (16 – 44 hours).  

This study employed the Nova Seq 6000 sequencing technology using Nextera DNA 

Flex (Nextera DNA Library Prep), suitable for DNA genome, PCR-products and 

amplicons, as described by Lhee et al. (2019). The DNA genomes extracted from both 

the SIP-microcosms and those directly from the soils (inoculum) were sent to the 
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Genomics Core Technology Unit, Queen's University Belfast procession. The DNA 

was extracted as following manufacturer’s instruction (please see, subheading 2.12.3).  

The Nova Seq 6000 and Nextera DNA Flex processing kit requires a minimum DNA 

concentration of 20ng/µL in a final volume 15 of µL, Library Prep/Sequencing Input 

(200 - 500 ng), Input range validated by the manufacturer (1 - 500 ng), Format for 124 

samples (Single tubes or 96-well plate), and Format for 25-96 samples (96-well plate). 

DNA sequence reads were analysed using Kaiju, Hmmer and Krona.  etThe 

sequenced samples were processed by Matthew Boyd (a bioinformatician) in Prof 

Allen’s research team.   

Kaiju is a fast and sensitive taxonomic classification pipeline for metagenomic data. 

It is used for taxonomic assignments of assembled sequences from Megahit final 

contigs (<sample_ID>.fa.). The reads are assigned directly to taxa using the NCBI 

taxonomy reference database selected. Kaiju produces an output file called 

TabSeparated Value (tsv) (<sample_ID>_kaiju.tsv, or <sample_ID>). The tsv 

produced by Kaiju can be visualised using the interactive HTML based taxonomy 

viewer known as Krona. The kt-ImportText in Krona tools can be used to import Kaiju 

data to produce Krona charts. Kaiju is designed to allow a maximum of 5 mismatches, 

with a minimum bit score of 60 (-s 60) ~ also said to be greedy (-a greedy).  It uses 

ktImportText in Krona-Tools to import Kaiju data (Menzelet al., 2016).  

 Krona and produce Krona charts.  Kaiju’s computational resource usage is 40 CPU 

cores with 4GB RAM per core (Ondov et al., 2011; Li et al., 2015; Menzel et al., 2016; 

Alla et al., 2018; Young et al., 2019).   
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Moreover, Krona is used to visualise the taxonomic data produced by the Kaiju 

pipeline. This was employed in all samples of this study (see chapter 5 and 6) (Ondo v 

et al., 2011; Li et al., 2015; Menzel et al., 2016; Alla et al., 2018; Young et al., 2019).  

Moreover, the Hmmer is a software package designed for analysing biologica l 

sequences. The package also employs the Hidden Markov Model profiles (HMMs). 

Hmmer provides a list of gene IDs and pull out the sequences of the genes' nucleotide 

translations. Hmmer assigns functionality to provisional functional genes. Therefore, 

microbes' functionality was assigned using Hmmer in this study (Ondov et al., 2011; 

Li et al., 2015; Menzel et al., 2016; Alla et al., 2018; Young et al., 2019).   

2.14.1 Nova seg 6000 Sequence Reads   

Upon a successful Nova seg 600 - Illumina shotgun metagenome sequencing, the 

sequenced data (reads) received from Queen’s GTU is overwhelming. This is a 

confirmation of the efficiency of the high throughput Illumina sequencing generated 

shotgun sequencing reads (360.5million reads for experiment I ~ chapter 3, and 

288.3million reads for experiment ~ chapter 4 for 6 Lanes). The total number of reads 

supplied by Queen’s GTU for this study, is approximately six hundred and forty eight 

million, eight hundred thousand reads (≈648.8). The data from the taxonomic  

classification was expressed in presence, functionality, and relative abundance (%) of 

the microbial communities in the urban soils to reveal the dominant and minor of 

community composition. In an attempt to answer the research questions for the two 

important experiments in this study. The sequenced data are as seen tables 2.2 and 2.3 

below:  
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I. Experiment I: Addressing Chapter 3 in this study  

Here, the aim is to investigate the bio-stimulatory potentials of lignin-derived phenols  

(vanillin) on PAHs' degradation (naphthalene and PAH-mixtures) in 

PAHcontaminated Tellus urban soils. The vanillin-degrading bacteria in the presence 

of PAH-mixtures using PAH-contaminated Tellus urban soil samples were also  

investigated.   

  

Table 2. 5 Showing the number of reads (in millions) for each microcosm  

S/No.  Sample 

Key  

Nature  of  

Genomes  

Miseq  Run1  

(Millions)  

Miseq  Run2  

(Millions)  

Analysed  

Run  

            

1  IA1  Inoculum  215  238.4  Run2  

2  IA2  A  – 

 Heavy 

DNA  

17.8  23.9  Run2  

3  IA3  A  – 

 Light 

DNA  

17.2  22.2  Run2  

4  IA4  B  – 

 Heavy 

DNA  

2.1  25.1  Run2  

5  IA5  B  – 

 Light 

DNA  

23.6  27.3  Run2  

6  IA7  AB-Control: 

Light DNA  

19.4  23.6  Run2  

  

  Total      360.5    
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II. Experiment II: Addressing Chapter 4 in this study  

This chapter investigated the influence of lignin-derived phenols on vanillin's 

degradation in PAH-contaminated Tellus urban soil samples. Also, vanillin-degrad ing 

bacteria in the presence of phenolic-mixtures using PAH-contaminated Tellus urban 

soil samples.  

Table 2. 6 Showing the number of reads (in millions) for each microcosm  

  Sample  

 Key  

Nature of  

Genomes  

Miseq Run1 

(Millions)  

Miseq Run2 

(Millions)  

Analysed  

Run  

1 IA1  

2 IA8  

Inoculum  

E – Heavy  

DNA  

215  

16.5  

238.4  

20  

Run2  

Run2  

3 IA6  E – Light DNA  0.1  0.0  Run1  

4 IA11  E-Control:  

Light DNA  

0.2  0.0  Run1  

5 IA9  F – Heavy  

DNA  

20  24  Run2  

6 IA10  F – Light DNA  10.2  3.8  Run1  

7 IA12  F-Control:  

Light DNA  

15.9  19.4  Run2  

  Total      288.3    
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CHAPTER THREE INVESTIGATING THE INFLUENCE 

OF VANILLIN ON THE DEGRADATION OF 

NAPHTHALENE AND OTHER PAH-MIXTURES IN 

PAH-POLLUTED URBAN  

SOILS   
  

3.0 INTRODUCTION  

Over time, natural and anthropogenic processes have been introducing into the 

environment various aromatic compounds such as lignin phenols (Matějíček et al., 

2002; Martinez et al., 2005; Barbera et al., 2013), and polycyclic aromatic 

hydrocarbons-PAHs (Singleton et al., 2005; Masih & Taneja 2006; Fuchs et al. 2011). 

Specifically, PAHs' anthropogenic inputs into the environment are much more than the 

PAHs introduced through natural sources (National Academy of Sciences ~NAS,  

1971). The United States Environmental Protection Agency (US EPA) prioritized 16  

PAHs based on abundance and toxicity (Agency for Toxic Substances and Disease 

Registry ~ ATSDR, 1990; Liu et al., 2001). The primary concern about some of these 

aromatic compounds, especially the PAHs, is their recalcitrance, bioaccumula t ion 

potentials and their public health concern in the environment (Morehead et al., 1986; 

Edwards, 1983; Wagrowski and Hites, 1997; Armstrong et al., 2004; Landrigan et al., 

2018; Panigrahi et al., 2019).   

The public health hazard posed by the presence of PAHs in the environment is 

alarming and thus, needs to be removed using suitable treatment of remediation. It is 

crucial to know their concentrations in the environment. This is because the severity 

of the pollutants' public health effects depends on nature (aromaticity), toxicity, and 

the pollutant's concentration in an environment. It also influences the choice of 

remediation technique to be employed. There are numerous methods of measuring the 
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concentration of PAHs in an environment. These methods have been employed by 

several studies to ascertain the concentration of pollutants in urban samples such as 

soils, groundwater and air (US-EPA, 1976; Keith and Telliard, 1979; Applegate et al., 

1998; Carson, 2002; Knopp et al., 2000; Pena et al., 2009; Doherty et al., 2015; Brian 

et al., 2018).   

Numerous reclamation methods of polluted lands, such as UV oxidation, excavation, 

base-catalysed de-chlorination, volatilization, fixation, solvent extraction, and 

incineration, already exist (Norris et al., 1993; Gan et al., 2009). Most of these methods  

mentioned  above  are  labour- intensive,  time-consuming,  expensive,  not  

environmentally friendly and less effective ~ Sustainable remediation (Dixon, 1996). 

For instance, the excavation (ex-situ method ~ method that requires treating the wastes 

in a location different from the contaminated sites) method generates toxic gases, thus 

polluting the air; incineration (in-situ method ~ Here, the wastes are treated in the 

contaminated sites) also pollutes the air by generating toxic gases and contamina ting 

groundwater through leaching (Kuiper et al., 2004). The undesired effects of using 

these methods mentioned above have stirred scientists, interest bodies, stakeholders 

and policymakers into ascertaining suitable methods of decontaminating polluted 

lands. In 1986, the Superfund Amendments and Reauthorization Act (SARA) gazetted 

those permanent solutions that boost treatment must be encouraged in dealing with 

pollution instead of burying wastes using conventional land disposal technologies. 

Therefore, any remediation techniques employed to decontaminate contaminated sites 

must protect the environment, human health and be cost-effective ~ Sustainab le 

Bioremediation.   
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Microbial degradation (bioremediation/biodegradation) is currently the central, 

ecologically friendly and cost-effective degradation process that can be applied to 

diverse environments (Keck et al., 1989; Haritash and Kaushik 2009; Paton et al.,  

2009; Zhou, 2012; Panigrahi et al., 2019). However, progress and post-survey cost are 

associated with using microbes to clean a polluted environment (Atlas and Philp, 

2005). Microbial degradation has proven to be the most desired microbiologica l 

technique for land decontamination (Keck et al., 1989; Paton et al., 2009; Zhou, 2012; 

Panigrahi et al., 2019). It addresses the limitations associated with the aforementioned 

physicochemical processes under ambient environmental conditions (Young and  

Cerniglia, 1996; Kastner, 2000; Lovley, 2001; Andreoni and Gianfreda, 2007; 

Megharaj et al., 2011; Abdel-Shafy and Mansour, 2016).  

Studies (Cerniglia and Heitkamp, 1989; Keck et al., 1989; Mueller et al., 1996; Ulrici, 

2000; Bamforth and Singleton, 2005; Johnsen et al., 2005; Brooijmans et al., 2009) 

have shown that microorganisms capable of degrading the pollutants are present in the 

contaminated sediments. How then does pollutants persist in an environment if the  

‘Biodegradation potentials’ are present in the polluted sediments, as aforementioned.  

The one reason one may connect pollutants’ continual persistence in an environment 

is due to dormancy of active degraders as a result of nutrient limitation (Madsen, 1998; 

Madsen et al., 1991; Alexander, 1999; Suthersan, 2001). For instance, aerobic bacteria 

require oxygen to proliferate, while anaerobic bacteria do not. This implies that the 

microbes in such an environment are inactive due to suitable growth sources and 

conditions.  

Therefore, the question is, how do we stimulate the natural removal of PAHs from 

polluted sediments? One possible solution is the use of the analogue enrichment 

technique. The analogue technique involves using related test substrates to enrich 
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microcosms and activate microbial activities. Several researchers have employed an 

analogue enrichment technique to address the accumulation and persistence of 

unwanted substances such as polychlorinated biphenyls (PCBs) and PAHs in soils  

(Fietz et al., 1986; Strubel et a., 1989; Bengtsson and Zerhouni, 2003). Moreover, the 

analogue substrates stimulate and amplify dormant/marginalized existing enzymatic 

activities that degrade poorly biodegradable compounds such as lignin and highly toxic 

and recalcitrant PAHs (Alexander, 1999; Suthersan, 2001).   

However, profiling these microorganisms and identifying their functional genes in an 

ecosystem has been challenging, especially for a microbial ecologist. The reason is 

that a significant number of these microorganisms (˃98%) are culture-independent 

microorganisms (Fægri et al., 1977; Ward et al., 1990; Øvreås, and Torsvik, 1998). 

This implies that the traditional culture-dependent microbiological techniques cannot 

be employed to study these microbes due to methodological obstacles such as limited 

understanding of the nutritional requirements and physicochemical characterist ics 

(Madsen, 1998, Madsen et al., 1991).   

Various multidisciplinary approaches that allow direct or indirect taxonomy linking 

with microorganisms' biogeochemical activity in soils and waters are availab le. 

Directly, the total genomes of an environment (such as from contaminated sites), are 

ascertained and linked to a function by analysing samples without having prior 

information of the microbial communities - thereby circumventing the limitat ions 

associated with laboratory-based cultivation methods (Eyers et al., 2004b; Riesenfe ld 

et al., 2004), and primers bias (Prosser, 2012; Klindworth et al., 2013; Shakya et al.,  

2013; Parada et al., 2015). Indirect linkage involves sequencing clones of microbia l 

DNA extracted from environmental samples to provide the genetic information of 
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microorganisms in the samples (Venter et al., 2004; Tyson et al., 2004; Courtois et al., 

2003; Gillespie et al., 2002; MacNeil et al., 2001; Schloss and Handelsman, 2003,  

Stein et al., 1996, Wang et al., 2000; Courtois et al., 2003; Gillespie et al., 2002;  

MacNeil et al., 2001).  

This current study used lignin-derived phenolic (vanillin), a natural component that is 

produced globally from plant degradation on a large-scale and shown to be oxidized 

by microorganisms using their oxidative enzymes; to stimulate and amplify the 

dormant existing enzymatic activities responsible for degrading the recalcitrant but 

biodegradable compounds such as PAHs (naphthalene and other PAH-mixtures), in  

PAH-polluted urban soils in situ. In this current chapter, metagenomics procedures - 

DNA stable isotope probing (DNA-SIP), primarily high throughput sequencing 

technology (HTS), and bioinformatics tools were employed to decipher whether 

microbial populations growing on vanillin can also grow on naphthalene and other  

PAH-mixtures as carried out by several studies (Radajewski et al., 2000; Beja et al., 

2000; Radajewski et al., 2003; Lee et al. 2011; Uhlik et al. 2013; Zhou et al. 2015).   

DNA-SIP technique allows tracking and incorporating isotopically labelled substrates 

in microbial biomass (Radajewski et al., 2000). The biomass with incorporation can 

be used as signatures or biomarkers such as DNA for functional genes. Metagenomics 

allows the total metagenomes to be analysed in order also to assign diverse taxonomic 

and phylogenetic of the microbiomes in the environment (Riesenfeld et al. 2004, 

Schmeisser et al. 2007).  Specifically, HTS technology allows close and faster 

profiling of microbial communities based on the information from the 16S ribosomal 

RNA (rRNA) sequences ((Liu et al., 2007). With bioinformatics, these information 

can be presented in a readable format.   
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This study coupled these techniques as employed in several studies (Radajewski et al., 

2003; Lee et al. 2011, Uhlik et al. 2013, Zhou et al. 2015), to investigate the functiona l 

roles of uncultured microorganisms responsible for metabolizing PAHs in polluted 

soils. These tecniques have unveiled vital microbial genes (such as ring-hydroxyla t ing 

dioxygenases/Rieske non-heme iron oxygenases (ROs) such as naphthalene 

1,2dioxygenase (NDO), vanillin dehydrogenases) responsible for catalysing various 

biogeochemical reactions and their mode of actions in an ecosystem (Radajewski et 

al., 2000; Beja et al., 2000). And identifying microbial mechanisms of actions in an 

environment have improves our understanding and management of the ecosystem  

(Heitkamp et al., 1988, Newman and Banfield, 2002, Jetten et al., 1998; Gakhar et al.; 

2005, Lee et al. 2011).   

Naphthalene and phenanthrene which are commonly found PAHs in most PAH-

contaminated sites, are shown to be utilized by microbes as a carbon source (Singleton 

et al., 2005).   Wide ranges of these microorganisms’ notable for reducing aromatic 

substances in soil under natural conditions are bacteria and fungi (Sundman et al., 

1964; Henderson, 1961a, 1965). The most common bacteria include Sphingomonas 

spp., Pseudomonas spp., Rhodococcus spp., Bradyrhizobium,  

Shingobium, Brevundimonas, Alcanivorax , Agrobacterium spp., Bacillus spp., 

Marinobacter, Cycloclasticus, Colwellia, Colwellia, Burkholderia, Mycobacterium, 

mixed culture of Pseudomonas and Flavobacterium spp., Haemophilus spp., and 

Stenotrophomonas spp. (Kastner et al., 1994; Mueller et al., 1997; Boon et al., 2000; 

Buckley et al., 2007; Schwart, 2007; Gutierrez et al. 2013). And the fungi with the 

capacity to degrade PAHs are Phanerochaete chrysosporium, Bjerkandera adusta and 

Pleurotus ostreatus.   
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The enzymatic mechanisms, biochemical pathways, and genetic regulations of these 

microbes employed by these microbes to degrade aromatic compounds has been 

revealed (Cerniglia, 1992; Peng et al., 2008; Seo et al., 2009; Lu et al., 2011; Mallick 

et al., 2011). Naphthalene catabolic genes associated with PAH-degradation have been 

isolated and characterized in Pseudomonas spp (Ensley, et al., 1982; Ensley and  

Gibson, 1983; Simon et al., 1993; Allen, et al., 1997; Priefert et al., 1997; Venturi et 

al., 1998; Narbad & Gasson, 1998; Larkin, et al., 1999). This particular gene has also 

been isolated in Rhodococcus spp (Allen, et al., (1997) with c40% amino acid 

homology.   

Various studies have explored the metabolism of vanillin, including other 

ligninderived phenols in soil samples (Bewley and Stokzky, 1984; Priepert et al., 1997;  

Justino et al., 2010; Rinnan et al., 2013; Buchmann et al., 2015; Peikert et al., 2017; 

Steinmetz et al., 2019). Vanillin is found to be oxidized by microorganisms (Moira 

and Farmer, 1955; Flaig, 1964; Kunc, 1971, Blum and Shafer, 1988; DeForest et al., 

2004; Davis et al., 2016; Steinmetz et al., 2019). Also, the widely studied 

microorganisms involved in the degradation of lignin phenolic include Sphingomonas 

spp., Achromobacter, Pseudomonas spp., Rhodococcus strains (Tabak et al., 1959; 

Rogoff, 1961; Priefert et al., 1997; Venturi et al., 1998; Narbad & Gasson, 1998; Bugg 

et al., 2011; Ni et al., 2012; Caspi et al., 2014). The enzyme salicaldehyde 

dehydrogenase has an extensive substrate specificity. For instance, it was found to also 

attack protocatechualdehyde (91% activity), and salicylaldehyde (48% activity) in a 

study by Nishimura et al., (2018). In this current chapter, it is expected that microbes 

can proliferate on vanillin while influencing the production of ring hydroxyla t ing 

dehydrogenase (naphthalene dioxygenases) to degrade a primary PAH (naphthalene) 

and other PAHS-mixtures in a PAH-polluted urban soil.    
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This experiment in this chapter couples DNA-SIP experiments with HTS technologies 

using metagenomics to decipher whether the microorganisms that grow on vanillin can 

also grow on naphthalene using soil from urban PAH-polluted sites (Tellus site 3). 

More conclusive evidence that these techniques used in this study have a significant 

effect in situ is provided. There are limited studies demonstrating PAHs 

biodegradation, including naphthalene, phenanthrene, anthracene, fluoranthene, 

fluorene, and acenaphthene using naturally occurring plant phenols as substrate 

(Foght, 2008; Carmona et al., 2009; Mallick et al., 2011). The PAHs selected in this 

study are low molecular weight widely present in various polluted environments ~ 

therefore, are designated as prototypic PAHs, which serve as signature compounds to 

detect PAH contamination. Essentially, they have a public health concern and are 

found in this study's site.  

3.1 Key hypothesis addressed in this current chapter  

Naturally occurring lignin-derived phenols (vanillin) can influence the phylogenetic 

and functional genes of the diverse bacterial population responsible for degradation of 

naphthalene in a PAH-contaminated soil. In this current chapter, this hypothesis is 

addressed using oxygenases as functional gene markers for aromatic hydrocarbon 

degradation, and through observations in the phylogenetic structure of related 

microbial populations from SIP experiments.  

3.2 Aim addressed in this current chapter  

The main aim of this current chapter is to: iii. Investigate the influence of naturally 

occurring plant phenols (vanillin) on the 16S rRNA gene profile present in the 

bacterial population degrading naphthalene and other PAH-mixtures in PAH-

contaminated urban soils. To address this aim, this study employed metagenomics 

procedures - primarily based on DNA stable isotope probing, coupled with Illumina 
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sequencing of labelled DNA, and bioinformatics analysis (using software such as 

Kaiju, Hmmer and Krona). If there is a clear effect, incorporating lignocellulose into 

PAH-polluted soils can solve the big problem of the continuous introduction of PAHs 

into the environment through natural and anthropogenic sources.  

3.2.1 Specific objectives in this current chapter  

Specifically, the objectives are broken down into the following:  

i. To investigate the influence of lignin phenols (vanillin) on the bacterial 

population responsible for the aerobic degradation of naphthalene and other 

PAH-mixtures in the PAH-contaminated urban soils using SIP.   

ii. To investigate the influence of naphthalene and other PAH-mixtures on the 

bacterial population responsible for vanillin's aerobic degradation in the 

PAHpolluted Tellus urban using method outlined in (i) above.   

iii. To probe for the ring hydroxylating dioxygenases-RHD (naphthalene 

dioxygenase gene NDO) used by the autochthonous bacterial communities for 

the breakdown of naphthalene and vanillin in the Tellus urban soils; using 

metagenomics procedures and software such as Kaiju, Hmmer.  
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3.3 Methods  

3.3.1 Preparation of Microcosms  

The experiments for this current chapter were carried out simultaneously with the 

experiments in chapter 6. To achieve this, test microcosms were designed against the 

control microcosm. Test microcosms (13C) were prepared and designated as A, B, 

against a 12C-control (AB-control). Each the experiments composing of various 

components addressing this study's aim and specific objectives. The soil sample used 

in this study was collected from the PAH-contaminated Tellus sites (please see section 

2.1.1 for details).  

Specifically, the 13C test Microcosms A consist of - 13C-vanillin (as active substrate), 

12C-PAH-cockails (naphthalene, acenaphthene, biphenyl, fluorene, and  

phenanthrene), 1g of the PAH-polluted soil (70% dry weight), and sterile distilled 

water.  It addresses objective i of this current chapter., which seeks to investigate the 

influence of vanillin on the bacterial population responsible for aerobic degradation of 

naphthalene and other PAH-mixtures in PAH-polluted Tellus urban soil. The 

concentration of the active substrate (13C-vanillin) used in test microcosm A is 24mmol 

(equivalent to 24µmol C per gram of soil). The 13C test microcosm B is the direct 

opposite of test microcosm A. It composed of 13C- naphthalene, 12C-vanillin, 12C-

PAH-Mixtures (acenaphthene, biphenyl, fluorene, and phenanthrene; except 

naphthalene), 1g of soil (70% dry weight), and sterile distilled water. Precisely, the test 

microcosm B attempts to objective ii. of this current chapter. However, the 12C-

naphthalene was substituted with 13C-naphthalene; and 12C-vanillin was used as an 

active substrate instead of the 13Cvanillin. Moreover, the 12C control experiment for 

experiments A and B (AB-control) consist of 12C-vanillin (as active substrate), 12C-

PAH-Mixtures (naphthalene, acenaphthene, biphenyl, fluorene, and phenanthrene), 1g 
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Tellus soil (70% dry weight) and sterile distilled water; prepared simultaneously and 

the way test microcosms A and B were prepared.  

To start with, an equimolar of each PAH were prepared and incorporated into 

microcosms A, B and, AB-control following their molecular weights. To achieve this, 

precisely 3mg (12C-naphthalene), 3.7mg (12C-acenaphthene), 3.7mg (12C-biphenyl),  

4.0mg (12C-fluorene), and 4.3mg (12C-phenanthrene), representing equimolar of 

24mmol, were weighed using a calibrated digital weighing balance (Ohaus  

PioneerTM). The PAH-mixtures were mixed, giving a total weight of 18.7mg.   

  

To prepare 13C test microcosm A in an initial final volume of 2mL, the 18.7mg PAH-

mixtures were transferred into sterile 20mL vials only at the start of the microcosms 

preparation and then carefully mixed using a sterile spatula. Exactly 1g of the soil 

sample (70% dry weight) was weighed and incorporated into the sterile 20mL vials 

containing the PAH-mixtures (total, 18.7mg). The mixtures were carefully mixed 

using a sterile spatula. Moreover, the mixture was spiked with 42µL of 13C-vanillin 

(representing 1.2mM from a stock of 57mM, also equivalent to 24mmol). To make up 

to 2mL, exactly 939.3µL of sterile ddH2O was measured and incorporated into the 

microcosms before incubation at 30oC. The 42µL of 13C-vanillin (from a stock of 

57mM), was incorporated into the microcosms in 3-days interval for the 35-days 

prolonged incubation (i.e., 11 times). At the end of the incubation period, a total of 

462µL of 13C-vanillin substrates were routinely added into the microcosms, making a 

final volume of 2.42mL. This is equivalent to 264mmol of 13C-vanillin – thus 

achieving the range of µmol C of the test substrates per gram of soil (precisely 

301µmol C), as described by crucial studies (Neufield, 2007, Neufield et al., 2010, 

Dunford and Neufield, 2010).  
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The 13C test microcosm B was designed following the same procedures in test 

microcosm A. Recall 12C-naphthalene was substituted with 13C-naphthalene; and 

12Cvanillin was used as an active substrate instead of the 13C-vanillin. The essence to 

further reconfirm naphthalene enrichment ~ not just relying on the background 

contamination in the soil. While the 12C control experiment (AB-control) consist of 

12C-vanillin (active substrate), 12C-PAHMixtures (naphthalene, acenaphthene, 

biphenyl, fluorene, and phenanthrene), 1g Tellus soil (70% dry weight)  

Upon completion, the microcosms were incubated for 35-days at 30oC as suggested by 

key studies (Radajewski et al., 2002; Radajewski et al., 2003; Dunford and Neufield, 

2010). The extended incubation enabled the active microbial populations within the 

microcosms to produce DNA signatures sufficient for other downstream processing 

such as DNA-quantification, quality checks, qPCR, and ultimately the novaseq 6000 

Illumina sequencing (HTS); which requires a minimum DNA concentration of  

20ng/µL in a final volume of 15µL.  Nevertheless, microcosms were designed for 

fivetime points at a 7-days interval at the first instance.  This was a good practice 

because it allows careful monitoring of the microcosms and justifiable by fundamenta l 

studies (Radajewski et al., 2002; Radajewski et al., 2003; Dunford and Neufield, 

2010). At the end of each time point, the microcosms were sacrificed and prepared for 

genomic DNA extraction (fluorometry) using Qiagen DNA-isolation kit (DNeasy  

Power Soil kit having C1-C6 solutions), which employs the bead beating options. This 

DNA extraction kit is suitable for isolating microbial genomic DNA from complex 

environmental samples containing high humic acids, such as compost, soil sediment 

and manure. It gives DNA extracted a high level of purity, which allows for successful 

downstream processing such as HTS, 16S PCR and RT-PCR from the DNA stock 

sample.   
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Following the manufacturer's instructions, an equivalent of 0.25g taken from each 

microcosm were processed for DNA isolation. The extracted DNA were quantified 

with QuantusTM fluorometer kit. Further quality checks were carried out on the 

extracted DNA to confirm the purity and concentrations revealed by the QuantusTM 

Fluorometer (Promega, UK). To achieve this, nanodrop technology (ND-1000 V3.6) 

was used. To check the ratio absorbance at 260 and 280 nm (A260/280-ratio) or ratio 

absorbance at 260 and 230 nm wavelength (A260/230). The absorbance ratio  

A260/280 and A230/260 of revealed by the Nanodrop Spectrophotometer Technology 

(ND-1000 V3.6) falls within the acceptable range (1.80 – 2.2) peculiar to DNA 

extracted from soil samples.  

Furthermore, the extracted DNA samples were prepared for ultracentrifugation.  

Ultracentrifugation enables the separation of labelled from the unlabelled biomarkers.  

As described by Dunford and Neufield (2010), this study used a total DNA of 3.5μg 

for this experiment (A, B, AB-control) using a sixteen-well Beckam-coulter Vti 65.2.   

Following manufacturer's instructions and as described by Dunford and Neufield  

(2010), ultracentrifugation was done with a speed of 44,100rpm for 40Hrs,  

Deceleration (minimum), acceleration (maximum), coast (10), and temperature of  

200C ~ CsCl is stable, and the DNAs not denatured. Overall, labelled and unlabelled 

DNA were separated at the end of the 40Hrs ultracentrifugation run.  

The next step was DNA fractionation. Here, the separated labelled and unlabelled 

DNA by the density gradient ultracentrifugation were carefully collected in fractions 

using a peristaltic pump (with transport pump) as described by Dunford and Neufield 

(2010). For each sample, 12 fractions (450µL) were collected in 1.5mL Eppendorf 

tubes and reconciled against the densities/fractions range of interest. The density of 

each fraction was determined by measuring the refractive index using a calibrated 
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digital refractometer. Moreover, the heavy or labelled DNA, which lies between 

fraction 5-8 and with a corresponding density range between 1.720 -1.735g/mL, were 

separated from the unlabelled or light DNA. The light DNA are associated with 

fractions 9 – 11, and the corresponding density range is between 1.705 – 1.720g/mL.  

Upon separating the heavy from the light DNA by DNA fractionation technique. The 

DNA fractions collected in each 1.5mL Eppendorf tubes (fractions) were precipitated 

and recovered, as Dunford and Neufield described (2010). Each precipitated pellets 

were air-dried at room temperature for 15minutes. The dry pellets were then 

resuspended in 31µL of elution buffer (Solution C6 of Qiagen DNeasy soil isolation 

kit). Finally, concentrations of the recovered DNA were determined again using 

QuantusTM Fluorometer (Promega, UK). See figure 5.1.   

The quantitative evaluation of 16S rRNA genes distribution within the fractions of 

interest (5 – 11) was carried out. To start with, the standard was prepared by running  

16S rRNA PCR from the fractions of interest using universal primers 63f (5’ 

CAGGCCTAACACATGCAAGTC3’) and 1387r (5’ GGGCGGWGTGTACAAGGC  

3’) as described by Marchesi et al. (1998). The 16S PCR-products were combined and 

purified using the DNeasy PowerClean Pro Cleanup Kit (Shahsavari et al., 2016). 

DNA concentration of the cleaned PCR-products was then determined. The 16S rRNA 

genes copies (2.99×1010) of the standard was computed using the relation described by 

Godornes et al. (2007). To use the standard for qPCR, dilution fold of 10-7, suitable 

for soil sample an in the case of this study was used. The qPCR was run using universa l  

primers  (5’  CCTACGGGAGGCAGCAG  3’)  and  P2  

(5’ATTACCGCGGCTGCTGG3’) as described by Muyzer et al. (1993), a 

BioRadDNA Engine Opticon2 System, transparent thin-walled qPCR tubes, template 
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DNA and Maxima SYBR Green qPCR Master Mix (Thermo Fisher). Finally, copies 

of the  

16S rRNA genes distributions were determined. See figure 3.2.  
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3.4 Results presentation of this current chapter  

3.4.1 Fluorometery: Quantitative appraisals of genomic DNA  

 

Figure 3. 13: Experiment 13C-A, 13C-B, 12C-AB control showing DNA density profile 

(concentration Vs fraction density plot) for 35-days incubations at 30  oC.   
Where ‘A’ is the test microcosm (enriched with only 13C-vanillin substrate, 12C PAH-mixtures 

(naphthalene, acenaphthene, fluorene, phenanthrene and biphenyl); and 'B' is the test 
microcosm (enriched with only 13C-naphthalene, 12C-vanillin, and 12C PAH-mixtures 

(acenaphthene, fluorene, phenanthrene and biphenyl). While ‘AB-Control’ is the control 
microcosm enriched with 12C's substrates only – consisting of 12C-vanillin and 12C-
PAHMixtures (plus 12C-naphthalene). Baseline separations on ‘A’ and ‘B’ sketches on the 

figure and the DNA density profiles indicated that there is labelled DNA biomarkers circled 
red (Heavy DNA); at fractions 6,7 & 8 (with a density of 1.726 g/mL, 1.727g/ml, and 

1.735g/mL) accordingly.   

  

Looking at figure 3.1 above, the concentration of the genomic DNA is high. At this 

point (35 days incubation), the microbes produced sufficient DNA signatures for 

downstream processing. The test microcosm A produced labelled or heavy DNA at 

fractions 8 (17ng/µL in a volume of 31µL or 0.53µg in a density of 1.725g/mL), 7 

(25ng/µL in a volume of 31µL or 0.74µg in a density of 1.726g/mL) and 6(5ng/µL in 

a volume of 31µL or 0.16µg in a density of 1.727g/mL). Recall that 3.5µg was 

incorporated for ultracentrifugation for each microcosm. This implies that, out of the 

total 3.5µg of the DNA used for ultracentrifugation, 1.88µg is separated as the labelled 
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or heavy DNA. The remaining 1.625µg of the DNA may either be unlabelled/light 

DNA or labelled DNA lost through fractionation, precipitation, or DNA concentration. 

More than 53% of the total DNA incorporated for ultracentrifugation is labelled. This 

percentage showed high yield ~ thus, very good. Again, this concentration meets the 

nova seg 6000 sequencing target (minimum of 20ng/µL in a volume of 15µL, or 0.3µg) 

using Nextera DNA Flex (Nextera DNA Library Prep) as described by Lhee et al. 

(2019).  

So also, the test microcosm B produced labelled or heavy DNA at fractions 

8(10.6ng/µL in a volume of 31µL or 0.33µg in a density of 1.725g/mL), 7 (18ng/µL 

in a volume of 31µL or 0.56µg in a density of 1.726g/mL) and 6(8.6ng/µL in a volume 

of 31µL or 0.27µg in a density of 1.727g/mL). This implies that about 33% of the total 

DNA incorporated for running ultracentrifugation (3.5µg) are separated as the labelled 

or heavy DNA (1.16µg). The remaining 68% unlabelled/light DNA or labelled DNA 

are likely lost through fractionation, precipitation, or DNA concentration. This 

experiment was continued because the yield of labelled DNA meets the nova seg 6000 

minimum sequencing targets.  

As for the control microcosm for this figure 5.1, the data presented further validated 

the results. There was no labelled or heavy DNA as expected because 13C substrates 

were not incorporated into the microcosms. However, the expected light DNA was 

obtained during fractionation. This was achieved in fraction 10 (13ng/µL in a volume 

of 31µL or 0.4µg in a density of 1.716g/mL) and 9 (4.44ng/µL in a volume of 31µL 

or 0.14µg in a density of 1.715g/mL).   

Interestingly, microcosm A (with 13C vanillin) generated more labelled DNA than test 

microcosm B (with 13C naphthalene). Microcosm A yielded more 53% labelled DNA 

as compared to microcosm B (33%). This implies that bacteria in the microcosms 
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proliferated more on vanillin than on naphthalene. Overall, it is established that 

bacteria can grow both on vanillin and naphthalene in this current study. The data from 

the control experiment for A and B data did not produce labelled or heavy DNA as 

expected because 13C substrates were not incorporated into the control microcosms.  

However, the expected light DNA was obtained during fractionation at fraction 10 

(13ng/µL in a volume of 31µL or 403µg in a density of 1.716g/mL).   

3.4.2 Real-time PCR: Quantitative appraisals of 16S rRNA genes distribution  

The quantitative evaluation of 16S rRNA genes distribution within fractions of interest 

(5 – 11) was carried out; using a BioRad-DNA Engine Opticon2 System, transparent 

thin-walled qPCR tubes, template DNA and Maxima SYBR Green qPCR Master Mix 

(Thermo Fisher). The standard used for this experiment was prepared by running 16S 

rRNA PCR from the fractions of interest using universal primers 63f (5’  

CAGGCCTAACACATGCAAGTC3’) and 1387r (5’ GGGCGGWGTGTACAAGGC  

3’) as described by Marchesi et al. (1998). The 16S PCR-products were collected and 

purified using the DNeasy PowerClean Pro Cleanup Kit as described by Shahsavari et 

al., (2016). DNA concentration of the cleaned PCR-products was determined again. 

The 16S rRNA genes copies (2.99×1010) of the standard was computed using the 

relation described by Godornes et al. (2007). A dilution fold of 10-7 of the standard 

was used to run the qPCR. This procedure is suitable for soil sample. Finally, the 

relative distribution of the 16S rRNA genes copies were determined using universal  

primers  (5’  CCTACGGGAGGCAGCAG  3’)  and  P2  

(5’ATTACCGCGGCTGCTGG3’) as described by Muyzer et al. (1993). See figure  

3.2.  

Moreover, Figure 3.2 presented a quantitative appraisal of 16S rRNA genes 

distribution within fractions interest (fraction5 to 11) within A, B and AB-Control 
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microcosms fractionated after the isopycnic centrifugation to separate heavy and light 

DNA @T5. Fractions 5 to 11 reads from the right with the highest density to the left 

with the lowest density of fraction as symbolized by the arrow. The 16S rRNA gene 

was quantified (in triplicates) by Real-time PCR in copy/µL using a 1µL DNA 

template with a concentration between 5-25ng/µL. The heavy DNA fractions in all the 

13C-fractions were obtained at fraction five circled in red.  

Furthermore, figure 3.2 further confirmed the relative abundance of the microbes per 

microlitre _ to ascertain the total DNA in each fraction of interest upon quantitat ive 

appraisal. The figure presented data on a logarithmic scale further confirmed the 

relative abundance of 16S rRNA genes distribution within fractions of interest. Once 

again, confirmed that fraction in 7 within the test microcosm A contains the highest 

bacterial 16S rRNA genes per microliter. This was followed by fractions 8 and 6 

accordingly. So also, corroborating the fluorometric DNA quantification in figure 5.1, 

figure 5.2 showed that the test microcosm B also contains the 16S rRNA genes. 

Accordingly, fraction 7 has the highest 16S rRNA genes, followed by 8 and 6 per 

microliter. The control microcosm (AB-control) also presented the unlabelled gene in 

fraction 10, as shown in figure 3.1.  

Overall, the 16S rRNA genes were found in all the fractions of interest (5-11). 

Although it is early at this point to start concluding on this current study's expectation 

(in respect to the aim and the specific objectives of this study), there is an expectation 

for positive results at the end of this chapter.  
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Figure 3. 14: Quantitative appraisal of 16S rRNA genes distribution within essential gradient 
fractions (fraction5 to 11) fractionated after the isopycnic centrifugation to separate heavy 
and light DNA @T5 (35-days incubation). Fractions 5 to 11 reads from the right with the 
highest density to the left with the lowest density of fraction as symbolized by the arrow. The 
16S rRNA gene was quantified (in triplicates) by Real-time PCR in copy/µL using a 1µL 
DNA template with a concentration between 5-25ng/µL. The heavy DNA fractions in all the 
13C-fractions were obtained at fraction five circled in red.  

  

3.4.3: Analysing the phylogenetic assignment of data using Kaiju and Krona 

Chart   

Following the number of the reads, figure 3.3 to 3.6 presents data showing abundance 

of assembled genes fragments of bacteria majorly from the phyla Proteobacteria, 

Actinobacteria and Terrabacteria. These bacteria identified by the Illumina sequences 

reveal 98% sequences, 0 E-value, 99 % query coverage with more than 450-bp of 

nahAa NDO fragments. This low E-value (0) means that there are practically to 

unrelated sequence. And this high query coverage 99%) means sequences aligned 

shares 99% similarity with the ones in the genebank. It, therefore, suggests that the 

microbes identified in the microcosm have they genetic potential degrade naphthalene 

and plant phenols. Specifically, these bacteria include Pseudomonas spp., 
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Rhodococcus spp., Sphingomonas spp., Sphingobium spp., Bradyrhizobium  

Brevundimonas spp. Moreover, these bacteria are known to be associated with 

aromatic degradation (Kastner et al., 1994; Mueller et al., 1997; Hopper and 

Mahadevan, 1997; Boon et al., 2000; Dominy et al., 2006; Buckley et al., 2007;  

Schwart, 2007; Liou et al., 2008; Sudtachat, et al., 2009; Valderrama et al., 2012; 

Gutierrez et al. 2013). These bacteria were identified based on their percentage 

abundance in the krona charts.  

The bacterial assembled metagenome fragments presented in microcosm A (with 13C 

vanillin) are those that can grow on 13C-vanillin in the presence of naphthalene and  

PAH—mixtures ~ thus confirming vanillin enrichment in the PAH-polluted soil figure  

(5.4). In contrast, test microcosm ‘B’ microbes present microorganisms that can grow 

on 13C-naphthalene in the presence of vanillin and PAH—mixtures ~ thus confirming 

naphthalene enrichment PAH-polluted soil.   
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Figure 3. 15: Krona chart showing the taxa relative abundance of the inoculum (original soil) 
at phyla-level identified from the raw unassembled sequence data, a total of 4496782 reads 

with 71520 unidentified reads. Sequences Identified using Kaiju bioinformatics pipeline  
showed different percentage of Protobacteria, as expected ~ having Gammaproteobacteria as 

the highest _5% (Menzel, P. et al., 2016, Ondov BD, et al., 2011).  
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Figure 3 . 16: Krona chart showing the taxa relative abundance of test microcosm ‘A’ at 
genus-level as identified from the raw unassembled sequence data. A total of 202560 reads 

with 1241 unidentified reads. Sequences Identified using Kaiju bioinformatics pipeline 
(Menzel, P. et al., 2016, Ondov BD, et al., 2011). As expected, this different percentage of 

Protobacteria, with Pseudomonas spp (3%) as the highest. The microorganisms presented in 
this Krona chart are those that can grow on 13C-vanillin which also have naphthalene and 
PAH— mixtures ~ thus confirming vanillin enrichment in the PAH-polluted soil.   
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Figure 3. 17: Krona chart showing the taxa relative abundance of test microcosm ‘B’ at 
genus-level identified from the raw unassembled sequence data, a total of 31676 reads with 

185 unidentified reads. Sequences Identified using Kaiju bioinformatics pipeline (Menzel, P. 
et al., 2016, Ondov BD, et al., 2011). This different percentage of Protobacteria, with 

Pseudomonas spp (16%) as the highest. The microorganisms presented in this Krona chart can 
grow on 13C-naphthalene in the presence of vanillin and PAH—mixtures ~ thus confirming 
naphthalene enrichment PAH-polluted soil.   
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Figure 3. 18: Krona chart showing the taxa relative abundance of control microcosm ‘AB’ at 
genus-level as identified from the raw unassembled sequence data, a total of 334 reads with 5 

unidentified reads. Sequences Identified using Kaiju bioinformatics pipeline (Menzel, P. et al., 
2016, Ondov BD, et al., 2011). As expected, this different percentage of Protobacteria, with 

Achromobacter (29%) and Pseudomonas spp (18%) as the highest. The microorganisms 

presented in this Krona chart can grow on naphthalene, vanillin and PAH—mixtures.   
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3.4.4: Analysing the level of abundance of bacterial assembled metagenome 

fragments’ s known to be associated with aromatic degradation in the sequenced 

DNA Hmmer  

In this study, the taxonomic studies of various bacteria revealed by the Krona charts 

present (see figure 3.7 to 3.10) bacteria known to be from phyla Proteobacteria, 

Actinobacteria and Terrabacteria. These bacteria are associated with aromatic 

degradation (Dominy et al., 2006; Liou et al., 2008; Valderrama et al., 2012). The most 

common bacteria species selected in all the samples analysed in this study are 

Pseudomonas spp, Rhodococcus spp, Sphingomonas spp, Sphingobium spp, 

Bradyrhizobium spp, Brevundimonas spp. These bacteria identified by the Illumina 

sequences reveal 98% sequences, 0 E-value, 99 % query coverage with more than 

450bp of nahAa NDO fragments. This implies that they genetic potential degrade 

naphthalene and plant phenols.  

Specifically, figure 3.7 (inoculum) presented the level of abundance (in percentage) of 

the bacterial assembled metagenome fragments. In decreasing order of abundance, 

these include 3% for Bradyrhizobium spp.,   Pseudomonas spp. (0.5%), 

Sphingomonas spp. (0.4%), Rhodococcus spp. (0.3%), Sphingobium spp. (0.07%), and  

Brevundinomanas spp. (0.06%).  For the test microcosm A, figure 3.8 showed that  

Pseudomonas spp. is 18%, Rhodococcus spp. (4%), Brevundinomanas, and  

Sphingobium spp. are 3%, while Bradyrhizobium and Rhodococcus spp. are 2%. In 

contrast, figure 5.9 (B) presented these bacterial assembled gene fragments in this 

order; Pseudomonas spp. is 31%, Brevundinomanas spp. are 5%,  Sphingobium spp. 

(3%), Sphingomonas spp. (0.5%), Bradyrhizobium spp. (0.06%), and Rhodococcus 

spp. (0.01%). Finally, figure 3.10, which presented data for the control microcosm of 

these test microcosms, only have three of these bacteria: Pseudomonas spp. is 39%,  

Sphingomonas spp. (8%), and Bradyrhizobium spp. (0.08%).  
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Test microcosms A, having 13C vanillin as an active substrate (figure 3.8) showed a 

higher percentage of these bacteria compared to microcosms B which had 

13Cnaphthalene substrates (figure 3.9). However, microcosms B, contained higher 

percentage of these bacteria as compared to the inoculum (figure 3.7) and the control 

(figure 3.10).  

 
Figure 3 . 19: Showing the level of abundance of assembled gene fragments of the bacteria 
that are known to be associated with for aromatic degradation in the sequenced DNA using 

Krona in the natural soil sample used in this study ~ inoculum.  

  

 
Figure 3 . 20: Showing the level of abundance of assembled gene fragments of the bacteria 
that are known to be associated with for aromatic degradation in the sequenced DNA using 

Krona in the test microcosm A.  
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Figure 3 . 21: Showing the abundance of assembled gene fragments of the bacteria that are 

known to be associated with for aromatic degradation in the sequenced DNA using Krona in 

the test microcosm B.  

  

 
Figure 3 . 22: Showing the level of abundance of assembled gene fragments of the bacteria 
that are known to be associated with for aromatic degradation in the sequenced DNA using 

Krona in the control microcosms of A and B.  
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3.4.5 Analysing the functional genes (naphthalene dioxygenases or NDOs) of the 

bacteria that are known to be associated with for aromatic degradation in the  

sequenced DNA using Hmmer  

This study used Hmmer software, to identify functional genes from the DNA 

sequenced samples. Hmmer application is a good bioinformatics tools that allows 

metagenome mining of functional genes from the DNA sequenced samples (Oliver, et 

al., 2007; Finn, et al., 2011; Finn, et al., 2015; Potter, et al., 2018). The data were 

presented in different parameters below. Here, above inclusion level, are data with 

statistically significant E-values. Moreover, E-values which are said to be statistica l ly 

significant, are values that meet the strict inclusion criteria, such as the number of hits 

for a ‘good match’. This is because the lower the E value the better the data. Bacterial 

population revealed in this study using Illumina sequences reveal 98% sequences, 0 E-

value, 99 % query coverage (similarity with the identified sequences in the genebank) 

with more than 450-bp of nahAa NDO fragments. The meaning of this is that the 

bacteria has the genetic potential to degrade naphthalene and plant phenols. Finally, 

calculated score is an arbitrary metrics that Hmmer assigns to each score. The 

calculated score is the average length of reads over the total number of reads in the 

sample.   

Moreover, the nahAa alpha subunits of the NDO were analysed in the metagenome in 

this study using hmmer. This is because nahAa alpha subunits are associated with 

PAH-degradation. Specifically, these genes are commonly found in Gram negative 

bacteria (especially, Pseudomonas spp.) and their proteins are well studied. This 

current study used Pseudomonas putida as a representative because studies have 

shown that the first nahAa genes were isolated from Pseudomonas (Ensley, et al., 

1982; Ensley and Gibson, 1983; Simon et al., 1993; Allen, et al., 1997; Priefert et al., 

1997; Venturi et al., 1998; Narbad & Gasson, 1998; Larkin, et al., 1999). A key study 
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by Allen, et al., (1997), relevant to this current study also isolated these genes in 

Rhodococcus spp. This study (Allen, et al., 1997), is the first study that is able to show 

c40% amino acid homology of these genes in Rhodococcus spp.   

In this study, the condition with the highest number of these nahAa genes is microcosm 

A compared to B (see figure 3.11). In comparison, the inoculum and AB control 

microcosms have the lowest.   

 
Figure 3 . 23: Showing the α-naphthalene dioxygenases in each sample (average sequence 
lengths vs the total number of sequences identified) using Hmmer  

  

 
Figure 3 . 24: Showing the calculated score for the α-naphthalene dioxygenases in each sample 
using Hmmer  
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3.5 Discussion  

The data presented here is to test key hypothesis that naturally occurring lignin-der ived 

phenols (vanillin) can influence the phylogenetic and functional genes of the diverse 

bacterial population responsible for degradation of naphthalene in a PAH-

contaminated urban soil.  

The most common bacteria in all the samples analysed in this study are Pseudomonas 

spp., Rhodococcus spp., Sphingomonas spp., Sphingobium spp., Bradyrhizobium spp., 

and Brevundimonas spp. Several studies have identified these bacteria for aromatic 

degradation (Tabak et al., 1959; Rogoff, 1961; Priefert et al., 1997; Hopper and  

Mahadevan, 1997; Venturi et al., 1998; Narbad & Gasson, 1998; Dominy et al. 2006,  

Liou et al. 2008, Sudtachat, et al., 2009; Bugg, et al., 2011; Valderrama et al. 2012; 

Ni et al., 2012, Caspi et al., 2014;). These bacterial spp. falls in the phyla 

Proteobacteria, Actinobacteria and Terrabactecria.   

Looking at figure 3.1, the concentration of the genomic DNA is high, suggesting 

extended incubation can allow microbes to produce biomarkers, as asserted by several 

studies (Radajewski et al., 2002; Radajewski et al., 2003; Dunford and Neufield, 

2010). At this point (35 days incubation), the microbes produced sufficient DNA 

signatures for downstream processing.  

Upon completion of incubation, fluorometry revealed that the test microcosm A 

(having 13C vanillin) produced more labelled or heavy DNA (1.88µg, also 53%) than 

the test microcosm B (having 13C naphthalene) (1.16µg also 33%) from the total DNA 

(3.5µg) incorporated in each ultracentrifuge mixtures (see figure 3.1). This suggests 

vanillin enrichment or vanillin as a readily oxidized substrate by microbes ~ as 

supported by various studies (Henderson and Farmer, 1955; Moira and Farmer, 1955; 



 

138  

  

Henderson, 1961a, 1965; Whitehead, 1964; Sundman et al., 1964; Kunc, 1971; Turner 

and Rice, 1975, Black and Dix. 1976; Blum and Shafer, 1988; Opsahl and Benner, 

1998; Matějíček et al., 2002; DeForest et al., 2004; Martinez et al., 2005, Barbera, et 

al., 2013; Tamimi et al., 2016; Zhang et al., 2016; Peikert et al., 2017; Steinmetz et 

al., 2019). The test microcosm B also suggested naphthalene enrichment or PAHs 

degradation in the PAH-polluted soil. A fact supported by several studies (Cerniglia 

and Heitkamp, 1989; Keck et al., 1989; Cerniglia, 1992; Mueller et al., 1996; Ulrici,  

2000; Bamforth and Singleton, 2005; Johnsen et al., 2005; Peng et al., 2008; 

Brooijmans et al., 2009 Seo et al., 2009; Lu et al., 2011; Mallick et al., 2011). Again, 

this concentration meets the nova seg 6000 sequencing target (minimum of 20ng/µL 

in a volume of 15µL, or 0.3µg) using Nextera DNA Flex (Nextera DNA Library Prep) 

as described by Lhee et al. (2019). There was no labelled or heavy DNA as expected 

in the control microcosm (AB) because 13C substrates were not incorporated into the 

microcosms. However, the expected light DNA was obtained during fractionation. 

Therefore, the data presented in figure 3.1 can be said to be valid as it falls in alignment 

with the crucial study protocol (Dunford and Neufield 2010), critical to this study.  

Furthermore, the data presented in figure 3.2, which revealed the relative distribution 

of the 16S rRNA genes copies within fractions of interest per microlitre.  Once again, 

test microcosm A contains the highest bacterial 16S rRNA genes per microliter in 

fraction 7 as compared to the test microcosm B (also at fraction 7). The control 

microcosm (AB-control) also presented the unlabelled gene in fraction 9, not 10, as 

shown in figure 3.1. This data corroborated the fluorometric data presented in figure  

5.1. Most importantly, the 16S rRNA genes were found in all the fractions of interest.   

Moreover, level of abundance of the bacterial assembled gene fragments were 

investigated in this study using kaiju, hmmer and Krona software. This is because, the 
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quantity of active bacteria in a sample enhances degradation (Alexander, 1999; Boon 

et al., 2000; Suthersan, 2001). The test microcosm A (figure 3.4) has shown an even 

and better spread of these bacterial strains identified in this study compared to test 

microcosm B (figure 3.5). The inoculum (figure 3.3) and control microcosm (AB 

~figure 3.6) showed less quantity on these bacteria. This implies that the 13C vanill in 

substrates have stimulated the dominance of wide varieties of bacteria in the 

microcosm (figure 3.4). Also, 13C naphthalene can be said to have done the same in 

test microcosm B (figure 3.5), but with a lesser group of microcosms. The inoculum 

(figure 3.3) and the control microcosms (figure 3.6), which lack these high purity 

substrates (13C vanillin/naphthalene), did not present a complex krona chart. Figure 

3.3 (inoculum) shows that suitable conditions for microbial proliferations are absent 

(carbon starved). In contrast, the control microcosms (figure 3.5) lack these high purity 

substrates (13C) as present in A and B microcosms. At this point, this study can 

therefore start suggesting that plant phenols (vanillin) can stimulate the dominance of 

microbes that are known to be associated with aromatic degradation of PAHs 

(naphthalene) (Young and Cerniglia, 1996; Kastner, 2000; Lovley, 2001; Andreoni 

and Gianfreda, 2007; Megharaj et al., 2011; Abdel-Shafy and Mansour, 2016).   

 Furthermore, the functional genes of these bacteria identified in this study were 

investigated. This current study used Pseudomonas putida as a representative because 

they are associated with PAH-degradation and studies have shown that the first nahAa 

genes were isolated from Pseudomonas (Ensley, et al., 1982; Ensley and Gibson, 1983; 

Simon et al., 1993; Allen, et al., 1997; Priefert et al., 1997; Venturi et al., 1998; Narbad 

& Gasson, 1998; Larkin, et al., 1999). A key study by Allen, et al., (1997), relevant to 

this current study also isolated these genes in Rhodococcus spp. This study (Allen, et 
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al., 1997), is the first study that can show c40% amino acid homology of these genes 

in Rhodococcus spp. ~ See figures 3.7, 3.8, 3.9 and 3.10.   

Specifically, figure 3.7 (inoculum) presented the level of abundance (in percentage) of 

the available assembled gene fragments. In decreasing order of abundance, these 

include 3% for Bradyrhizobium spp.,   Pseudomonas spp. (0.5%), Sphingomonas spp. 

(0.4%), Rhodococcus spp. (0.3%), Sphingobium spp. (0.07%), and Brevundinomanas 

spp. (0.06%).  For the test microcosm A, figure 5.8 showed that Pseudomonas spp. is 

18%,  Rhodococcus spp. (4%), Brevundinomanas, and  Sphingobium spp. are 3%, 

while Bradyrhizobium and Rhodococcus spp. are 2%. In contrast, figure 3.9 (B) 

presented these bacterial assembled gene fragments in this order; Pseudomonas spp. is 

31%, Brevundinomanas spp. are 5%, Sphingobium spp. (3%), Sphingomonas spp. 

(0.5%), Bradyrhizobium spp. (0.06%), and Rhodococcus spp. (0.01%). Finally, figure 

3.10, which presented data for the control microcosm of these test microcosms, only 

have three of these bacteria: Pseudomonas spp. is 39%, Sphingomonas spp. (8%), and 

Bradyrhizobium spp. (0.08%). However, test microcosms A having 13C vanillin as an 

active substrate (as shown in fig 3.8) showed a better mix and a high percentage of 

these bacteria under review compared to B. In comparing these microcosms, it is 

important to note in this study that test microcosm B, which have 13C-naphthalene 

substrates under a suitable environment, suggested that the percentage of these 

assembled gene fragments has increased as still compared to the inoculum (figure 3.7) 

and the control (figure 3.10).    

Though having only three of these species, the control microcosms showed a 

dominance of these assembled gene fragments than the inoculum. The only reason one 

can link to this is that the microcosm A and B have substrates with higher purity in 

both ways ~ thus the control microcosms' inability to generate sufficient biomarkers 
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as depicted in the test microcosms A and B. Besides, microcosm AB-control is not the 

test microcosm. However, this argument does not imply underestimating the good 

practice of employing a control experiment for scientific research.   

Additionally, the percentage of these bacteria's dominance in the test microcosms 

compared to the inoculum suggested an enrichment. In contrast, microcosm A 

suggested vanillin enrichment. The test microcosms B could be said to have also 

confirmed naphthalene enrichment or confirm the degradation of naphthale ne. Thus, 

the main aim of this current study. Following, these data of the percentage of 

assembled gene fragments available in each sample depicts that phylogenetic 

dominance is directly proportional to the available assembled gene fragments.   

Moreover, because it is a known fact that either vanillin or naphthalene are 

biodegradable. Therefore, one can say that vanillin can be degraded in the presence of 

PAHs or say that the presence of vanillin can stimulate the degradation of naphthalene 

and PAH-mixtures.  Either way, this assertion is valid. However, this current study is 

interested in the later and, therefore, will coherently continue with that argument that 

hypothesized that lignin-derived could stimulate the phylogenetic and functiona l 

dominance of naphthalene and PAH-mixtures degradation in a PAH-polluted urban  

soil.  

It is crucial to investigate the functional genes because the phylogenetic analysis does 

not denote functional genes. This is because bacterial assembled gene fragments 

stimulated might not be those producing the enzyme with the desired function. If all 

of these probes mentioned above are true, incorporating lignocellulose into 

PAHpolluted soils can solve the big problem of the continuous introduction of PAHs 

into the environment through natural and anthropogenic sources. Reports from studies  
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(Cerniglia, 1992; Peng et al., 2008; Seo et al., 2009; Lu et al., 2011; Mallick et al., 

201) have reported that only microbial species that have specific gene producing ring 

hydroxylation oxygenases can degrade aromatic compounds. Bacterial population 

revealed in this study using Illumina sequences reveal 98% sequences, 0 E-value, 99 

% query coverage with more than 450-bp of nahAa NDO fragments. The meaning of 

this is that the bacteria have the genetic potential degrade naphthalene and plant 

phenols.  

Overall, figure 3.11 test microcosms B presented the condition with the highest 

average length of sequences, assembled gene fragments identified and calculated score 

above threshold inclusion criteria. In this study, the condition with the highest number 

of these nahAa genes is microcosm A compared to B. In comparison, the inoculum 

and AB control microcosms have the lowest. This is understandable because vanill in 

is readily oxidized by microorganisms in various concentrations, as supported by 

various studies (See references herein). The good news about microcosm data in figure 

3.12 is that naphthalene degradation is established – therefore, this chapter's hypothesis 

stands. Vanillin is also enriched. This is because the calculated scores of the nahAa 

genes are higher in A and B but lowest in the inoculum and the control microcosms.   

Microcosms A shown a stimulated phylogenetic dominance, the highest percentage of 

these bacterial assembled gene fragments under review, and the nahAa genes 

responsible for the degradation of naphthalene and PAHs mixtures than that of B and 

AB-control. B microcosm has confirmed naphthalene degradation or enrichment. 

Inoculum and Ab-control further confirmed this study argument.   
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3.6 Conclusion  

The anthropogenic and human activities introducing aromatic compounds in the soil, 

especially PAHs prompted the explosion of remediation techniques (Tolosa et al., 

1996; Boxall and Maltby, 1997; Lim et al., 1999; Holman et al., 1999; Ohkouchi et 

al., 1999; Singleton et al., 2005; Masih & Taneja 2006; Fuchs et al. 2011). These 

aromatic compounds are lignin and PAHs. Lignin, though recalcitrant but does not 

gain interest as the PAHs in terms of public health. Various organizations have shown 

interest in either reducing the causes of PAHs' introduction or better still remove it 

from our environment.   

To contribute to this overarching problem, this study attempts to contribute to the 

knowledge on the matter with a hypothesis that natural components could aid 

decontamination of polluted land using microorganisms, analogue enrichment, and 

molecular biology techniques. Specifically, this study has shown that vanillin can 

influence the phylogenetic and functional genes of the microbial population structures 

responsible for degradation of naphthalene and some selected PAHs mixtures in PAHs 

polluted urban soils. In other words, bacteria that grow on vanillin can also grow on 

naphthalene. The major group of bacteria implicated in this  

study are mostly Pseudomonas, Sphingomonas spp, Rhodococcus spp, 

Brevundinomanas spp, Sphingobium spp, and Bradyrhizobium spp. Moreover, the 

functional potentials stimulated within these microbes are the naphthalene 

dioxygenases (NDO). It is, therefore, safe to say that lignocellulose can stimulate the 

removal of PAHs in an environment.  
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CHAPTER FOUR  

INVESTIGATING THE INFLUENCE OF LIGNIN-DERIVED 

PHENOLS MIXTURES ON VANILLIN DEGRADING 

BACTERIA IN PAH POLLUTED URBAN SOILS   

  

4.0 INTRODUCTION  

Lignin-derived phenols occur naturally in various matrices in soils and rivers following 

microbial degradation of plant biomass (Siqueira et al., 1991, Opsahl and  

Benner, 1998, Matějíček, et al., 2002, Martinez, et al., 2005, Barbera, et al., 2013), 

and abiotic photo-oxidation (Steinmetz et al., 2019). Various studies have explored the 

metabolism of vanillin, together with other aromatic lignin-derived phenols in soil 

samples (Bewley and Stokzky, 1984, Priepert et al., 1997, Justino et al., 2010, Rinnan 

et al., 2013, Buchmann et al., 2015, Peikert, et al., 2017, Steinmetz, et al., 2019).   

Vanillin is oxidised by microorganisms using their oxidative enzymes, and related 

metabolic pathways. Vanillin dehydrogenases are thought to be critical in this context 

(Moira and Farmer, 1955, Flaig, 1964, Kunc, 1971, Blum and Shafer, 1988, DeForest 

et al., 2004, Davis et al., 2016, Steinmetz et al., 2019). Microorganisms conserve their 

genes for adaptive purposes and related catabolic pathways (Syvanen, 1994, Davison, 

1999). Various bacterial spp have used horizontal gene transfer in diverse ecosystems 

(Syvanen, 1994, Davison, 1999, Lawrence, J.G., 1999). Moreover, various novel 

aromatic ring-hydroxylating dioxygenases/Rieske non-heme iron oxygenases (ROs) 

such as naphthalene 1,2-dioxygenase (NDO), may couple with vanill in 

dehydrogenases in complex environments to enable degradation of aromatic 

compounds (Heitkamp et al., 1988, Gakhar et al.; 2005, Lee et al. 2011). Widely 

studied microorganisms involved in the degradation of lignin phenolic compounds 

include Sphingomonas spp, Achromobacter, Pseudomonas spp, Rhodococcus spp 
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(Tabak et al., 1959; Rogoff, 1961, Priefert et al., 1997, Venturi et al., 1998; Narbad & 

Gasson, 1998, Bugg, et al., 2011, Ni et al., 2012, Caspi et al., 2014).   

The study in chapter three used 13C vanillin as substrate to stimulate the bacterial 

degradation of naphthalene and other PAH coctails in a polluted urban soil. But 

because compounds naturally occuring in soil, occurs in matirces; it is important to 

verify the effect of these compound on the test substrates (Martinez, et al., 2005, 

Barbera, et al., 2013, Steinmetz et al., 2019). In this case lignin, a major source of plant 

phenols in the environments breaks into 28 low molecular weight products; 10 of 

which are aromatic carboxylic acids, while the other 13 are acyclic 2,4-hexadiene1,6-

dioic acids (Chen et al., 1982 & Chen et al., 1983). It is important to investigate the 

influence of other plant phenols on the degradation of vanillin. This will further support 

the data in chapter on the degradation of vanillin and its influence on the 16S rRNA of 

the bacterial population degradation naphthalene and other PAHs cocktails _key to this 

project.     

These experiments in this chapter coupled metagenomic procedures _ primarily 

DNASIP experiments, HTS technologies and bioinformatic tools as carried out by 

numerous studies (Radajewski et al., 2000; Beja et al., 2000; Radajewski et al., 2003; 

Lee et al. 2011; Uhlik et al. 2013; Zhou et al. 2015), to shed light upon the effect of 

lignin-derived phenols on vanillin degradation using soils from urban PAH-polluted 

sites (Tellus site 3). This chapter is therefore a complimentary study. It is thus crucial 

to study the influence of lignin-derived phenolics on vanillin's degradation. Related  

studies in these areas are limited.  

4.1 Key Hypothesis addressed in this chapter  

Naturally occurring plants phenolic-mixtures can influence the phylogenetic and 

functional genes of the bacterial population degrading vanillin in PAH-contamina ted 
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soil. We address this hypothesis here using oxygenases as functional gene markers for 

aromatic hydrocarbon degradation, and through observations in the phylogenetic 

structure of related microbial populations from SIP experiments.  

4.2 Aim addressed in this current chapter  

The central aim of this current chapter is to:  

i. Investigate the influence of natural phenolic-mixtures on the diverse bacterial 

population (identified from the profile of 16S rRNA genes present) responsible 

for vanillin degradation in PAH-contaminated urban soil using metagenomics 

procedures – principally based on DNA stable isotope probing, coupled with 

Illumina sequencing of labelled DNA, and bioinformatics analysis (using 

software such as Kaiju, Hmmer and Krona).  

4.2.1 Specific objectives  

Specifically, the objectives are:  

vii. To investigate the influence of lignin phenol mixtures on the bacterial 

population responsible for vanillin's aerobic degradation in the 

PAHcontaminated urban soils using DNA stable isotope probing.   

viii. To investigate the bacterial population responsible for aerobic vanill in 

degradation in the PAH-polluted Tellus urban soil using metagenomics 

procedures outlined in (i).  

ix. To probe for the ring hydroxylating dioxygenases-RHD (naphtha lene 

dioxygenase gene NDO) used by specific bacterial communities for the 

breakdown of naphthalene and potentially vanillin in the Tellus urban soils 

using software such as Kaiju, Hmmer.   

4.3 Methods  

4.3.1 Preparation of DNA-SIP Microcosms  

Test microcosms for this current chapter were grouped into two different conditions  
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(E and F) with labelled 13C vanillin substrate. Each of the test experiments (E and F) 

were designed against a 12C SIP control. The PAH-contaminated Tellus urban soil 

collected from Belfast was used (please see section 3.1 for details on where this was 

collected). Specifically, it is Tellus soil 3 (see section 3.1.1).   

Microcosm E was performed exclusively with vanillin as a substrate. Targeting an 

initial final volume of 2mL, test E microcosms contained 1g of the contaminated soil 

sample (70% dry weight) which was weighed and incorporated into sterile 20mL vials. 

Then, exactly 42µL of 13C-vanillin (equivalent to 1.2mM from a stock of 57mM, also 

equivalent to the 24mmol in 2mL) was spiked on the soil. To make it up to the targete d 

initial final volume of 2mL, 958µL of sterile ddH2O was measured and incorporated 

into the microcosms before incubation at 30oC. The 42µL of 13C-vanillin was 

incorporated into the microcosms in 3-days interval for the 35-days prolonged 

incubation (i.e. 11 times).  At the end of the incubation period, a total of 462µL of 13C-

vanillin substrates were routinely added into the microcosms, making a final volume 

of 2.42mL. This is equivalent to 264mmol– thus achieving the desired C concentration 

(301µmol) of the test substrates per gram of soil, as described by critical studies 

(Neufield, 2007, Neufield et al., 2010, Dunford and Neufield, 2010). Control 

microcosm E (E control) was prepared and incubated using the same conditions as E 

test microcosm. However, 12C-vanillin was used as substrate for E control microcosm.   

The test Microcosm F was prepared with 13C labelled vanillin plus a cocktail of 12C 

labelled lignin phenols. To prepare test microcosm F, an equimolar of 13C-vanillin 

(27µmol C) per gram of soil of the individual lignin-phenols mixtures (12C-

phenolicmixtures {Salicylaldehyde (2-hydroxybenzaldehyde), 3- 

hydroxybenzaldehyde, 4hydroxybenzaldehyde, and Protocatechuic aldehyde (3,4-

dihydroxybenzaldehyde)}, were prepared and incorporated into the sterile 20mL vial 
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containing 1g of the soil sample (70% dry weight from the start of the experiment. To 

achieve this in a targeted initial final volume of 2mL, exactly, 48µL (representing 

1.2mM from a stock of 57mM, also equivalent to-27µmol C per gram of soil), for each 

of the individual 12C lignin-phenols, were spiked on the 1g soil sample. The phenolic-

mixtures' total volume pulsed into microcosm only at the start of the microcosms 

design; was 192µL. Furthermore, 42µL of 13C-vanillin (representing 1.2mM from a 

stock of 57mM and equivalent to 27µmol C of 13C-vanillin per gram of soil) was spiked 

on the mixtures. Finally, to make it up to the targeted 2mL initial final volume, 766µL 

of sterile ddH2O was measured and incorporated into the microcosms before 

incubation at 30oC. The 24µmol C equivalent of 13C-vanillin (working substrate) was 

incorporated into the microcosms in a 3-days interval for 35-days prolonged incubation 

(i.e. 11 times). The same conditions were replicated for the F control microcosm, 

except that 12C-vanillin was used as substrate. At the end of the incubation period, a 

total of 462µL of 13Cvanillin substrates were routinely added into the microcosms, 

making a final volume of 2.42mL. Again, this is equivalent to 301µmol C of 13C-

vanillin per gram of soil – thus achieving the desired range of µmol C of the test 

substrates per gram of soil, as described by crucial studies (Neufield, 2007, Neufield 

et al., 2010, Dunford and Neufield, 2010).  

During the 35days prolonged incubation, five time-points (at 7-days interval) were 

selected in-between to monitor DNA yield the DNA-SIP microcosms and, to 

determine the best time point with labelled DNA, sufficient enough for other 

downstream processing such as DNA-quantification, quality checks, qPCR, and 

ultimately the novaseq 6000 Illumina sequencing (HTS); which requires a minimum 

DNA concentration of 20ng/µL in a final volume of 15µL. This point was achieved in 

the 35days prolonged incubation.  
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At the end of the 35days prolonged incubation, the microcosms were sacrificed and 

prepared for genomic DNA extraction ~fluorometry. Following the manufacturer's 

instructions, an equivalent of 0.25g taken from each microcosm were processed for 

DNA isolation using Qiagen DNA-isolation kit. Further quality checks were carried  

out on the genomic DNA to confirm the purity and concentrations revealed by the 

QuantusTM Fluorometer (Promega, UK) using nanodrop technology (ND-1000 V3.6) 

at A260/280 nm and  260/230 ratio absorbance. The absorbance ratio A260/280 and 

A230/260 of the Nanodrop Technology (ND-1000 V3.6) falls within the acceptable 

range (1.80 – 2.2) peculiar to DNA extracted from soil samples.  

Furthermore, precisely 3.5μg of the isolated DNA from each experiment (E and F) 

were subjected to density gradient ultracentrifugation using a sixteen-well Beckamcoulter 

Vti 65.2 at a speed of 44,100rpm for 40Hrs, and temperature of 200C. The aim is to 

separate the labelled from the unlabelled biomarkers, as described by Dunford and 

Neufield (2010). At the end of the 40Hrs ultracentrifugation, the DNA from each 

experiment were fractionated using a peristaltic pump. The fractions are collected in 

labelled sterile 1.5mL Eppendorf tubes. Total of 12-fractions were collected for each 

experiment’s sample. The range of interest within each collected 12-fractions (1-12)  

was identified. The fractions with heavy DNA lies between 5-8 and with a 

corresponding density range between 1.720 -1.735g/mL. For light DNA, the ranges 

are between fractions 9 – 11 and the corresponding density range between 1.705 –  

1.720g/mL (Dunford and Neufield (2010).   

At the end of the fractionation process, density of each collected fraction was 

determined using a calibrated digital refractometer by measuring the refractive index 

(Dunford and Neufield, 2010). The key collected fractions depicting to be labelled and 

unlabelled DNA were identified and, precipitated in 1.5mL Eppendorf tubes as 
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described by Dunford and Neufield (2010). The precipitated pellets were air-dried at 

room temperature for 15minutes. The dry pellets were then re-suspended in 31µL of 

elution buffer (Solution C6 of Qiagen DNeasy soil isolation kit).   

The recovered DNA (ng/µL) were quantified again using QuantusTM Fluorometer 

(Promega, UK). See figure 6.1 and 6.2. Finally, the recovered DNA were subjected to 

further quantitative evaluation of 16S rRNA genes distribution within fractions on 

interest (5 – 11) using universal primers (5’ CCTACGGGAGGCAGCAG 3’) and P2 

(5’ATTACCGCGGCTGCTGG3’) as described by Muyzer et al. (1993), a 

BioRadDNA Engine Opticon2 System, transparent thin-walled qPCR tubes, template 

DNA and Maxima SYBR Green qPCR Master Mix (Thermo Fisher). See figure 6.3 

and 6.4  
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4.4 Results presentation of this chapter  

4.4.1 Fluorometry: Quantitative appraisals of genomic DNA   

Experiment E: 13C vanillin + 1g(soil) + water 

Figure 4. 17: Experiment E DNA density profile (concentration Vs fraction density plot) for 

35-days incubations at 30 oC. Where ‘E’ is the test microcosm (enriched with only 13C-vanillin 
labelled substrate and water only): TEST (E): 1g (soil) + 13C-vanillin (routinely spiked) + 

water = 2ml-volume. ‘Control’ contains 12-vanillin substrate: 1g (soil) + 12C-vanillin 
(routinely spiked) + water = 2ml-volume. Microcosms were designed in triplicates and 
incubated for 35days at 30oC. Baseline separations on ‘E’ sketches implies there is heavy 

DNA. The DNA density profiles indicated that there is labelled DNA biomarkers circled red 
(Heavy DNA) obtained from 'E' at fractions 8(8.9ng/µL in a volume of 31µL with a density of 

1.735g/mL), 7(34ng/µL in a volume of 31µL with a density of 1.727g/mL), 6(25ng/µL in a 
volume of 31µL with a density of 1.726 g/mL).   
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Figure 4. 18: Experiment F DNA density profile (concentration Vs fraction density plot) for 
35-days incubations at 30 oC. The test microcosm 'F' (enriched with only 13C-vanillin labelled 

substrate + 12C-Phenolic mixtures {Salicylaldehyde (2-hydroxybenzaldehyde), 3- 
hydroxybenzaldehyde, 4-hydroxybenzaldehyde, and Protocatechuic aldehyde 
(3,4dihydroxybenzaldehyde)} + water = 2mL. Moreover, ‘Control’ is the control microcosm 

enriched with 12C’s substrates only – consisting of 1g (soil) + 12C-vanillin (routinely spiked)  
+ 12C-Phenolic mixtures {Salicylaldehyde (2-hydroxybenzaldehyde), 3- 

hydroxybenzaldehyde, 4-hydroxybenzaldehyde, and Protocatechuic aldehyde 
(3,4dihydroxybenzaldehyde)} + water = 2mL. Microcosms were designed in triplicates and 

incubated for 35days at 30oC. Baseline separations on ‘F’ sketches implies there is heavy DNA. 
The DNA density profiles indicated that there is labelled DNA biomarkers circled red. Heavy 
DNA obtained from 'F' 7 (55ng/µL in a volume of 31µL or 1.70µg in a density of 1.726g/mL), 

6(32ng/µL in a volume of 31µL or 0.99µg in a density of 1.727g/mL) circled red.   

  

The QuantusTM Fluorometer (Promega, UK) and Qiagen DNA-isolation kit (DNeasy 

Power Soil kit having C1-C6 solutions) were used for the DNA isolation before 

running SIP separation by ultracentrifugation.  The purity of DNA extracted by this 

protocol has high using nanodrop technology (ND-1000 V3.6) at A260/280 nm and 

260/230 ratio absorbance. And thus, suitable for downstream processing analysis such 

as 16S PCR, HTS and RT-PCR. To confirm the quality of the extracted DNA, ratio 

absorbance at 260 and 280 nm (A260/280-ratio) or ratio absorbance at 260 and 230 
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nm wavelength (A260/230) was checked using nanodrop technology (ND-1000 V3.6). 

And found to be of high purity. The absorbance of all the extracted DNA falls within 

the acceptable range (1.80 – 2.2) peculiar to DNA extracted from soil samples as 

described by Dunford and Neufield (2010).  

 This study used a total DNA of 3.5μg for each experiment (E and F). The labelled and 

unlabelled DNA separated by the density gradient ultracentrifugation were collected 

DNA in fractions as described by Dunford and Neufield (2010). For each sample (test 

and control), 12 fractions (450µL) were collected in 1.5mL Eppendorf tubes and 

reconciled against the densities/fractions range of interest. Moreover, the density of 

each fraction was determined by measuring the refractive index using a calibrated 

digital refractometer. The fractions of interest range between fractions 5-8, and with a 

corresponding density range between 1.720 -1.735g/mL; for heavy or labelled DNA. 

For light DNA, the ranges are associated with fractions 9 – 11 and the corresponding 

density range between 1.705 – 1.720g/mL.  

Specifically, figure 4.1 presents data on genomic DNA density profile (concentration  

Vs fraction density) for ‘E’ experiment, incubated at 30 oC for 35-days. Moreover, 

figure 4.2 presents data showing the DNA density profile (concentration vs fraction 

density) for ‘F’ experiment, incubated at 30 oC for 35-days for 35-days. Experiment E 

investigated the microbial population structures responsible for natural aerobic vanill in 

degradation alone in the PAH-polluted Tellus urban soil (objective, ii.).  While (F) 

address this current chapter's main aim - to investigate the microbial population 

structures responsible for aerobic degradation of vanillin in the presence of phenolic 

mixtures using PAH-polluted Tellus urban soil samples), and objective (i) that seeks 

to investigate the influence of lignin-derived phenols on the diverse microbia l 
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population structures responsible for the aerobic degradation of vanillin in PAH-

polluted Tellus urban soil samples. Together, the two sets of microcosms (E and F) 

will address the remaining objectives iii.  

The test microcosm E produced labelled or heavy DNA at fractions 8 (25ng/µL in a 

volume of 31µL or 0.78µg in a density of 1.726g/mL), 7 (34ng/µL in a volume of 

31µL or 1.05µg in a density of 1.727g/mL), and 6(8.9ng/µL in a volume of 31µL or 

0.28µg in a density of 1.727g/mL). Since 3.5µg of genomic DNA was incorporated for 

ultracentrifugation for each microcosm. This implies that the sum of the labelled DNA 

in this study’s fractions of interest is 2.11µg is separated as the labelled or heavy DNA. 

The remaining 1.39µg of the DNA may either be unlabelled/light DNA or labelled 

DNA lost through fractionation, precipitation, or DNA concentration. This is a good 

result – it means that the autochthonous microcosms in the E microcosm prolifera ted 

well on vanillin. This possible as phenolic mixture makes the soil environment more 

natural ~ continuous biogeochemical cycling. More than 60% of the total DNA 

incorporated for ultracentrifugation is labelled.   

One interesting observation about the data presented in experiment F (microcosms 

with lignin-derived phenols, see figure 4.2) is that it yielded a higher concentration of 

the genomic DNA than all the microcosms in this entire project in the same extended 

incubation (35 days incubation). The test microcosm F produced labelled or heavy 

DNA at fractions 7(55ng/µL in a volume of 31µL or 1.70µg in a density of  

1.727g/mL), 6(32ng/µL in a volume of 31µL or 0.99µg in a density of 1.726g/mL). 

Since 3.5µg of genomic DNA was incorporated for ultracentrifugation for each 

microcosm. This implies that the sum of the labelled DNA in this study's fractions of 

interest is 2.69µg are separated as the labelled or heavy DNA. The remaining 0.81µg 

of the DNA may either be unlabelled/light DNA or labelled DNA lost through 
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fractionation, precipitation, or DNA concentration. This is a good result – it means that 

the autochthonous microcosms in the F microcosm proliferated excellently well on 

vanillin in the presence of lignin-derived phenols mixtures using the PAH-polluted soil 

samples. More than 75% of the total DNA incorporated for ultracentrifugation is 

labelled.   

As for the E control microcosm for this figure 4.1, the data presented further validated 

the results. There was no labelled or heavy DNA as expected because 13C substrates 

were not incorporated into the microcosms. However, the expected light DNA was 

obtained during fractionation. Control data for E and F experiments did not produce 

labelled or heavy DNA as expected because 13C substrates were not incorporated into 

the control microcosms. However, the expected light DNA was obtained during 

fractionation. In E-control, this was achieved in fraction 10 (22ng/µL in a volume of  

31µL or 0.68µg in a density of 1.710g/mL) while F-control generated this at fraction 

9 (34ng/µL in a volume of 31µL or 1.054µg in a density of 1.715g/mL).  It is possible 

for heavy DNA to have slight differences in their densities because heavy DNA are 

lying at different points of the 6mL quick seal polyallomer tubes, and only 450µL is 

collected for each fraction. Therefore, during collection, each fraction stops at 450µL, 

even if the volume of the collected fraction is small. 

4.4.2 Real-time PCR: Quantitative appraisals of 16S rRNA genes distribution   

The quantitative evaluation of 16S rRNA genes distribution within essential gradient 

fractions (5 – 11) was carried out; using a BioRad-DNA Engine Opticon2 System, 

transparent thin-walled qPCR tubes, template DNA and Maxima SYBR Green qPCR 

Master Mix (Thermo Fisher). Firstly, the standard was prepared by running 16S rRNA 

PCR from the fractions of interest using universal primers 63f (5’  

CAGGCCTAACACATGCAAGTC3’) and 1387r (5’ GGGCGGWGTGTACAAGGC  
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3’) as described by Marchesi et al. (1998). The 16S PCR-products were collected and 

purified using the DNeasy PowerClean Pro Cleanup Kit (Shahsavari et at., 2016). 

DNA concentration of the cleaned PCR-products was then determined. The 16S rRNA 

genes copies (2.99×1010) of the standard was computed using the relation described by 

Godornes et al. (2007). To use the standard for qPCR, dilution fold of 10-7, suitable 

for soil sample an in the case of this study was used. Finally, copies of the 16S rRNA 

genes were determined using universal primers (5’ CCTACGGGAGGCAGCAG 3’) 

and P2 (5’ATTACCGCGGCTGCTGG3’) as described by Muyzer et al. (1993). See  

figure 4.3 and 4.4.  

Figure 4.3 confirmed the relative abundance of the microbes per microlitre _ to 

ascertain the total DNA in each fractions of interest (5-11) upon real-time quantitat ive 

appraisal. The data (on a logarithmic scale) further confirmed the relative abundance 

of 16S rRNA genes distribution within fractions of interest. The results showing copies 

of 16S rRNA genes distribution (per microliter) upon quantitative appraisal of the 16S 

rRNA genes distribution is consistently high for experiment F (figure 4.4) compared 

to experiment E (Figure 4.3) in fraction 7. In this order, fractions 5 and 7 are also 

implicated within the test microcosm. This data has corroborated the fluorometr ic 

DNA quantification in figure 4.1 and 4.2. Moreover, figure 4.4 showed that the test 

microcosm F also contains the 16S rRNA genes. Accordingly, fraction 7 has the 

highest 16S rRNA genes, followed by 5 and 6 or 8 per microliter. The control 

microcosm (F) also presented the unlabelled gene in fraction 10, as shown in figure 

4.2. However, it appears here that microcosm E has a higher 16S rRNA genes of the 

microbes per microliter than F.  Overall, the fraction 7 of E test microcosm (figure 4.3) 

contain more 16S rRNA genes copy per microliter (1.28E+36) than fraction 7 of F test 

microcosm (1.32E+32) in figure 4.4.  
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Figure 4. 19: Quantitative appraisal of 16S rRNA genes distribution within essential gradient 

fractions (fraction5 to 11) fractionated after the isopycnic centrifugation to separate heavy and 
light DNA @T5 (35-days incubation). Fractions 5 to 11 reads from the right with the highest 
density to the left with the lowest density of fraction as symbolised by the arrow. The 16S 

rRNA gene was quantified (in triplicates) by Real-time PCR in copy/µL using a 1µL DNA 
template with a concentration between 3-34ng/µL. The heavy DNA fractions in all the 

13Cfractions were obtained at fraction-6 circled in red.   

  

 
Figure 4. 20: Quantitative appraisal of 16S rRNA genes distribution within essential gradient 
fractions (4 to 11) fractionated after the isopycnic centrifugation to separate heavy and light 

DNA @T5 (35-days incubation). Fractions 5 to 11 reads from the right with the highest density 
to the left with the lowest density of fraction as symbolised by the arrow. The 16S rRNA gene 

was quantified (in triplicates) by Real-time PCR in copy/µL using a 1µL DNA template with 
a concentration between 4-55ng/µL. The heavy DNA fractions in all the 13C-fractions were 

obtained at fraction 6 circled in red.   
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4.4.3: Phylogenetic assignment of data using Kaiju and Krona Chart  

Based on the number of identified reads (assembled genes), Krona chats of figures 4.5 

to 4.9 presents data showing the abundance of assembled gene fragments of the 

bacteria that are known to be associated with aromatic degradation in the sequenced 

DNA. Most of the bacteria identified are from the phyla Proteobacteria. Others are 

Actinobacteria and Terrabacteria. As expected, the bacterial assembled genes in 

figure 4. 5 (inoculum) is apparently higher than that of figure 4.6 (Test E) and 4.8 (Test 

F). In 4.8 is presented a Krona chart with the least assembled genes.   
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Figure 4. 21: Krona chart showing the taxa relative abundance of the inoculum 

(original soil sample) at phyla-level identified from the raw unassembled sequence 
data, a total of 4496782 reads with 71520 unidentified reads. Sequences Identified 

using Kaiju bioinformatics pipeline (Menzel, P. et al., 2016, Ondov BD, et al., 2011). 
This chart showed different percentage of  as expected ~ having acidobacteria as the 

highest _10%. 
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Figure 4. 22: Krona chart showing the taxa relative abundance of the test microcosms 

E at genus-level as identified from the raw unassembled sequence data, a total of 98985 
reads with 694 unidentified reads. Sequences identified using Kaiju bioinformatics.   

This krona chart showed different percentage of Protobacteria, as expected ~ having 
alphaproteobacteria (13%) as the highest.  
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Figure 4. 23: Krona chart showing the taxa relative abundance of the control 

microcosms E at genus-level identified from the raw unassembled sequence data, a 
total of 118852 reads with 885 unidentified reads. Sequences identified using Kaiju 

bioinformatics pipeline (Menzel, P. et al., 2016, Ondov BD et al., 2011). This krona 
chart showed various percentage of Protobacteria, as expected ~ having 

alphaproteobacteria (11%) as the highest.   
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Figure 4. 24: Krona chart showing the taxa relative abundance of the test microcosms 

F at genera-level as identified from the raw unassembled sequence data, a total of 
48841 reads with 359 unidentified reads. Sequences identified using Kaiju 

bioinformatics pipeline (Menzel, P. et al., 2016, Ondov BD et al., 2011). As expected, 
this krona chart showed different percentage of Protobacteria ~ having alphaproteobacteria 
(12%) as the highest. 
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Figure 4. 25: Krona chart showing the taxa relative abundance of the control 

microcosms F at genera-level identified from the raw unassembled sequence data, a 
total of 118852 reads with 885 unidentified reads. Sequences identified using Kaiju 
bioinformatics pipeline. This krona chart showed different percentage of 

Protobacteria, as expected ~ having alphaproteobacteria (11%) as the highest.   
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4.4.4: Analysing the abundance of assembled metagenome fragments of the 

bacteria that are known to be associated with aromatic degradation in the 

sequenced DNA using Krona analysis.  

Following the taxonomic studies of various bacteria revealed by the Krona charts 

presented in this chapter (figure 4.5 to 4.9), most bacteria detected were found to be 

from the phyla Proteobacteria, Actinobacteria and Terrabacteria. These bacteria are 

known for aromatic degradation (Dominy et al., 2006; Liou et al., 2008; Valderrama 

et al., 2012). The most common bacteria species selected in all the samples analysed 

in this study are Pseudomonas spp, Rhodococcus spp, Sphingomonas spp, 

Sphingobium spp, Bradyrhizobium Brevundimonas spp. These six bacteria were 

identified based on their percentage abundance in the Krona charts. These bacteria 

identified by the Illumina sequences reveal 98% sequences, 0 E-value, 99 % query 

coverage with more than 450-bp of nahAa NDO fragments. This implies that they 

genetic potential degrade naphthalene and plant phenols.   

Specifically, figure 4.10 (inoculum) presented the level of abundance (in percentage) 

of the available assembled metagenome fragments. In decreasing order of abundance, 

these include 3% for Bradyrhizobium spp, Pseudomonas spp (0.5%), Sphingomonas 

spp (0.4%), Rhodococcus spp (0.3%), Sphingobium spp (0.07%), and  

Brevundinomanas spp (0.06%).  For the test microcosm E, figure 6.10 showed that the 

Bradyrhizobium spp is 13%, Brevundinomanas spp (0.04%), Sphingobium spp are 

0.07% Rhodococcus spp (0.01%). Remarkably, there were no Pseudomonas spp in 

microcosm E. Bradyrhizobium spp are soil bacteria known to have aromatic 

degradation potentials (Ghosal, et al., 2016). In contrast, figure 6.13 (F) presented 

these bacterial assembled gene fragments in this order; Bradyrhizobium spp is 15%, 

Pseudomonas spp is 4%, Rhodococcus spp (0.3%), Sphingomonas spp (0.2%),  

Brevundinomanas spp are  
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0.03%, and Sphingobium spp (0.1%).   

In comparing these microcosms, test microcosm F, which had 13C-vanillin substrates 

in the presence of lignin-derived phenols mixtures in suitable conditions, showed a 

better spread of these bacterial assembled metagenome fragments’ compared to the 

inoculum (figure 4.10) and E (figure 4.11). However, test microcosms E having only 

13C vanillin as an active substrate has presented a reasonable presence of these 

bacteria under review. Though having only four (Bradyrhizobium, Brevundinomanas, 

Sphingobium, Rhodococcus) of these spp, the E microcosms showed dominance, 

especially one of these assembled metagenome fragments’ in a significant abundance 

than the inoculum (Bradyrhizobium~13%).  

 
Figure 4. 26: Showing the abundance of assembled metagenome fragments’ of the bacteria 
that are known to be associated with for aromatic degradation in the sequenced DNA using 
Krona in the natural soil sample used in this study ~ inoculum.  
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Figure 4. 27: Showing the level of abundance of assembled metagenome fragments’ of the 
bacteria that are known to be associated with for aromatic degradation in the sequenced DNA 

using Krona in the test microcosm E.  

  

 
Figure 4. 28: Showing the abundance of assembled metagenome fragments’ of the bacteria 
that are known to be associated with for aromatic degradation in the sequenced DNA using 
Krona in the microcosm E -control.  
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Figure 4. 29: Showing the abundance of assembled metagenome fragments’ of the bacteria 
that are known to be associated with for aromatic degradation in the sequenced DNA using 

Krona in the microcosm F.  

  

  

 
Figure 4. 30: Showing the abundance of assembled metagenome fragments’ of the bacteria 
that are known to be associated with for aromatic degradation in the sequenced DNA using 
Krona in the microcosm F -control.  
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4.4.5 Analysing the functional genes (naphthalene dioxygenases or NDOs) of the 

bacteria that are known to be associated with aromatic degradation in the  

assembled metagenome fragments’ using Hmmer  

The application of Hmmer software enabled metagenome mining of functional genes 

from the DNA sequenced samples (Oliver, et al., 2007; Finn, et al., 2011; Finn, et al., 

2015; Potter, et al., 2018). Here, data above inclusion level are data with statistica l ly 

significant E-values. The statistically significant E-values meet the strict inclus ion 

criteria, such as the number of hits for a ‘good match’. The lower the E value the better 

the data. Bacteria identified in this study using Illumina sequences reveal 98% 

sequences, 0 E-value, 99 % query coverage with more than 450-bp of nahAa NDO 

fragments. This signifies that the bacteria has the genetic to potential degrade 

naphthalene and plant phenols. The term calculated score used here is an arbitrary 

metrics that Hmmer assigns to each score. The calculated score is the average length 

of reads over the total number of reads in the sample.   

Figure 4.31 presented the α-naphthalene dioxygenases in each sample (average 

sequence lengths vs the total number of sequences identified) using Hmmer. Vanilin 

was metabolised in both conditions. However, the nahAa genes probed for were not 

found in both conditions except for the inoculum. This is possible, as 13C substrates 

may not be present in the natural soil environment. It is also possible that sequences 

may be lost during processing. Figure 4.32 showed the calculated score for the α-

naphthalene dioxygenases in each sample using Hmmer.  

The nahAa alpha subunits of the NDO were analysed in the metagenome. This gene 

was selected because they are associated with PAH-degradation. Specifically, are 

widely found in Gram negative bacteria (e.g., Pseudomonas spp.) and their proteins 
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are well studied. Pseudomonas putida was used as a representative because studies 

have shown that the first nahAa genes were isolated from Pseudomonas (Ensley, et al., 

1982; Ensley and Gibson, 1983; Simon et al., 1993; Allen, et al., 1997; Priefert et al., 

1997; Venturi et al., 1998; Narbad & Gasson, 1998; Larkin, et al., 1999). A key study 

by Allen, et al., (1997), also first isolated these genes in Rhodococcus spp., where they 

have c40% amino acid homology.  

  

 
Figure 4. 31: Showing the α-naphthalene dioxygenases in each sample (average sequence 
lengths vs the total number of sequences identified) using Hmmer. Vanilin was metabolised in 

both conditions. However, the nahAa genes probed for were not founf in both conditions 
except for the inoculum.  
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Figure 4. 32: Showing the calculated score for the α-naphthalene dioxygenases in each sample 
using Hmmer  

4.5 Discussion  

The data presented here is to test the core hypothesis that phenolic-mixtures can 

influence the phylogenetic and functional genes present in soil bacterial populations 

degrading vanillin in PAH-contaminated urban soil.   

  
The taxonomic identities of major groups of bacteria revealed by this current study 

using Krona charts (figure 4.2 to 4.9) belongs to the phyla Proteobacteria, 

Actinobacteria and Terrabactecria. Interestingly, this finding falls in alignment with 

various studies (Tabak et al., 1959; Rogoff, 1961; Priefert et al., 1997; Venturi et al., 

1998; Narbad & Gasson, 1998; Dominy et al. 2006, Liou et al. 2008, Bugg, et al., 

2011; Valderrama et al. 2012; Ni et al., 2012, Caspi et al., 2014). The dominance of 

these bacterial phyla in these microcosms of this study is likely due to suitable 

conditions of growth ((Young and Cerniglia, 1996; Kastner, 2000; Lovley, 2001;  
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Andreoni and Gianfreda, 2007; Megharaj et al., 2011; Abdel-Shafy and Mansour, 

2016).   

Specifically, these include Pseudomonas spp, Rhodococcus spp, Sphingomonas spp, 

Sphingobium spp, Bradyrhizobium Brevundimonas spp. These bacterial spp falls in the 

phyla Proteobacteria, Actinobacteria and Terrabactecria. Moreover, these bacteria 

are implicated in aromatic degradation (Dominy et al., 2006; Liou et al., 2008; 

Valderrama et al., 2012).    

The DNA stable isotope probing microcosms used in this study yielded high DNA 

concentrations sufficient for other downstream processing (see figures 4.1 and 4.2) in 

an extended incubation (35 days). This result is a confirmation that an extended 

incubation can allow microbes to produce biomarkers, as asserted by several studies  

(Radajewski et al., 2002; Radajewski et al., 2003; Dunford and Neufield, 2010).   

However, test microcosms with plant phenols mixtures and 13C vanillin (F) generated 

the highest labelled DNA (2.69µg and 75%) than the test microcosm with 13C vanill in 

microcosms (E), which have 2.11µg (60%) from the total DNA (3.5µg) incorporated 

in each ultracentrifuge mixtures. This implies that the presence of other lignin-der ived 

phenols enhances microbial proliferations. It suggests that microbes can oxidise 

natural plant phenols mixtures in the presence of other aromatic compounds, especially 

analogue compound. Importantly, 13C vanillin enrichment was confirmed in both 

experiments. These experiments (E and F) aligned with several studies which revealed 

that vanillin is readily oxidised by microbes (Henderson and Farmer, 1955; Moira and  

Farmer, 1955; Henderson, 1961a, 1965; Whitehead, 1964; Sundman et al., 1964;  

Kunc, 1971; Turner and Rice, 1975, Black and Dix. 1976; Whitehead et al., 1981;  

Whitehead et al., 1982; Whitehead et al., 1983, Blum and Shafer, 1988; Opsahl and  

Benner, 1998; Matějíček et al., 2002; DeForest et al., 2004; Martinez et al., 2005,  
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Barbera, et al., 2013; Tamimi et al., 2016; Zhang et al., 2016; Peikert et al., 2017; 

Steinmetz et al., 2019). Therefore, incorporating lignin-derived phenols mixtures into 

the microcosms in chapter 5(A and B), the vanillin influences might be high.   

Therefore, the data presented in figure 4.1 and 4.2 can be said to be valid as it falls in 

alignment with the crucial study protocol (Dunford and Neufield 2010), critical to this 

study. The high concentration of the labelled genomic DNA in E (Figure 4.1) and F 

(figure 4.2) test microcosms means that an extended incubation can allow microbes to 

produce biomarkers, as asserted by several studies (Radajewski et al., 2002; 

Radajewski et al., 2003; Dunford and Neufield, 2010). Here, the 35 days incubation 

allowed the microbes produced sufficient DNA signatures for downstream processing.  

Again, this concentration meets the nova seg 6000 sequencing target (minimum of 

20ng/µL in a volume of 15µL, or 0.3µg) using Nextera DNA Flex (Nextera DNA 

Library Prep) employed in this study and, as described by Lhee et al. (2019).   

Presence of this genomic DNA was confirmed upon quantitative appraisal of the 16S 

rRNA genes distribution within key fractions (6 and 7).  However, test experiment E 

(figure 4.3), revealed higher copies of 16S rRNA genes per microliter compared to test 

microcosm F (figure 4.4) in key fractions (7, and 6). It will be too early to start 

troubleshooting without considering the mining the available assembled gene 

fragments and functional genes, as would be seen in the next few lines. Most 

importantly, the 16S rRNA genes were found in all the fractions of interest. 

Interestingly, these are highly qualitative preliminary data looking-up for this study, 

and there is an expectation for positive results in addressing the aim and specific 

objectives at the end of this chapter.  
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Furthermore, this study explored level of abundance of the bacteria revealed in this 

study using kaiju and Krona software. The importance of the level of abundance of 

relevant bacterial assembled gene fragments cannot be overemphasised. This is 

because the process of degrading various organic compounds found in soils by 

microbes using their enzymes could either be done singly or in a consortium to 

generate energy for various cellular activities (Alexander, 1999; Boon et al., 2000; 

Suthersan, 2001). Therefore, once a reasonable quantity of the relevant bacteria is 

achieved, the degradation of pollutant in an environment can be achieved. The test 

microcosm F has maintained a higher amount of visible assembled gene fragments 

more (figure 4.13) than E test microcosm (figure 4.11) and the inoculum (figure 4.10). 

However, Krona chart of the inoculum (figure 4.10) has a higher diversity of these 

major group of bacteria revealed in this study. The only explanation for this is that the 

autochthonous microbes in the microcosms (E and F) have found a more suitable 

conditions to proliferate, while the inoculum (figure 4.10) is likely carbon starved. 

Relying on these data and at this juncture, this study can show evidence that the 

presence of lignin-derived phenols mixtures enhances the degradation/enrichment of 

vanillin in PAH-polluted soil. Therefore, this study can suggest that these substrates 

have stimulated the dominance of microbes that are known to be associated with for 

aromatic degradation in the microcosms.   

To draw more conclusive evidence, this study explored the functional genes of the 

aforementioned microbes identified in these samples' (see figure 4.15 and figure 4.16). 

It is possible that bacterial activity may enhance the degradation of a compound by a 

different bacteria as in the case of co-metabolism (Alexander, 1999; Boonchan et al.,  

2000; Suthersan, 2001; Jones, 2006, Singleton et al. 2008; Pumphrey and Madsen, 

2008; Jones et al., 2008; Rinnan et al., 2013; Steinmetz et al., 2019). Critical to this 
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study, studies (Fietz et al., 1986; Strubel et a., 1989; Bengtsson and Zerhouni, 2003) 

have used structural analogue substrates to verify the co-metabolic genes of 

microorganisms in aromatic degradation. Therefore, the stimulated bacterial 

assembled gene fragments revealed in these test microcosms may not responsible for 

those producing the enzyme with the desired function. This is crucial because, only the 

microbial species that have specific gene producing the ring hydroxylation oxygenases 

can degrade aromatic compounds (Cerniglia, 1992; Peng et al., 2008; Seo et al., 2009; 

Lu et al., 2011; Mallick et al., 201).   

In this study, Pseudomonas putida was used as a representative isolate because studies 

have shown that the first naphthalene catabolic genes~NDO (NahAa) were isolated 

from Pseudomonas and Rhodococcus spp (Ensley, et al., 1982; Ensley and Gibson,  

1983; Simon et al., 1993; Allen, et al., 1997; Priefert et al., 1997; Venturi et al., 1998;  

Narbad & Gasson, 1998; Larkin, et al., 1999). Although this study used Pseudomonas 

putida as a representative isolate for naphthalene dioxygenases, its abundance in this 

study is averagely 3% (see figures 4.13 and 4.14); compared to the bacterial with the 

highest occurrence, Bradyrhizobium (15.5%). Bradyrhizobium is a symbiotic 

nitrogenfixing bacterium found in soil, and implicated in aromatic degradation by 

several studies (Hopper and Mahadevan, 1997; Sudtachat, et al., 2009). The nahAa 

alpha subunits of the NDO from Pseudomonas putida are more robust for PAHs-

degradation and they are well studied. As a supporting experiment to the study in 

chapter 5 (the main study of this project), this study attempts to decipher if the presence 

of vanillin and other lignin-derived mixtures would automatically stimulate the ring 

hydroxylation oxygenases (NDO) in a PAH-polluted soil sample. Therefore, future 

studies may use Bradyrhizobium as a representative isolate for naphthalene 

dioxygenases.  
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Moreover, only the inoculum showed the presence of these genes. Test microcosms E 

and F did not show the presence of any of these genes. In a broader picture, recall the 

inoculum and test microcosms A and B (in chapter 5) presented these genes. Whilst 

only the inoculum presented these genes in this current chapter. The likely thing that  

is happening here is the presence of suitable concentrations of PAHs in the PAH-

polluted soil samples. These data will therefore take us back to the first thoughts of 

this current chapter ~ ‘‘does the presence of vanillin and other lignin-derived mixtures 

stimulate the production of naphthalene dioxygenases (NDO) in a PAH-polluted soil 

sample?''. Because these genes are only found in the inoculum (figure 4.15) in this 

current study, it is possible that the microbes produced genes for the bioavailab le 

substrates in these experiment ~ natural plant lignin phenols in this case. These bacteria 

are implicated for aromatic degradation by several studies (Kastner et al., 1994; 

Mueller et al., 1997; Boon et al., 2000; Dominy et al., 2006; Buckley et al., 2007; 

Schwart, 2007; Liou et al., 2008; Valderrama et al., 2012; Gutierrez et al. 2013)  

Furthermore, for survival purposes, microbes respond only to the substrates present in 

their 'microenvironment' ~ thus, nahAa genes were not found in the microcosms (E 

and F) without PAH cocktails in suitable concentration. These genes are though 

associated with slower growing Gram positive bacteria that may be selected against 

under the microcosm conditions used (Larkin et al., 1999). When the concentration of 

one of the carbon sources that influence bacterial activity drops below a threshold 

concentration required to favour selective growth, the degradation of this specific 

carbon sources or test substrates becomes kinetically stable or stops (Johnsen et al. 

2005). Microorganisms rely on carbon sources at suitable concentrations for energy to 

co-metabolise several PAHs above 100µg/kg detection limit (Egli, 1995). Therefore, 

the microbes could not produce the NDO genes likely due to the concentration of the  
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PAHs in the soil sample below detection limit as reported by Doherty et al. (2015).   

Overall, this study employs this triangulation model to support the main project 

(chapter 5) of this entire project. Therefore, the inference drawn in chapter 5 is 

corroborated ~ thus, incorporating lignocellulose into PAH-polluted soils can solve the 

big problem of the continuous introduction of PAHs into the environment through 

natural and anthropogenic sources.  

Finally, this study validated that naturally occurring plant phenols are essentia lly 

oxidised by microorganisms in various concentrations, as supported by various studies  

(See references herein).  At this stage, this study can accept the hypothesis of this study 

~ ''Phenolic-mixtures CAN influence the phylogenetic and functional genes of the 

diverse microbial population structures degrading vanillin in PAH-contaminated  

Tellus urban soil’’.   

4.6 Conclusion  

Lignin-derived phenols are ubiquitous in biomass. They occurrence in matrices in soils 

and rivers due to microbial degradation of lignin (Whitehead, 1964, Whitehead et al., 

1981, Whitehead et al., 1982, Whitehead et al., 1983, Siqueira et al., 1991,  

Opsahl and Benner, 1998, Matějíček, et al., 2002, Martinez, et al., 2005, Barbera, et 

al., 2013), and photo-oxidation (Steinmetz et al., 2019). Various studies have explored 

the metabolism of vanillin, including other aromatic lignin-derived phenols in soil 

samples (Bewley and Stokzky, 1984, Priepert et al., 1997, Justino et al., 2010, Rinnan 

et al., 2013, Buchmann et al., 2015, Peikert, et al., 2017, Steinmetz, et al., 2019). 

Studies (Farmer, 1955, Henderson, 1955, Kunc, 1971, Turner and Rice, 1975, Black 

and Dix. 1976) have shown that lignin phenols in soil stimulate microbial population, 

and microbes can utilise phenolic acids as a carbon source.  

The actions of microbes in an ecosystem is crucial. Soil microorganisms play essential 

roles in organic and biogeochemical cycling (Trevors, 1998; Wall and Virginia, 1999; 
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Meliani et al., 2012).  For instance, soil environments are naturally carbon-starved; 

hence, microorganisms' growth in the soil is often limited (Aldén et al., 2001). Carbon 

input into the soil by natural or artificial activities such as biodegradation, degradation 

of peatlands, industrial spills, or other factors; stimulate microbial activity (Nyman, 

1999).   

Essentially, the role of soil microorganism is desirable, especially this era of pollut ion 

explosion. Microbes' roles in biogeochemical cycling are desirable; the specific role of 

decontamination of a pollutant land (another form of chemical cycling) is also 

desirable. The analogue enrichment technique can be employed in the soil to 

circumvent the carbon-starved nature of soil environments.  

To contribute to this overarching problem, this study attempts to contribute to the 

knowledge on the matter with a hypothesis that natural components could aid 

decontamination of polluted land using microorganisms, analogue enrichment, and 

molecular biology techniques. Specifically, this study has shown that lignin-der ived 

phenols can influence the phylogenetic and functional genes of the microbia l 

population structures responsible for the degradation of vanillin in PAHs polluted 

urban soils. The bacteria implicated in this study are mostly Pseudomonas spp, 

Sphingomonas spp, Rhodococcus spp, Brevundinomanas spp, Sphingobium spp, and 

Bradyrhizobium spp. Moreover, these bacteria are implicated in aromatic degradation 

(Kastner et al., 1994; Mueller et al., 1997; Hopper and Mahadevan, 1997; Boon et al., 

2000; Dominy et al., 2006; Buckley et al., 2007; Schwart, 2007; Liou et al., 2008; 

Sudtachat, et al., 2009; Valderrama et al., 2012; Gutierrez et al. 2013); using RHDs’ 

~ Ring hydroxylating dioxygenases (Ensley, et al., 1982; Ensley and Gibson, 1983; 

Simon et al., 1993; Allen, et al., 1997; Priefert et al., 1997; Venturi et al., 1998; Narbad 

& Gasson, 1998; Larkin, et al., 1999). Therefore, vanillin in the presence of lignin-
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derived phenols can enhance the degradation of naphthalene (and PAH-mixtures in 

PAH-polluted urban soils.  
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CHAPTER FIVE  
  

GENERAL DISCUSSION, CONCLUSION AND RECOMMENDATION 

FOR FUTURE RESEARCH  

  

5.1 GENERAL DISCUSSION   

This study employed metagenomics procedures _ primarily high throughput 

sequencing technology (HTS), DNA stable isotope probing (DNA-SIP) and  

bioinformatics coupled with analogue enrichment techniques to test the hypothesis that 

naturally occurring plant phenols can have effect on the 16S rRNA genes profile of the 

bacterial population responsible for the degradation of naphthalene and other PAH-

cocktails in a PAH-contaminated urban soil (Tellus soil ~TS3). Relevant literatures 

were explored and aims/objectives designed in chapter one.  

In chapter 2, this study optimised conditions essential for two the major experiments 

found in chapter 3 and 4 of these experiments. Optimised conditions include 

monitoring natural degradation of vanillin in PAH-polluted soil (TS3 ~ see section 

2.8.1, Table 2.1) using spectroscopy, monitoring the rate of degradation of 1.2mM of 

vanillin substrate in PAH-polluted soil (TS3 ~ in section 2.8.3, figure 2.5), designing 

DNASIP experiment for vanillin using PAH-polluted soil collected from TS3 using 

the spectroscopy method in section 2.8.4 (figure 2.6), investigating the rate of 

degradation of 1.2mM vanillin substrate in the presence of PAH-mixtures using PAH-

polluted soil (TS3), using spectroscopy (in section 2.8.5, figure 2.7), designing DNA-

SIP experiment point for vanillin in the presence of PAHs-mixtures in soil collected 

from PAH-polluted soil from TS3 using spectroscopy (in section 2.8.7, figure 2.9), and 

generating of Beer-Lambert’s calibration curve to optimise microcosms for DNA-SIP  

(In sections 2.8.1, 2.8.6 and figures 2.2, 2.8).  

The experiment that investigated natural degradation of vanillin substrates (0.2mM) in  
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PAH-polluted soil, TS3 (in section 2.8.2) suggested that there is the ‘biodegradation 

potentials’ of aromatic compounds in the PAH-contaminated soil. A study by 

Cerniglia, (1984), corroborated this data. The study (Cerniglia, 1984), reported that, 

the ‘degradation potentials’ of the pollutant found in a particular soil, are present in the 

soil. Here, each 0.2mM of the vanillin substrates pulsed into the microcosms 

containing the polluted soil was relatively oxidised in 3hrs (figure 2.3). Although, an 

abiotic control for this experiment (please see figure 2.4); which investigated the effect 

of abiotic factors on the vanillin substrates (figure 2.3) showed disappearance of some 

of the vanillin substrates concentration incorporated at each time-point ~ when 

measured. The unaccounted vanillin substrates were little; however, this suggest that 

some of the vanillin substrates may have been stuck on the sterile glassware used, 

clogged in the soils or affected by abiotic factors. It is possible, as natural processes 

such as light (abiotic photo-oxidation) and UV radiations have been revealed to 

degrade vanillin and other lignin phenols in soils (Tamimi et al., 2016; Zhang et al., 

2016; Peikert et al., 2017; Steinmetz et al., 2019).  

In this experiment (2.8.2) it is likely that a single bacterial population in the PAH-

contaminated soil (TS3) has the potential of utilising vanillin substrates as energy 

source while removing the PAHs present in the soil. The other possible reaction 

happening in the microcosm is that two or more entirely different bacterial population 

(co-metabolism) may be involve in the complete disappearance of the vanill in 

substrates incorporated into the microcosm at each time-point.  It is crucial to note that 

the complete transformation of an organic compound by microorganisms in soil may 

require a single enzyme of some specific bacterial species or more. The initia l 

enzymatic attack on the target substrate may only transform the substrate into an 

intermediate compound, requiring a different type of enzyme from the same or 
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different organism to complete the process. For instance, if a microorganism that 

initially attacked a target substrate lacks the enzyme to act on the intermed ia te 

compound, the intermediate compound becomes bio-accumulated – thus, not  

bioavailable. This occurrence makes it challenging to detect the target substrate in the 

microcosm, and there will be no evidence of bacterial biomass incorporation 

(Alexander, 1999, Suthersan, 2001).  

Furthermore, relevant studies (Henderson, 1955, Kunc, 1971, Turner and Rice, 1975) 

have shown that plant phenolic especially, vanillin is utilised by bacterial populations 

as carbon source. This implies that vanillin in soil may stimulate microbial populations' 

growth. Also, the assumption that bacterial have utilised vanillin substrates in this 

experiment (2.8.2) is reflected in various studies. Essentially, studies have shown that 

vanillin has been in degraded in 21hours (Kunc, 1971), 24hours (Moira and Farmer,  

1955), 48hours (DeForest et al., 2004), 1-6days (Blum and Shafer, 1988), and 29days 

(Steinmetz et al., 2019) in various conditions. Overall, the experiment in section 2.8.2 

suggested vanillin degradation by autochthonous soil microorganisms present in TS3.  

Because of the peculiarity of SIP-experiments which seeks to understand the rate of 

degradation of any chosen test substrates (Neufield 2007, Neufield et al., 2010; 

Dunford and Neufield, 2010), the rate of degradation of vanillin substrates (the 

substrate used in this study), was determined in sections 2.8.3 (without PAHs) and 

2.8.5 (with PAH cocktails). Specifically, the experiments determined the rate of 

degradation of the 1.2mM vanillin test substrates with and without PAH cocktails. The 

importance of these experiments is that it influences the rate of incorporation of 

substrates into the microcosms and, also indicates the suitable time-point assumed to 

have sufficient incorporation of the minimum required target C per gram of soil into a 

microcosm ~ High-biomass containing samples such as soils: the acceptable range is 
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between 5 – 500 µmol C per gram of soil. While the acceptable range for less biomass 

containing samples such as aquatic samples is 1 – 100 µmol C per litre.  

 (Neufield 2007, Neufield et al., 2010; Dunford and Neufield, 2010).  

Moreover, an average of 15% of the 1.2mM vanillin substrate was depleted every 

12hrs in conditions without PAH cocktails (please refer to section 2.8.3). The 

degradation of vanillin substrates in this experiment started almost immediately. The 

rate of degradation kept increasing with time. The reaction got to a point where it 

stopped ~ suggesting kinetic stability. At the end of the 72hrs (3-days) incubation, 

more than 98% of the 1.2mM vanillin substrate in the microcosms without PAHs was 

depleted. In contrast, microcosms with PAH-mixtures (section 2.8.5), indicated that an 

average of 14% of the 1.2mM vanillin substrate were depleted every 12hrs. However, 

only about 70% of the 1.2mM vanillin substrate pulsed into these microcosms with 

PAHs; was depleted after 72hrs incubation (3-days). Though degradation of the 

vanillin substrate in the microcosms with PAHs was observed not to have commenced 

after the first pulse (unlike microcosms without PAHs), utilisation of the substrate was 

noted in the second pulse ~ an observation which kept increasing.   

This observation is possible, considering how the microbial growth curve works under 

suitable conditions. Microorganisms in the microcosms with PAH-admixtures may 

likely be adjusting to the PAH-presence, likely found to have inhibitory effects on their 

proliferation (Johnson et al., 2005). Essentially, various compounds analogous to each 

other were used as substrates to facilitate microbial removal of unwanted materials in 

soils (Alexander, 1999; Boonchan et al., 2000; Suthersan, 2001; Jones, 2006,  

Singleton et al. 2008; Pumphrey and Madsen, 2008; Jones et al., 2008; Rinnan et al., 

2013; Steinmetz et al., 2019). Overall, vanillin substrates have been oxidised in both 

conditions. However, it is crucial to point here that traces of vanillin could be lost 



 

183  

  

through abiotic factors and some stuck to the glassware used or even get clogged in 

soil pores.  

Furthermore, DNA-SIP microcosms were designed in sections 2.8.4 (without PAH 

mixtures) and 2.8.7 (with PAH – mixtures). These experiments were designed to 

determine the time-points which the required concentration of carbon per gram of soil 

was incorporated in the microcosms as outlined in key studies (Neufield 2007, 

Neufield et al., 2010; Dunford and Neufield, 2010). In these experiments, the 

minimum targeted carbon concentration of vanillin incorporated per gram of soil (≥ 

100µmol) in a 2mL final volume was achieved in the 204hr (8.5days) for microcosms 

without PAHs. In contrast, the microcosms with PAH cocktails achieved this 

incorporation in the 216hr (9days) ~ relatively 12hrs difference. However, in agreement 

with crucial DNA-SIP studies (Radajewski et al., 2002, 2003); which outlined the 

importance of allowing an extended incubation in order to allow the active degraders 

to metabolise even intermediate products of the substrates and synthesise 13C-

signatures sufficient for other downstream analysis, avoid nucleic acids smearing and, 

to allow exact resolution of linking function with the phylogenetic identity of the 

functional microbes. Therefore, the DNA-SIP microcosms of this current research 

were incubated (as seen in chapter 3 and 4) for a maximum of 35days, broken down 

into five time-points (7days each).  

Furthermore, this study was able to convert absorbance to concentration ~  

spectroscopy (please see section 2.8.1 and 2.8.6) as carried out by several studies using 

straight- line equation derived from Beer-Lambert’s calibration graph (y=mx+c) 

(Reilley and Sawyer, 1961, Swinehart, 1962, Pease, B.F.1980, Pungor, E. 1992, Ahuja 

and Jespersen, 2006, Skoog, et al., 2017). Using the relation y=mx+c,  Y = absorbance, 
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m = slope, x = concentration, and C = intercept on y-axis. The straight- line equation 

derived from microcosms (2.8.1) without PAHs was y = 13x – 0.3 and with r2 = 0.9826.  

While the straight- line equation generated from the Beer-Lambert’s calibration graph 

of microcosms with PAH cocktails y = 0.875x + 0.63, with an r2 = 0.9997. Here, the 

use of spectroscopy to convert absorbance to concentration as reported by the studies 

was validated.  

The experiment in chapter 3 suggested that vanillin can have effects on the bacterial 

population responsible for the degradation of naphthalene and other PAH-admixtures 

in PAHs-polluted urban soils collected from the selected TS3 using metagenomics 

procedures (aforementioned). To achieve this, 13C test microcosms in this chapter 

were designed into two (A and B) against a 12C-control (AB). Test microcosm A 

contained 13C-vanillin and 12C-naphthalene and other 12C PAH-cocktails _ to 

determine the bacteria growing on vanillin substrates in the presence of PAH cocktails.  

While the test microcosm B having 13C-naphthalene, 12C vanillin and 12C PAH 

cocktails investigated the microcosms growing on naphthalene in the presence of plant 

phenol (vanillin) and PAH-mixtures. The essence is to investigate whether the 

bacterial population growing on vanillin substrates are like those growing on 

naphthalene.   

This study (chapter 3) implicated several microorganisms majorly from the phyla 

Proteobacteria, Actinobacteria and Terrabactecria. Moreover, bacteria from these 

phyla are known for their aromatic compounds’ degradation potentials (Dominy et al. 

2006, Liou et al. 2008, Valderrama et al. 2012).  Specifically, the bacterial genera 

implicated are Pseudomonas spp, Rhodococcus spp, Sphingomonas spp, Sphingobium 
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spp, Bradyrhizobium spp, and Brevundimonas spp. The bacteria with the highest 

relative abundance in this chapter is Pseudomonas spp (averagely 25%),  

Brevundimonas spp (4%), and Sphingobium spp (3%). Though Sphingomonas spp, Rhodococcus 

spp, and Bradyrhizobium spp were established, but not in a large quantity.  

Furthermore, the functional genes employed by these microbes giving them the ability 

to attenuate lignin-derived phenols, naphthalene and PAH-admixtures were explored. 

These genes were compared among the diverse bacterial population. Reports from 

studies (Cerniglia, 1992; Peng et al., 2008; Seo et al., 2009; Lu et al., 2011; Mallick et 

al., 201) have reported that only bacterial populations that have specific gene 

producing ring hydroxylation oxygenases can degrade aromatic compounds. The 

nahAa alpha subunits of the NDO were analysed in the metagenomes. Choice of this 

gene subunits was because they are associated with PAH-degradation. Specifically, are 

widely found in Gram negative bacteria (e.g., Pseudomonas spp.) and their proteins 

are well studied. This study chose Pseudomonas putida as a representative because 

studies have shown that the first nahAa genes were isolated from Pseudomonas 

(Ensley, et al., 1982; Ensley and Gibson, 1983; Simon et al., 1993; Priefert et al., 1997;  

Venturi et al., 1998; Narbad & Gasson, 1998; Larkin, et al., 1999). A key study by 

Allen, et al., (1997), also first isolated these genes in Rhodococcus spp., with c40% 

amino acid homology.  

The bacterial sequences identified for naphthalene dioxygenase nahAa genes were 

found in this study (chapter 3). The nahAa genes bacterial sequences identified in the 

test microcosm A (having 13C-vanillin and 12C-PAH cocktails) is higher than the 

naphthalene dioxygenase nahAa genes found in the test microcosm B (containing 13C 

naphthalene, 12C~vanillin and other PAH mixtures). Although, the test microcosm B 

showed fewer nahAa genes bacterial sequences, yet the few ones identified were larger 
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in size (contigs) compared to A.  Even DNA genomes from the original soil sample 

(inoculum) showed higher bacterial sequence of naphthalene dioxygenase nahAa 

genes than B. This implies that vanillin 13C signatures were much more generated at 

this time-point (35days) than the 13C signatures for naphthalene. It is possible because 

vanillin is relatively oxidised than naphthalene and other PAHs ~ likely to their 

recalcitrance, and toxicity. Overall, study in this chapter 3, suggests that vanillin can 

have influence on the bacterial population responsible for the degradation of 

naphthalene and other PAH-admixtures to produce molecular potentials (NDO) 

degrading naphthalene and other PAH-admixtures in PAHs-polluted urban soils TS3 

_ Thus, this study’s hypothesis stands.  

Chapter 4 validated that phenolic mixtures can influence the phylogenetic and 

functional genes of the diverse bacterial population degrading vanillin in PAH-

contaminated TS3. To achieve this, experiments were broken down into two (E & F) 

in this chapter. Test experiment E, is to determine the bacterial population degra ding 

13C –vanillin substrates in a PAH-contaminated soil (TS3), also believed to have some 

plant phenols ~biogeochemical cycles. While test experiment F also contained the 13C 

vanillin but with 12C-phenolic mixtures ~ not relying on the phenolic mixtures 

assumed to be present in the PAH-contaminated soil following natural and biologica l 

cycles. The aim of F is to determine the influence of the phenolic mixtures on the 

degradation of vanillin; following the thought that compounds occurs in matrices in  

soil.  

The bacteria both experiment E and F (chapter 4) include Pseudomonas spp, 

Rhodococcus spp, Sphingomonas spp, Sphingobium spp, Bradyrhizobium spp, and 

Brevundimonas spp. These bacteria belong to the same phyla found in chapter3, and 

also known for their aromatic compounds' degradation potentials (Dominy et al., 2006, 
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Liou et al., 2008, Valderrama et al., 2012).  In terms of relative abundance of the 

bacterial sequence assembled, this chapter revealed Pseudomonas spp with the highest 

(averagely 25%), Brevundimonas spp (4%), and Sphingobium spp (3%). However, the 

presence of Sphingomonas spp, Rhodococcus spp, and Bradyrhizobium spp were 

established, but not in large quantity. Specifically, and in terms of relative abundance 

of bacterial assembled gene fragments, the test microcosm E (figure 4.10) showed 

Bradyrhizobium spp is 13%, Brevundinomanas spp (0.04%), Sphingobium spp are  

0.07% Rhodococcus spp (0.01%). There were no Pseudomonas spp in microcosm E. 

In contrast, test microcosm F(figure 4.12) presented these bacterial assembled gene 

fragments in this order;  Bradyrhizobium spp is 15%, Pseudomonas spp is 4%, 

Rhodococcus spp (0.3%), Sphingomonas spp (0.2%),  Brevundinomanas spp are 

0.03%,  and Sphingobium spp (0.1%).  

Though studies (Dominy et al., 2006, Liou et al., 2008, Valderrama et al., 2012) have 

reported common bacterial population (Pseudomonas spp, Rhodococcus spp, 

Sphingomonas spp, Sphingobium spp, Bradyrhizobium spp) associated with aromatic 

degradation, however, this study in chapter 4 identified Bradyrhizobium spp 

(averagely 14%) as the most dominant/stimulated bacterial specie followed by the 

usual Pseudomonas spp (4%) which reflected only in test microcosm F. 

Bradyrhizobium has been shown to utilize phenolic substances as carbon source 

(Hopper and Mahadevan, 1997). The bacterial specie utilises catechin, using catechin 

oxygenase to give rise to phloroglucinolcarboxylic acid and protocatechuic acid. 

However, because the same group of bacterial population identified in chapter 3 are 

the similar to the ones identified in this chapter 4; it means that the same group of 

bacteria degrading naturally occurring plant phenols are the same group of bacterial 
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population metabolising naphthalene and PAH-admixtures in a PAH-polluted soil 

sample. The only exception is the relative abundance of these bacteria.   

Clearly, the experiment in chapter 4 did not reveal the presence of naphthalene 

catabolic nahAa genes subunits; except for the inoculum (DNA genomes from the 

original soil sample) which showed the presence of these genes. The test microcosms 

E and F did not show the presence of any of these genes. In a broader picture, recall 

the inoculum and experiment in chapter 3 presented these genes. Now, it is possible to 

say that the survival instincts employed by bacterial population relies on the 

compounds found in their 'microenvironment'; as biodegradation potentials of 

compounds found in a soil environment are generated by the indigenous bacterial 

population found in that soil (Cerniglia, 1984).   

Conclusively, the microbiology of the PAH-polluted soil investigated in this thesis 

suggest that natural components such as lignocellulose can enhance degradation 

potentials of the autochthonous bacterial communities on PAHs, especially in 

PAHpolluted soils such as the Niger Delta and the Tellus urban sites.  

5.2 CONCLUSION/SUMMARY OF FINDINGS    

Following the data of this entire project, this thesis deduced the following:   

i. For the experiment in chapter 3, there is evidence that the bacterial population 

growing on vanillin can also grow on naphthalene in the presence of PAH-

admixtures in the PAHs-polluted urban soils collected from TS3 in a 35day 

incubation. These bacteria are primarily from the Proteobacteria, 

Actinobacteria and Terrabactecria phyla. Specifically, these bacteria are 

Sphingomonas spp, Sphingobium spp, Bradyrhizobium spp, and 

Brevundimonas spp. The most prevalent bacteria are Pseudomonas spp is (with 
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an average of 25%). Others are Bradyrhizobium (3.5%) and Sphingobium spp 

(3%).   

ii. There is evidence that lignin-derived phenols (vanillin) can influence the 

bacterial population responsible for the degradation of naphthalene and other 

PAH-admixtures in PAHs-polluted urban soils collected from TS3 in a 35day 

incubation (also chapter 3). Mostly from the Proteobacteria, Actinobacteria 

and Terrabactecria phyla. Specifically, the bacteria genera include 

Pseudomonas spp is 31%, Brevundinomanas spp are 5%,  Sphingobium spp 

(3%), Sphingomonas spp (0.5%), Bradyrhizobium spp (0.06%), and 

Rhodococcus spp (0.01%). While Pseudomonas spp is the most prevalent in 

these microcosm conditions (31%), the lowest prevalent is Rhodococcus spp 

(0.01%).   

iii. There is evidence that vanillin is readily oxidised by autochthonous bacterial 

communities in the PAH-contaminated Tellus urban soil (3) in a 35day 

incubation as seen in chapter 4. Bacterial phyla implicated are Proteobacteria, 

Actinobacteria and Terrabactecria. Specifically, the active aerobic degraders 

of vanillin in the PAHcontaminated urban soil include Bradyrhizobium spp, 

Brevundinomanas spp, Sphingobium spp, and Rhodococcus spp.   

iv. Chapter 4 also showed evidence that vanillin is oxidised in the presence of 

phenolic mixtures by the autochthonous bacterial communities in the PAH-

contaminated TS3 in a 35day incubation. The implicated bacterial phyla are 

like those capture in iii. above. This study validated that phenolic-admixtures 

cannot influence the phylogenetic and functional genes of the diverse bacterial 

populations degrading vanillin in PAH-contaminated Tellus urban soil. 
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However, the relative abundance varied slightly. Specifically, the test 

microcosm F(figure 4.12) presented these bacterial assembled gene fragments 

in this order;  Bradyrhizobium spp is 15%, Pseudomonas spp is 4%, 

Rhodococcus spp (0.3%), Sphingomonas spp (0.2%), Brevundinomanas spp 

are 0.03%,  and Sphingobium spp (0.1%).   

v. This study's data has therefore validated the metagenomics procedures (DNA 

stable isotope probing, Nova sg 6000 ~HTS Illumina sequencing, and 

bioinformatics tools~ Kaiju, Hmmer and Krona) employed in this study.  

vi. Data produced by this study can now pave the way for further bacterial studies. 

This is because enormous geochemical and geophysical data generated from 

the Tellus Survey project, which lacked a bacterial ecology study. Again, this 

study can influence the choice of bioremediation technique to be employed on 

these sites when the need arises 

 

5.3 RECOMMENDATION FOR FUTURE RESEARCH   

Following the entire work in this study, the under listed recommendations are made:   

i A more extended incubation is recommended. This is to enable the  

autochthonous microbes to produce a higher concentration of DNA signatures for the 

metagenomics procedures (DNA stable isotope probing, Nova sg 6000 ~HTS Illumina 

sequencing, and bioinformatics tools~ Kaiju, Hmmer and Krona) employed in this 

study.  

ii This study further suggests that lignin-derived admixtures be incorporated into 

the microcosms in chapter 5 in addition to the PAH-admixtures. This thought 

is because lignin-derived admixtures, which are also natural components found 
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in soil, could facilitate naphthalene and vanillin degradation in the PAH-

polluted Tellus soil samples. Clearly, we have seen how lignin-derived phenols 

enhance vanillin enrichment in chapter 6.   

iii. Gas Chromatography Mass Spectrometry (GC-MS) can the employed the ascertain 

the exact concentration of the vanillin substrates utilised by the bacterial population.   
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TP(Hrs)  SI  

(Hrs)  

SI  

 

Conc. After initial spiking  

(mM)  

Actual conc. 3hrs before 

spiking (mM)  

1  0  2.4  2.5  2.5  0.21  0.22  0.22  
2  3  0.4  2  1.50  1.7  0.18  0.14  0.15  

3  6  0.6  0.4  0.3  0.1  0.05  0.05  0.03  
4  9  0.8  0.5  0.3  0.5  0.06  0.05  0.06  

5  12  1  0.3  0.3  0.4  0.05  0.05  0.05  
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6  15  1.2  0.1  0.1  0.2  0.03  0.03  0.04  
7  24  1.4  0.5  0.4  0.4  0.06  0.05  0.05  

8  27  1.6  0.1  0  0.1  0.03  0.02  0.03  
9  30  1.8  0  0  0  0.02  0.02  0.02  

10  33  2  0.1  0  0  0.03  0.02  0.02  
11  36  2.2  0.2  0.2  0.3  0.04  0.04  0.05  
12  39  2.4  0.1  0.2  0.1  0.03  0.04  0.03  

13  48  2.6  0  0.1  0  0.02  0.03  0.02  
14  51  2.8  0.6  0.6  0.5  0.07  0.07  0.06  

15  54  3  0.2  0.1  0.1  0.04  0.03  0.03  
16  57  3.2  0.4  0.5  0.4  0.05  0.06  0.05  

  

APPENDICES  

Vanillin initial Concentration measurements before incorporation  

  

Vanillin Concentration measurements after initial incorporation  

  

TP(Hrs) SI SI Conc. After initial spiking Actual conc. 3hrs Time (Hrs) Control 

(conc.) Conc.(mM ) Conc. Conc. before spiking (mM)  

1 0  
conc.

0.2
 
  2.4  2.5  2.5  0.21  0.22  0.22  

2 0  3  1.2 0.4  1.23.1   1.23   3.41.2   0.26  0.25  0.28  

3 12  6  1.2 0.6  1.143.1   1.112.5   2.61.14   
 0.26  0.22  0.22  

4 24  9  1.2 0.8  0.933.1   13   3 0.9  0.26  0.25  0.25  

5 36  12  1.2 1  0.783   0.83.3   3.40.76    0.25  0.28 
 0.28  

6 48  15  1.2 1.2  0.632.6   0.662.7   2.70.64   
 0.22  0.23  0.23  

7 60  24  1.2 1.4  0.33.6   0.413.2   3.50.33    0.30 
 0.27  0.29  

8 72  27  1.2 1.6  0.033.4   0.043.5   3.50.02   
 0.28  0.29  0.29  

9 30  1.8  2.3  2.3  2.3  0.20  0.20  0.20  

10 33  2  2  2.3  2.1  0.18  0.20  0.18  

11 36  2.2  2.6  2.6  2.7  0.22  0.22  0.23  

12 39  2.4  3.3  3.4  3.3  0.28  0.28  0.28  

13 48  2.6  2.4  2.5  2.4  0.21  0.22  0.21  

14 51  2.8  3.1  3.1  3  0.26  0.26  0.25  

15 54  3.0  2.6  2.5  2.5  0.22  0.22  0.22  

16 57  3.2  2.8  2.9  2.8  0.24  0.25  0.24  
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Vanillin only Optimisation:  

  

  

  

  

  

  

  

  

  

  

  

  

Vanillin + Polycyclic Aromatic Optimisation:  

  

Time  Control 

conc.  

Conc.  Conc.  Conc.  

0  1.2  1.2  1.2  1.2  

12  1.2  1.2  1.16  1.19  

24  1.2  1.14  1.1  1.12  

36  1.2  1.02  0.99  1  

48  1.2  0.79  0.71  0.76  

60  1.2  0.45  0.4  0.43  

72  1.2  0.16  0.11  0.13  
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Vanillin only: Targeting 100 µmole concentration of vanillin  

 
Time  Control Conc.  Conc.  Conc. conc.  

 
 0  1.2  1.2  1.2  1.2  

 12  1.2  1.16  1.13  1.12  

 24  1.2  0.92  1.02  1  

 36  1.2  0.8  0.78  0.76  

 48  1.2  0.61  0.59  0.6  

 60  1.2  0.32  0.29  0.31  

 72  1.2  0.03  0.02  0.03  

 84  1.2  1.23  1.22  1.23  

 96  1.19  1.11  1.1  1.1  

 108  1.19  0.84  0.78  0.79  

 120  1.19  0.51  0.48  0.48  

 132  1.19  0.02  0.03  0.01  

 144  1.18  1.22  1.23  1.21  

 156  1.18  0.92  0.9  0.89  

 168  1.18  0.6  0.59  0.58  

 180  1.18  0.01  0.01  0.03  

 192  1.17  1.21  1.21  1.23  

 204  1.17  0.4  0.3  0.4  

 216  1.17  0.01  0.02  0.03  
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Vanillin + PAHs: Targeting 100µmole concentration of vanillin  

 
 0  1.2  1.2  1.2  1.2  

 12  1.2  1.2  1.16  1.19  

 24  1.2  1.14  1.1  1.12  

 36  1.2  1.02  0.99  1  

 48  1.2  0.79  0.71  0.76  

 60  1.2  0.45  0.4  0.43  

 72  1.19  0.16  0.11  0.13  

 84  1.19  1.34  1.31  1.32  

 96  1.19  0.63  0.58  0.61  

 108  1.18  0.31  0.28  0.3  

 120  1.18  0.05  0.04  0.04  

 132  1.18  1.25  1.24  1.24  

 144  1.18  1.03  1  1  

 156  1.18  0.65  0.63  0.62  

 168  1.17  0.29  0.28  0.3  

 180  1.17  0.04  0.04  0.03  

 192  1.17  1.24  1.24  1.23  

 204  1.17  0.88  0.86  0.84  

 216  1.17  0.53  0.51  0.51  
 228  1.17  0.09  0.08  0.07  

 
            

  

  

  

  

  

  

  

  

  

Time    Control  

conc.   

Conc.   Conc.   Conc.   
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DNA-SIP Major Projects:  

Densit 

y  
A -  

DNA  

Conc 

.  

B –  

DNA  

Conc 

.  

Conc 

. –  

DNA  

Conc 

.  

EDensit 

y  
E-  

DNA  

Conc 

.  

EContro 

l DNA 

Conc.  

FDensit 

y  
F-  

DNA  

Conc 

.  

FContro 

l DNA 

Conc.  

1.77  0.1  0.11  0  1.781  0.16  0.1  1.77  0.2  0.01  

1.759  0.12  0.19  0.1  1.77  0.56  0.22  1.759  0.22  0.03  

1.758  0.13  0.28  0.13  1.769  0.93  0.51  1.758  0.26  0.05  

1.749  0.85  0.99  0.56  1.759  1.99  0  1.749  0.9  0.07  

1.735  3  5.3  0.21  1.749  2.56  0.77  1.735  4.67  0.48  

1.727  5  8.6  0.51  1.735  8.9  0.87  1.727  42  0.82  

1.726  25  18  0.78  1.727  34  0.89  1.726  75  0.92  

1.725  17  10.6  0.99  1.726  25  0.98  1.725  2  0.99  

1.716  2.55  6.9  4.44  1.716  2.65  4.56  1.716  4.22  13  

1.715  9.6  20  13  1.71  10  22  1.715  22  34  

1.705  1  1.71  1.29  1.705  1.24  2.23  1.705  0.94  5.9  

1.606  0.56  1.02  1.04  1.662  0.22  0.88  1.606  0.3  1.64  

1.77  0.1  0.11  0  1.781  0.16  0.1  1.77  0.2  0.01  
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Standard data graph presenting amplification of SIP fraction samples (fraction 4 to 9) 

at real time  
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Standard curve for bacterial 16S rRNA qPCR run. Shows 5-log dilution standards 

used in triplicates. qPCR efficiency (E-value) was 96% value, r2 > 0.999 and slope is 

4.01.  
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Melting curve temperature mostly at 80 oC which separates between the specific 

amplicons and unspecific SybrGreen signals such as primer dimers.    

  

  

  

  

  

  

  

  

  

  

  

  

QPCR raw data  
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Well / Set  Dye  Content  Description  Efficiency  C(t)  copy/mcl   Avg C(t)   Max C(t)  

                     

                     

A1  SBG1  Standard  STD   59.22%   14.58  2.99E+08       

A2  SBG1  Standard  STD   63.11%   14.11  2.99E+08       

A3  SBG1  Standard  STD   67.47%   14.26  2.99E+07       

A4  SBG1  Standard  STD   59.88%   14.5  2.99E+07       

A5  SBG1  Standard  STD   81.03%   13.79  2.99E+06       

A6  SBG1  Standard  STD   81.75%   13.7  2.99E+06       

A7  SBG1  Standard  STD   66.13%   14.05  2.99E+05       

A8  SBG1  Standard  STD   75.09%   13.81  2.99E+05       

A9  SBG1  Standard  STD   62.90%   13.96  2.99E+04       

A10  SBG1  Standard  STD   83.45%   13.59  2.99E+04       

A11  SBG1  Sample  A5   75.77%   14.65  2.32E+27     2.27E+27  

A12  SBG1  Sample  A5   54.04%   14.62  2.21E+27       

B1  SBG1  Sample  A6   20.11%   20.24  3.86E+27     3.88E+27  

B2  SBG1  Sample  A6   28.04%   19.59  3.89E+27       

B3  SBG1  Sample  A7   76.07%   12.43  3.88E+28     1.94E+28  

B4  SBG1  Sample  A7   79.17%   12.52  3.01E+23       

B5  SBG1  Sample  A8   81.97%   12.99  1.18E+28     1.18E+28  

B6  SBG1  Sample  A8  N/A  N/A         

B7  SBG1  Sample  A9  59.84%  13.55  2.54E+19     1.94E+27  

B8  SBG1  Sample  A9  64.14%  13.28  3.88E+27       

B9  SBG1  Sample  A10  70.19%  11.59  2.51E+22     6.98E+27  

B10  SBG1  Sample  A10  66.48%  11.39  1.40E+28       

B11  SBG1  Sample  A11  61.86%  20.5  3.88E+26     3.88E+26  

B12  SBG1  Sample  A11  68.14%  23.03  3.88E+26       

C1  SBG1  Sample  B5  66.86%  63.75  3.92E+27     3.94E+27  

C2  SBG1  Sample  B5  54.12%  53.3  3.96E+27       

C3  SBG1  Sample  B6  62.36%  12.76  4.52E+23     5.82E+27  
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C4  SBG1  Sample  B6  62.23%  12.72  1.16E+28       

C5  SBG1  Sample  B7  78.07%  12.48  1.36E+28     1.36E+28  

C6  SBG1  Sample  B7  69.35%  12.24  1.35E+28       

C7  SBG1  Sample  B8  14.56%  21.68  1.28E+28     6.40E+27  

C8  SBG1  Sample  B8  49.84%  13.61  4.06E+04       

C9  SBG1  Sample  B9  33.93%  16.77  1.91E+17     4.66E+27  

C10  SBG1  Sample  B9  42.96%  13.38  9.31E+27       

C11  SBG1  Sample  B10  63.64%  11.08  1.55E+28     1.55E+28  

C12  SBG1  Sample  B10  63.21%  11.45  1.55E+28       

D1  SBG1  Sample  B11  63.55%  15.37  1.35E+27     1.16E+27  

D2  SBG1  Sample  B11  52.04%  14.77  9.72E+26       

D3  SBG1  Sample  AB-C5  42.12%  21.72  1.52E-01     1.43E-01  

D4  SBG1  Sample  AB-C5  52.77%  21.49  1.33E-01       

D5  SBG1  Sample  AB-C6  64.74%  17.36  3.52E-01    2.84E-01  

D6  SBG1  Sample  AB-C6  47.84%  18.12  2.16E-01      
D7  SBG1  Sample  AB-C7  54.92%  18.1  3.88E+26    3.88E+26  

D8  SBG1  Sample  AB-C7  63.06%  18.57  3.88E+26      
D9  SBG1  Sample  AB-C8  76.34%  16.89  4.71E+26    5.82E+26  

D10  SBG1  Sample  AB-C8  49.87%  16.46  6.92E+26      
D11  SBG1  Sample  AB-C9  9.89%  25.4  3.49E+27    3.49E+27  

D12  SBG1  Sample  AB-C9  25.70%  21.49  3.49E+27      
E1  SBG1  Sample  AB-C10  62.24%  14.44  1.01E+28    1.00E+28  

E2  SBG1  Sample  AB-C10  38.57%  15.24  9.90E+27      
E3  SBG1  Sample  AB-C11  61.20%  14.76  9.68E+26    9.70E+26  

E4  SBG1  Sample  AB-C11  45.22%  15.37  9.72E+26      
E5  SBG1  Sample  E5  31.74%  16.21  1.56E+34    1.28E+34  

E6  SBG1  Sample  E5  66.01%  14.89  1.00E+34      
E7  SBG1  Sample  E6  71.00%  14.54  4.73E+35    4.73E+35  

E8  SBG1  Sample  E6  60.35%  14.31  4.93E+34      
E9  SBG1  Sample  E7  88.65%  12.25  2.55E+36    1.28E+36  

E10  SBG1  Sample  E7  86.33%  12.35  1.89E+32      
E11  SBG1  Sample  E8  55.25%  13.18  1.79E+35    1.79E+35  

E12  SBG1  Sample  E8  50.99%  13.06  1.79E+35      
F1  SBG1  Sample  E9  63.48%  15.49  1.08E+34    1.28E+34  

F2  SBG1  Sample  E9  69.65%  15.28  1.48E+34      
F3  SBG1  Sample  E10  67.81%  12.32  4.35E+35    4.35E+35  

F4  SBG1  Sample  E10  68.40%  12.64  4.35E+35      
F5  SBG1  Sample  E11  58.04%  17.1  2.17E-02    2.14E-02  

F6  SBG1  Sample  E11  54.53%  17.01  2.11E-02      
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F7  SBG1  Sample  EC5  59.64%  16.23  1.50E-02    1.70E-02  

F8  SBG1  Sample  EC5  40.66%  19.69  1.90E-02      
F9  SBG1  Sample  EC6  59.97%  16.43  3.40E-02    4.55E-02  

F10  SBG1  Sample  EC6  72.74%  15.71  5.70E-02      
F11  SBG1  Sample  EC7  55.78%  18.91  5.10E-01    4.90E-01  

F12  SBG1  Sample  EC7  59.26%  15.76  4.70E-01      
G1  SBG1  Sample  EC8  32.18%  22.33  7.90E-01    6.75E-01  

G2  SBG1  Sample  EC8  33.32%  22.26  5.60E-01      
G3  SBG1  Sample  EC9  40.91%  16.68  8.96E+34    8.96E+34  

G4  SBG1  Sample  EC9  56.23%  15.95  8.96E+34      
G5  SBG1  Sample  EC10  54.94%  14.55  2.00E+35    2.05E+35  

G6  SBG1  Sample  EC10  46.74%  14.34  2.10E+35      
G7  SBG1  Sample  EC11  57.99%  17.22  1.26E+34    1.28E+34  

G8  SBG1  Sample  EC11  68.49%  17.56  1.30E+34      
G9  SBG1  Blank  BNK1  59.96%  22.36  2.11E-01    1.92E-01  

G10  SBG1  Blank  BLNK2  63.47%  21.33  1.72E-01      

  

  

  

  

  

Well /         

Set  Dye  Content  Description  Efficiency  C(t)  copy/mcl  Avg C(t)  

                 

                 

A1  SBG1  Standard  STD  114.63%   13.04  2.99E+08    

A2  SBG1  Standard  STD  111.59%   11.3  2.99E+08    

A3  SBG1  Standard  STD  229.36%   11.76  2.99E+07    

A4  SBG1  Standard  STD  59.18%   8.99  2.99E+07    

A5  SBG1  Standard  STD  117.67%   11.05  2.99E+06    

A6  SBG1  Standard  STD  294.37%   12.32  2.99E+06    

A7  SBG1  Standard  STD  77.69%   10.09  2.99E+05    

A8  SBG1  Standard  STD  52.24%   11.31  2.99E+05    

A9  SBG1  Standard  STD  29.45%   10.51  2.99E+04    

A10  SBG1  Standard  STD  175.99%   13.06  2.99E+04    

A11  SBG1  Sample  F5  100.13%   8.99  1.34E+28  2.64E+30  

A12  SBG1  Sample  F5  60.58%   13.43  5.27E+30    



 

259  

  

B1  SBG1  Sample  F6  42.62%   9.16  2.24E+31  2.24E+31  

B2  SBG1  Sample  F6  84.41%   2.38  2.24E+31    

B3  SBG1  Sample  F7  78.98%   4.65  1.32E+32  1.32E+32  

B4  SBG1  Sample  F7  46.90%   5.95  1.32E+36    

B5  SBG1  Sample  F8  96.43%   7.56  2.00E+31  2.37E+31  

B6  SBG1  Sample  F8  8.44%   5.84  2.74E+31    

B7  SBG1  Sample  F9  5.27%   25.21  2.46E+30  2.46E+30  

B8  SBG1  Sample  F9  N/A  N/A      

B9  SBG1  Sample  F10  74.72%  6.02  8.00E+25  4.49E+31  
B10  SBG1  Sample  F10  44.80%  3.51  8.98E+31    

B11  SBG1  Sample  F11  105.34%  17.74  3.23E-01  2.32E-01  
B12  SBG1  Sample  F11  16.62%  11.67  1.40E-01    

C1  SBG1  Sample  FC5  42.53%  15.77  2.10E-01  1.05E-01  
C2  SBG1  Sample  FC5  27.13%  2.71  4.65E-04    

C3  SBG1  Sample  FC6  67.23%  13.26  1.58E-01  1.69E-01  
C4  SBG1  Sample  FC6  148.48%  12.36  1.80E-01    

C5  SBG1  Sample  FC7  57.65%  15.82  1.72E-01  1.50E-01  
C6  SBG1  Sample  FC7  61.72%  13.64  1.28E-01    

C7  SBG1  Sample  FC8  47.47%  13.35  1.32E+30  1.32E+30  
C8  SBG1  Sample  FC8  18.35%  10.35  1.32E+30    

C9  SBG1  Sample  FC9  26.54%  7.09  7.00E+30  7.92E+30  
C10  SBG1  Sample  FC9  117.78%  8.64  8.84E+30    

C11  SBG1  Sample  FC10  34.78%  65.53  4.08E+30  2.64E+31  
C12  SBG1  Sample  FC10  157.91%  71.04  4.88E+31    

D1  SBG1  Sample  FC11  34.36%  9.19  1.71E+31  1.71E+31  
D2  SBG1  Sample  FC11  24.64%  4.21  1.72E+31    

D3  SBG1  Blank  BLK1  23.09%  10.64  8.40E-01  6.75E-01  



 

 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample      80  

 SBG1  Sample      80  
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D4   SBG1  Blank  BLK1  61.13%  16.93  5.10E-01    

Well / Set  Dye  Content  Description  FWHM  

(-dI/dT 

max)  

Tm (dI/dT 

max)  

               

               

A1  SBG1  Standard  STD   1.988  0.04305  80  

A2  SBG1  Standard  STD   2.267  0.04964  80  

A3  SBG1  Standard  STD   2.159  0.05846  80  

A4  SBG1  Standard  STD   2.189  0.04805  80  

A5  SBG1  Standard  STD   2.281  0.06063  80  

A6  SBG1  Standard  STD   2.34  0.06379  80  

A7  SBG1  Standard  STD   2.261  0.0654  80  

A8  SBG1  Standard  STD   2.236  0.06663  80  

A9  SBG1  Standard  STD   2.113  0.05525  80  

A10  SBG1  Standard  STD   2.136  0.068  80  

A11  SBG1  Sample  A5   2.532  0.04231  85  

A12  SBG1  Sample  A5   2.198  0.04428  85  

B1  SBG1  Sample  A6   5.146  0.01801  80  

B2  SBG1  Sample  A6   5.134  0.02333  80  

B3  SBG1  Sample  A7   2.82  0.03668  80  

B4  SBG1  Sample  A7   2.777  0.03798  80  

B5  SBG1  Sample  A8   3.336  0.03989  80  

B6  SBG1  Sample  A8   3.677  0.04104  85  

B7  SBG1  Sample  A9   2.784  0.04149  80  

B8  SBG1  Sample  A9   3.43  0.05006  80  

B9  SBG1  Sample  A10   2.289  0.05182  80  



 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample        

 SBG1        

 SBG1        

 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample      80  

 SBG1  Sample      80  
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B10  SBG1  Sample  A10   2.264  0.05556  80  

B11  SBG1  Sample  A11   5.717  0.02114  80  

B12  SBG1  Sample  A11   6.255  0.0165  80  

C1  SBG1  Sample  B5   2.429  0.03766  85  

C2  SBG1  Sample  B5   2.725  0.04356  85  

C3  SBG1  Sample  B6   2.712  0.04157  85  

C4  SBG1  Sample  B6   2.589  0.03983  80  

C5  SBG1  Sample  B7   2.872  0.03552  80  

C6  SBG1  Sample  B7   3.172  0.04051  80  

C7  SBG1  Sample  B8   5.006  0.01988  80  

C8    B8   2.456 0.03442 80 

C9    B9   4.614 0.02499 80 

C10    B9   2.859 0.03697  

C11    B10   2.433 0.04639  

 

C12    B10  2.165 0.04506 85 

D1    B11  2.225 0.04037 80 

D2    B11  2.329 0.04479 80 

D3   Sample  AB-C5  4.01 0.02802 80 

D4   Sample  AB-C5  4.916 0.02895 80 

D5  SBG1  Sample  AB-C6  4.241  0.04102  80  

D6  SBG1  Sample  AB-C6  4.055  0.03704  80  

D7  SBG1  Sample  AB-C7  4.255  0.04145  80  

D8  SBG1  Sample  AB-C7  2.742  0.03955  80  

D9  SBG1  Sample  AB-C8  2.41  0.0417  80  

D10  SBG1  Sample  AB-C8  2.743  0.04091  80  

D11  SBG1  Sample  AB-C9  9.662  0.01649  45  



 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample        

 SBG1        

 SBG1        

 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample      80  

 SBG1  Sample      80  
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D12  SBG1  Sample  AB-C9  10.28  0.01811  80  

E1  SBG1  Sample  AB-C10  2.662  0.03338  85  

E2  SBG1  Sample  AB-C10  4.3  0.03069  80  

E3  SBG1  Sample  AB-C11  2.354  0.04376  80  

E4  SBG1  Sample  AB-C11  3.339  0.03858  80  

E5  SBG1  Sample  E5  5.748  0.02751  75  

E6  SBG1  Sample  E5  3.4  0.03965  80  

E7  SBG1  Sample  E6  3.883  0.04215  80  

E8  SBG1  Sample  E6  4.013  0.0375  85  

E9  SBG1  Sample  E7  2.526  0.03377  80  

E10  SBG1  Sample  E7  3.059  0.02478  80  

E11  SBG1  Sample  E8  2.75  0.03334  80  

E12  SBG1  Sample  E8  2.307  0.04163  85  

F1  SBG1  Sample  E9  2.241  0.03742  80  

F2  SBG1  Sample  E9  2.251  0.05169  80  

F3  SBG1  Sample  E10  2.411  0.04566  80  

F4  SBG1  Sample  E10  2.405  0.04623  80  

F5  SBG1  Sample  E11  2.895  0.0425  80  

F6  SBG1  Sample  E11  2.877  0.04992  80  

F7  SBG1  Sample  EC5  3.937  0.03504  85  

F8  SBG1  Sample  EC5  4.445  0.03007  80  

F9  SBG1  Sample  EC6  3.46  0.03066  80  

F10  SBG1  Sample  EC6  3.009  0.03816  80  

F11  SBG1  Sample  EC7  3.366  0.03239  80  

F12  SBG1  Sample  EC7  2.433  0.03883  85  

G1  SBG1  Sample  EC8  6.748  0.01828  80  

G2    EC8  5.948 0.01844 80 

G3    EC9  2.894 0.02488 80 

G4    EC9  3.523 0.03584  

G5    EC10  3.442 0.03494  

 

G6    EC10  3.435 0.03818 80 



 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample        

 SBG1        

 SBG1        

 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample      80  

 SBG1  Sample      80  
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G7    EC11  3.271 0.04147 80 

G8    EC11  2.863 0.04492 80 

G9   Blank  BNK1  5.395 0.03217 80 

G10    Blank  BLNK2  4.639 0.04215 80 

Well / Set  Dye  Content  Description  FWHM  

(-dI/dT 

max)  

Tm 

(dI/dT 

max)  

               

               

A1  SBG1  Standard  STD   2.189  0.03606  80  

A2  SBG1  Standard  STD   2.137  0.05591  80  

A3  SBG1  Standard  STD   2.146  0.06137  80  

A4  SBG1  Standard  STD   2.209  0.04622  80  

A5  SBG1  Standard  STD   2.183  0.06584  80  

A6  SBG1  Standard  STD   2.196  0.06823  80  

A7  SBG1  Standard  STD   2.319  0.08187  80  

A8  SBG1  Standard  STD   2.157  0.05798  80  

A9  SBG1  Standard  STD   2.206  0.05778  80  

A10  SBG1  Standard  STD   5.94  0.04616  75  

A11  SBG1  Sample  F5   2.528  0.04379  80  

A12  SBG1  Sample  F5   7.816  0.01874  50  

B1  SBG1  Sample  F6   2.699  0.02733  85  

B2  SBG1  Sample  F6   3.172  0.03961  80  

B3  SBG1  Sample  F7   3.467  0.03303  80  

B4  SBG1  Sample  F7   3.296  0.03536  80  



 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample        

 SBG1        

 SBG1        

 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample      80  

 SBG1  Sample      80  
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B5  SBG1  Sample  F8   3.863  0.04341  80  

B6  SBG1  Sample  F8   3.604  0.04271  80  

B7  SBG1  Sample  F9   3.779  0.01953  45  

B8  SBG1  Sample  F9   4.703  0.02656  50  

B9  SBG1  Sample  F10   4.315  0.04183  80  

B10  SBG1  Sample  F10   3.767  0.04273  80  

B11  SBG1  Sample  F11   10.07  0.01668  55  

B12  SBG1  Sample  F11   10.37  0.01863  65  

C1  SBG1  Sample  FC5   4.453  0.01611  45  

C2  SBG1  Sample  FC5   4.014  0.02324  45  

C3  SBG1  Sample  FC6   3.116  0.03599  80  

C4    FC6   3.395 0.03654 80 

C5    FC7   5.85 0.01782 65 

C6    FC7   5.586 0.02158  

C7    FC8   4.663 0.04094  



 SBG1  Sample        

 SBG1  Sample        

 SBG1  Sample        

 SBG1        

 SBG1        
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C8    FC8  3.873 0.03759 80 

C9    FC9  4.337 0.03215 80 

C10    FC9  2.937 0.04105 80 

C11   Sample  FC10  5.119 0.0291 80 

C12   Sample  FC10  10.37 0.02612 80 

D1  SBG1  Sample  FC11  2.466  0.04136  80  

D2  SBG1  Sample  FC11  6.228  0.02711  80  

D3  SBG1  Blank  BLK1  5.289  0.0338  80  

D4  SBG1  Blank  BLK1  5.431  0.03641  80  
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      NahAa Only - Above Inclusion Threshold      

   
Average 

E-value  
Average 

Score  

Average  
Sequence 

Length  

Sequences 

Identified  
Total target 

sequences  
Total residues 

searched  
Calculated 

Score  

Inoculum  5.10E-04  41.11  628.90  10.00  5087154.00  4588949636.00  1.37E-06  

A - Heavy  5.25E-04  156.39  1937.29  14.00  303604.00  328202998.00  8.26E-05  

A - Light  7.93E-04  263.09  11018.38  8.00  266076.00  315984858.00  2.79E-04  

B - Heavy  0  1052.60  2755.00  1.00  34008.00  40067438.00  6.88E-05  

B - Light  3.00E-04  155.60  1617.50  2.00  390793.00  387643910.00  8.35E-06  

AB - Control  0  0.00  0.00  0.00  198614.00  163221574.00  0.00E+00  

E - Heavy  0  0.00  0.00  0.00  177865.00  156403400.00  0.00E+00  

E - Light  0  0.00  0.00  0.00  380.00  180468.00  0.00E+00  

E - Control  0  0.00  0.00  0.00  169.00  95570.00  0.00E+00  

F - Heavy  0  0.00  0.00  0.00  228036.00  191805764.00  0.00E+00  

F - Light  0  0.00  0.00  0.00  76544.00  62005404.00  0.00E+00  

F - Control  0.00E+00  0.00  0.00  0.00  154919.00  131661036.00  0.00E+00  
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NahAa Only - Below Inclusion 

Threshold included      

   

Average 

E-value  
Average 

Score  

Average  
Sequence 

Length  

Sequences 

Identified  

Total 

target 

sequences  

Total residues 

searched  
Calculated 

Score  

Inoculum  1.19E+00  26.94  954.80  25.00  5087154.00  4588949636.00  5.20E-06  
A - Heavy  5.57E-01  113.14  76427.92  20.00  303604.00  328202998.00  4.66E-03  

A - Light  2.67E+00  117.01  5370.79  19.00  266076.00  315984858.00  3.23E-04  

B - Heavy  3.975  268.13  1048.50  4.00  34008.00  40067438.00  1.05E-04  

B - Light  1.15E-01  85.48  1074.00  4.00  390793.00  387643910.00  1.11E-05  

AB - Control  0  0.00  0.00  0.00  198614.00  163221574.00  0.00E+00  
E - Heavy  3.83E+00  10.15  397.00  4.00  177865.00  156403400.00  1.02E-05  

E - Light  0  0.00  0.00  0.00  380.00  180468.00  0.00E+00  

E - Control  0  0.00  0.00  0.00  169.00  95570.00  0.00E+00  

F - Heavy  1.50E+00  10.60  325.00  1.00  228036.00  191805764.00  1.69E-06  

F - Light  0  0.00  0.00  0.00  76544.00  62005404.00  0.00E+00  

F - Control  1.30E-01  13.50  369.00  1.00  154919.00  131661036.00  2.80E-06  

Concat - Control  6.28E-01  64.28  2760.40  60.00  8542696.00  8189805998.00  2.02E-05  
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